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Sammendrag
Den globale etterspørselen etter de flerumettede omega-3 fettsyrene EPA og DHA er økende,
og tilgangen på fiskeolje, som er den tradisjonelle kilden til disse fettsyrene, er ikke lenger
tilstrekkelig for å dekke behovet. Dette er primært forårsaket av at de globale fiskeriene ikke
har økt nevneverdig de siste 40 år, samtidig som at etterspørselen etter marine fettsyrer som
ingredienser i fiskefôr og kosttilskudd er mangedoblet i den samme perioden. I tillegg har
humant konsum av de små, pelagiske fiskeslagene som tradisjonelt har gått til produksjon av
fiskeolje økt i takt med økt fangstkvalitet og etterspørsel. Det er derfor nødvendig å finne nye
kilder til marine oljer som ikke øker beskatningen av fisk, og forskere leter i økende grad blant
de lavere trofiske nivåene. Hovedprodusentene av flerumettede fettsyrer i havet er små,
encellede kiselalger, som bruker CO2 og sollys til å vokse gjennom fotosyntese. Disse
organismene kan utnyttes i en kommersiell massedyrking, der CO2 fra industri omdannes til en
verdifull kiselalge-biomasse. Dette kan bidra til å senke behovet for fiskeolje dersom det er
mulig å etablere en økonomisk bærekraftig produksjon.
Hensikten med dette arbeidet har vært å forbedre dagens dyrknings- og
prosesseringsteknologi gjennom tre studier rettet mot produksjon av kiselalger fra kalde
farvann som en kilde til langkjedede omega-3 fettsyrer. Det første studiet undersøkte hvordan
dyrkingstemperatur påvirker vekst og sammensetningen av fettsyrer i en kaldtvanns-kiselalge.
Temperatur påvirket ikke innholdet av EPA og DHA i kiselalgen mellom 2-12°C, dermed
reduseres behovet for temperaturregulering i en massedyrking fokusert mot produksjon av
langkjedede omega-3 fettsyrer. Det neste studiet sammenlignet vanlige konserveringsmetoder
på kiselalgebiomasse, og viste at en moderat varmebehandling effektivt forsinket
kvalitetsforringelse under lagring av fersk biomasse. Dermed kan varmebehandling fungere
som en billig erstatning for de vanlige konserveringsmetodene som ellers brukes på marin
biomasse. Det siste studiet undersøkte i hvilken grad knusing av cellevegger, valg av løsemiddel
og antall ekstraksjoner påvirket utbytte i lipidekstraksjon fra kiselalgebiomasse. I motsetning
til andre typer mikroalger som massedyrkes, viste det seg å være valg av løsemiddel og antall
ekstraksjoner som hadde størst innflytelse på ekstraksjonsutbyttet i kiselalger. Disse funnene
vil føre oss nærmere en industriell massedyrking av kiselalgebiomasse, både gjennom å senke
kostnadene knyttet til dyrking og prosessering, og gjennom økt produktverdi.
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Summary
The global demand for the long-chain omega-3 fatty acids EPA and DHA is increasing, and the
traditional sources of these fatty acids, fish oils, are no longer able to sustain the demand due
to the natural cap on wild fish stocks. This shortage is mainly a result of the surging requirement
of EPA and DHA as ingredients in fish feed for aquaculture, and as dietary supplements for
human consumption. As a result, there is an increased interest towards lower trophic levels as
novel sources of EPA and DHA in an effort to reduce the dependence on wild fish. The main
producers of long-chained omega-3 fatty acids in cold oceans are the single celled diatoms,
which use CO2 and sunlight to grow in the process of photosynthesis. Diatoms can be utilized
as targets of a commercial mass cultivation, where CO2 from industrial processes is converted
to a valuable diatom biomass. This may in turn supplement fish-derived biomass for the
production of EPA and DHA and thereby alleviate the pressure on wild fish stocks, if an
economically viable production can be established.
The purpose of this work was to improve the current cultivation and processing
technology directed towards the production of diatoms as a source of marine long-chain omega3 fatty acids. The first study presented in this thesis investigated the effect of cultivation
temperature on the growth and composition of fatty acids on a cold-water diatom. Temperature
did not affect the content of EPA and DHA in the diatom at temperatures between 2-12°C,
which reduces the necessity of temperature regulation in an industrial cultivation targeted
towards marine omega-3 fatty acids. The second study compared common preservative
treatments on diatom biomass, and showed that a moderate heat treatment effectively reduced
quality loss during storage of fresh biomass. Heat treatment can therefore function as an
inexpensive alternative to preserve diatom biomass. The final study examined to what extent
cell wall disruption, choice of solvent and number of consecutive extractions affected the
product yield in lipid extraction from diatoms. In contrast to other commonly mass cultivated
microalgae, product yield was determined by choice of solvent and number of extractions,
independent of cell disruption. These findings will bring us closer to an industrial cultivation
of diatom biomass, by lowering production costs and increasing product value
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1 Introduction
The global demand for marine lipophilic components as ingredients in feed, dietary
supplements and pharmaceuticals is increasing. The traditional sources of these lipids, fish oils,
are no longer able to sustain the large demand from industry due to the natural cap on fish
stocks, which prevents increased production by reduction fisheries. This shortage is mainly a
result of the surging requirement of the long-chain polyunsaturated fatty acids (LC-PUFA)
eicosapentaenoic acid (EPA, 20:5n-3) and docosahexaenoic acid (DHA, 22:6n-3) as ingredients
in fish feed for aquaculture: From 1990 to 2018, the global capture fisheries production
increased by just 14%, while aquaculture production increased by more than 500% and is now
our main source of fish for human consumption, with a total production of 82.1 million tonnes
in 20181. Fed aquaculture is responsible for the largest increase in fish production, and this
sector alone consumes 75% of the annual fish oil production of approximately 1 million tonnes2.
The consumer demand and production quality of conventional fisheries has also improved with
the advancement of preservation technologies. Consequently, the amount of fish utilized for
human consumption has risen from 67% in the 1960s to 88% in 2018, and species which have
traditionally been used to produce fish oil are now increasingly consumed by humans directly1.
In addition, commonly used species such anchovies, sardines and menhaden, are keystone
species in marine food webs, and the continued reliance on these species in the production of
fish oil and fishmeal has raised concerns over the sustainability of fish-fed aquaculture.
Currently, no substitutes for fish oil exist in large enough quantities to cover the demand, and
industries are to an increasing degree managing the shortage of marine biomass by increasing
their inclusion of oils from terrestrial products such as soy or rapeseed.
As a result, there is an increased interest towards lower trophic levels as novel sources
of marine lipids. In this respect, photoautotrophic diatoms from the marine environment are
obvious candidates for mass cultivation focused on production of marine lipids, due to their
ability to rapidly accumulate biomass through photosynthesis without consuming organic
carbon or competing with conventional food crops for land. Compared to land plants, diatoms
achieve higher growth rates and area efficiencies3, and their lipid composition more closely
resembles that of marine fish, with high abundances of LC-PUFAs4,5. Diatom biomass may
therefore supplement conventional fish-derived biomass for human or animal consumption and
thereby alleviate the pressure on wild fish stocks. Furthermore, the diatom lipidome displays a
high degree of plasticity in response to variations in growth conditions such as temperature6,7,
irradiance8,9 and inorganic nutrients10,11, and by controlling the growth environment, cultivation
6

can be targeted toward specific lipids, pigments or fatty acids. If coupled with fossil-based
industries, cultivation of diatoms can also convert waste CO2 from industrial processes into a
valuable biomass, thereby increasing the sustainability of food and feed production.
Despite the beneficial attributes of diatoms as targets for mass cultivation of bulk
biomass, a number of challenges remain before an economically feasible production can be
established. These are primarily associated with the high capital costs of establishing necessary
infrastructure, as well as the upkeep required to maintain large-scale cultivations. In addition,
once cultivation has been established, the dilute nature of microalgal cultures in general
necessitates extensive downstream processing associated with harvesting and dewatering the
biomass. Ultimately, diatom biomass cannot compete as a replacement for low-cost marine
products in e.g. fish feed at the current technological level. The successful commercialization
of diatom biomass, either as a substitute for other marine components or as a novel product,
will require lowering production costs while also increasing the product value by tailoring
production towards specific market requirements. This thesis seeks to bring us closer to an
industrial production of diatom biomass as a source of marine LC-PUFA.
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2 Aims
This thesis is centered around lipids in the marine diatom Porosira glacialis, and addresses
specific aspects of cultivation, preservation and processing of diatom biomass. The overarching
goal of this work was to bring us closer to an industrial cultivation of P. glacialis as a source
of marine lipids, by decreasing production costs and increasing product value in mass
cultivation of diatoms.
First, the effect of temperature on growth, total lipid content and fatty acid composition of
P. glacialis was studied, with the aim of identifying the specific fatty acids responsible for
maintaining membrane thermostability in P. glacialis, and optimizing cultivation towards the
production of LC-PUFA (Paper I). Second, three preservative treatments were tested on wet
biomass of P. glacialis, including a novel heat treatment, with the aim of developing an
inexpensive method for preserving fresh biomass that ensures high and consistent quality of
lipids during prolonged storage (Paper II). Finally, in an effort to establish a method for lipid
extraction tailored towards diatoms, the effect of cell disruption, solvent choice and number of
extractions were tested on the lipid yield from biomass of the two diatoms P. glacialis and
Odontella aurita, and the green algae Chlorella vulgaris (Paper III).
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3 Background
3.1 Diatoms
Diatoms are primary producers in all aquatic
environments and represent the largest group within the
microalgae. More than 12000 species have been
described, and estimations place the total number of
species between 20,000-100,00012,13. Diatoms vary in
size from 2 µm to 2 mm, and while they are single celled
organisms, many species form colonies in which the
cells associate with one another in chains. Diatoms are
characterized by their cell wall, which is comprised of
a bipartite frustule consisting of two valves, or thecae.
The shape of the thecae varies, but they are almost
always heterovalvate; i.e. one valve is larger than the
other. The largest of these, the epitheca, partially
overlaps with the smaller hypotheca like the lid of a
shoebox. During vegetative reproduction (binary
fission), the frustules of the parent cell becomes the new
epitheca of two daughter cells. As the cell prepares to
divide, new hypotheca are created in segments within a
specialized compartment known as the Silica deposition
vesicle (SDV) of the parent cell14. This asexual mode of

Figure 1: The radial centric diatom
reproduction reduces the cell size of one cell for each Coscinodiscus sp. (top), the polar
centric diatom Odontella aurita
generation, and as a result binary fission can typically
(middle) and a chain of the pennate
only occur until the cell size is about one third of the diatom
Navicula
vanhoeffeni
(bottom). Photo credit: Jon B.
original size. At this point diatoms may employ
Svenning
(top),
Richard
A.
auxospore formation, either vegetatively or as a result Ingebrigtsen (middle) and Gunilla K.
Eriksen (bottom).
of sexual reproduction by gametogenesis, to produce a
new cell of the original size.
All algae and higher plants are believed to have originated from cyanobacteria in a
process called endosymbiosis, in which a non-photosynthetic eukaryote (the exosymbiont, or
host cell), engulfed a cyanobacterium (the endosymbiont), thereby acquiring the ability to
9

photosynthesize15. Diatoms are members of the eukaryotic line named Heterokonts or
Stramenopiles, which is defined by a motile life cycle stage in which the flagellated cells
possess two unequal flagella. The group primarily includes other algae such as the golden algae
(Chrysophyta) and the brown seaweeds (Phaeophyta), but also a multitude of heterotrophic
microorganisms. The genomic background of Stramenopiles indicates a red algal-derived
chloroplast, driven by green algal genes encoded in the nucleus. The Stramenopiles are
therefore thought to be the result of a secondary endosymbiosis involving a red algal ancestor
approximately 700-1200 million years ago, preceded by a green algal endosymbiont. The exact
emergence of diatoms into the fossil record from this group is still debated, however, their rise
to prominence occurred after the fragmentation of the supercontinent Pangea, in the Cretaceous
period that began around 250 million years ago16. As a result of their complex evolutionary
history, the nuclear genome of diatoms is a mix of genes from animal and green/red algal origin,
and also includes a significant number of bacterial genes probably obtained through horizontal
gene transfer11. Consequently, diatoms are incredibly diverse despite being one of the youngest
algal groups, and marine planktonic diatoms alone represent an estimated 4748 operational
taxonomic units (OTUs)17.
The traditional taxonomic classification of diatoms separates between the bilaterally
symmetrical pennate diatoms, and the radially symmetrical centric diatoms. These definitions
are still in use as structural descriptions, however, phylogenetic methods have revealed that
neither of these morphological characteristics define monophyletic groups. New classifications
based on phylogenetics have been suggested, such as the “CMB-hypothesis” based on the
nuclear-encoded SSU rDNA gene18. This system further separates the centric diatoms into two
classes, resulting in the radial centrics Coscinodiscophyceae, the polar centrics Mediophyceae
and the bilaterally symmetrical (pennate) diatoms Bacillariophyceae, see Figure 1. The CMB
hypothesis is used by AlgaeBase and is probably the most commonly used system to classify
diatoms today, however, it is not universally accepted; analyses of similar data sets and
reanalysis of data in support of the CMB-hypothesis has returned incongruent results19. The
relationship between the major diatom groups is therefore still uncertain, due to the limitations
of

morphology-based

phylogeny

and

single-gene

phylogenetics

for

determining

monophylogeny20. Future research based on complete genome phylogeny, such as the JGIproject “100 diatom genomes” which aims to sequence the genome of 100 diatom species21,
will hopefully result in a more conclusive phylogeny.
The ecological success of diatoms is evident from their presence in virtually all wet
environments, including oceans, lakes, hypersaline lakes22, hot springs23, wetlands and soil24.
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Their ability to thrive in such highly diverging habitats has been attributed to their unique
physiology among the microalgae. First, diatoms, unlike other phytoplankton, are equipped
with large intracellular vacuoles that they use to concentrate and store inorganic nutrients25.
This characteristic gives diatoms a benefit in environments where inorganic nutrients enter the
epipelagic zone periodically, and they are the main primary producers and carbon exporters in
highly productive areas such as well mixed-coastal and upwelling regions. Secondly, the diatom
frustule is not only energetically cheap to synthesize compared to organic cell walls26, it also
allows for efficient CO2-concentrating mechanisms (CCMs). These function by coupling the
highly permeable membranes with active transport of CO2 across the cytoplasm into the
chloroplasts, thereby accumulating inorganic carbon to concentrations much higher than those
found in the surrounding medium27 and saturating CO2 fixation at the site of RuBisCO28. This
mechanism is probably highly energetically demanding29, and studies have found that
increasing the CO2 levels in both natural and artificial systems can increase primary production
independently of other growth factors. This implies that CO2 is a limiting factor at ambient
concentrations (10 µM), even in nutrient-poor waters, and that the rate of atmospheric CO2
diffusion to water is insufficient to maintain high productivity30-32.
Estimations using satellite measurements of surface chlorophyll have placed the
contribution of microphytoplankton, which is primarily composed of diatoms, at 50% of the
net photosynthesis in temperate and sub-polar regions, and 70% of the net primary production
in coastal upwelling systems during the spring-summer season33. The majority of the annual
production of diatoms in these areas occurs during spring, in a rapid growth event known as the
spring bloom34. This phenomenon is a culmination of three factors; Firstly, during winter, the
water is mixed by the stormy weather, which regenerates the inorganic nutrients in the water
column. Secondly, the arriving spring calms the weather that in combination with the warming
temperature leads to a stratification in which the water column is divided into layers that do not
mix. Finally, with the retuning light, stratification traps the phytoplankton in the euphotic zone,
where net production (photosynthesis) exceeds loss by respiration. The scale of the spring
bloom can be measured by the autofluorescent emissions from chlorophyll. The largest of these
blooms, the North Atlantic spring bloom, propagates northwards at speeds of 20 km day-1 and

11

extends for distances of more than 2000
km during its relatively short lifetime35,
making it one of the largest greening
events observed on planet earth.
Once initiated, the spring bloom
increases

exponentially

until

the

inorganic nutrients in the water have been
exhausted. In diatoms, cell division is
driven by the availability of light,
dissolved

CO2,

and

the

inorganic

nutrients nitrogen (NO3- and NH4+),
phosphate (PO43-), silicic acid (Si(OH)4)
and iron (Fe3+)36. Trace metals such as
Zn, Mn, Cu, Ni and Co may also
influence cellular processes and thereby
growth, but less directly37. Temperature
is

not

a

dominating

drive

of

phytoplankton growth, although different
species display different optimum growth
temperatures38,39. The limiting nutrient
for diatoms in the Arctic is usually
Figure 2: A bloom of Coccolithophores off the coast of
Northern Norway on July 6, 2016. Photo credit: NASA
is approximately 1 µmol when the spring Earth Observatory.
nitrogen, and the concentration of nitrate
bloom ends40. As the spring progresses
into summer and fall, nutrient regeneration in the water column by e.g. fresh water runoff and
the microbial loop leads to more blooms, where diatoms reemerge whenever conditions become
favorable41. Figure 2 shows a typical summer bloom of a calcareous Coccolithophore, most
likely Emiliania huxleyi, off the coast of Northern Norway.

3.2 Diatom lipids
The lipochemistry of diatoms has been extensively studied due to their importance as primary
producers of organic carbon in marine ecosystems, and for their potential for biotechnology,
primarily as a source of neutral lipids for the production of biodiesel. The structural
12

lipochemistry of diatoms is characterized by polar glycerolipids that regulate the structure and
function of intracellular membranes. The composition and organization of these lipids is
differentially allocated among the subcellular compartments, which underlines their importance
as both structural and functional molecules. The non-photosynthetic, or extra-chloroplastic
membranes of diatoms primarily incorporate phospholipids, with phosphatidylcholine (PC),
phosphatidylethanolamine (PE), phosphatidylserine (PS) and phosphatidylinositol (PI) as
major constituents. The structure and function of these membranes is highly conserved across
the eukaryote kingdoms, however, diatoms and other microalgae may substitute structural
phospholipids with non-phosphorous betaine lipids during phosphate limitation42. These lipids
are found naturally in lower eukaryotic organisms such as algae, cyanobacteria and fungi, but
not in higher plants. Betaine lipids are similar to phospholipids in structure, but instead of an
ester-bound phosphate head group, betaine lipids bind an ether-linked quaternary amine alcohol
moiety at the sn-3 position. Both diacylglyceryl-hydroxymethyl-N,N,N-trimethyl-beta-alanine
(DGTA) and diacylglyceryl-carboxyhydroxymethylcholine (DGCC) have been identified in
diatoms43. In addition to reducing the phosphate quota of diatoms, recent studies from the
heterokont Nannochloropsis oceanica also indicate that betaine lipids have important functions
in adaptations to low temperatures44. Diatoms also synthesize a large variety of sterols with
important functions as structural components and precursors of signaling molecules45. These
include phytosterols such as brassicasterol and 24-methylene cholesterol, but also sterols
commonly associated with both fungi and animals such as clionasterol, cholesterol and
desmosterol46.
The lipid composition of the thylakoid membranes within the chloroplasts is highly
conserved among oxygenic phototrophs, and distinguished from non-photosynthetic
membranes by incorporating a large ratio of the glycolipids monogalactosyldiacylglycerol
(MGDG) and digalactosyldiacylglycerol (DGDG), accounting for approximately 80 mol% of
the

total

thylakoid

lipids47.

The

remainder

is

made

up

of

the

sulfolipid

sulfoquinovosyldiacylglycerol (SQDG), and the phospholipid phosphatidylglycerol (PG), each
accounting for approximately 10 mol%. MGDG and DGDG are both neutral lipids with polar
head groups, however, while DGDG tends to form a bilayer in aqueous phase, MGDG is a nonbilayer forming lipid48. The ratio of each therefore strongly affects the phase behavior of the
thylakoid membrane, and the stability of the embedded protein-pigment complexes. The
thylakoid lipids also function as structural molecules in both photosystem I and II, as well as
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the light harvesting complexes, where they
contribute

to

the

electron

transport

processes47. The function of these lipids is
therefore closely
photosynthetic

interlinked
capability

with the
of

the

chloroplasts, which rely on lipophilic
pigments to capture light energy. The
principal light-harvesting pigment profile of
diatoms

consists

of

chlorophyll

a,

chlorophyll c and fucoxanthin, that combine
to form the fucoxanthin chlorophyll proteincomplexes (FCP) within the thylakoid
membranes. These are present in both
photosystem I and II in different forms
unique to diatoms49. Besides fucoxanthin,
the main carotenoids in diatoms are bcarotene and the xanothophylls (oxygenated
carotenes)

diatoxanthin,

zeaxanthin,

diadinoxanthin,

violaxanthin

and

antheraxanthin50.

Figure 3: Lipid accumulation visualized by
The main energy storage lipid in Nile Red staining of Coscinodiscus sp.,
diatoms are triacylglycerols (TAG), that showing chloroplasts (red) and lipid droplets
(yellow) in cells incubated for 1 week (top)
aggregate in numerous spherical lipid and 8 weeks (bottom) in Guillard’s F/10
droplets or oil bodies within the cytoplasm growth medium. Modified from Svenning
(2014)52.
51,52
of the cell
. These droplets are dynamic
organelles that function as a reversible storage of energy in response to the carbon allocation of
the cell (See Figure 3). Diatoms also store energy as the carbohydrate chrysolaminarin,
however, production of TAG is favored during nutrient limitation. Thus, during growth
limitation, carbon is primarily allocated as neutral storage lipid within the lipid droplets,
accompanied by a decrease in polar membrane lipids53. This shift in carbon allocation has two
main functions. Initially, the shift towards storage energy functions as an energy sink when
irradiance can no longer be used to produce biomolecules containing the limited nutrients, in
order to dissipate the energy generated through photosynthesis54. In addition, as the algae enters
the stationary phase, the photosynthetic apparatus is converted to storage lipid in order to
14

preserve energy for periods when inorganic nutrients become available again, and binary fission
can continue.
The fatty acid composition of diatoms is distinguished from other microalgal groups
and characterized by a predominance of 14:0, 16:0, 16:1n-7 and the polyunsaturated fatty acids
(PUFA) 16:2n-4, 16:3n-3, 16:4n-1 and 20:5n-355,56. Some diatoms may also incorporate
substantial amounts of 18:4n-3 and 22:6n-3, although these fatty acids are not considered
reliable markers for diatoms in general, and listed as non-diatom fatty acids in earlier studies
of natural phytoplankton communities4,57. Other fatty acids such as 18:0, 18:1n-7, 18:2n-6,
18:3n-3, 20:4n-6 are frequently present, but usually in low concentrations4,55. Biosynthesis of
fatty acids in diatoms via the substrate malonyl-CoA (Carboxylated acetyl-CoA) produces
palmitic acid (16:0) through a series of enzyme catalyzed reactions58. Further conversion of
palmitic acid occurs via the action of desaturases, that catalyze the addition of double bonds at
specific positions of the acyl chain, and elongases, that catalyze the extension of the carbon
chain, both of which may be specific for the species and cellular compartments in which they
are localized59,60 (See Figure 4). In diatoms and other microalgae, LC-PUFA biosynthesis is
initiated by Δ12 desaturation of 18:1n-9 to 18:2n-6, commonly known as linoleic acid, and its
subsequent desaturation to 18:3n-3, or α-Linolenic acid, by Δ15 desaturase.

Figure 4: Fatty acid synthesis in diatoms, retrieved from Remize et al., 202058.
15

Linoleic acid and α-Linolenic acid act as precursors for n-6 or n-3 LC-PUFAs by further
desaturation and elongation. The pathways for EPA and DHA synthesis displayed in Figure 4
were until recently believed distinct to marine phytoplankton as well as a limited selection of
heterotrophic marine microbes, however, a recent functional characterization of desaturates
from marine invertebrates have revealed that de novo synthesis of n-3 LC-PUFA is also
prevalent in marine invertebrates61.

3.3 Microalgae in science and industry
The first credited observation of microalgae was by Antonie van Leeuwemhoek in the 1670’s,
who observed “animacules” in his home-made microscope from water samples that he had
collected. It would take more than 200 years before Martinus Beijerinck became the first person
to successfully cultivate a unialgal culture of microalgae (C. vulgaris) in 1890, which set off
future studies on microalgal physiology as model organisms for plants62. Spurred by findings
such as high growth rates and the possibility of manipulating their nutritional composition63,
serious efforts to mass cultivate microalgae began in the 1940’s in Stanford, Essen and Tokyo.
Initially, mass culturing microalgae were studied as a potential source of food, due to their high
protein content and digestibility64. Scientists saw the need for alternative food sources for the
long-term planning of an ever-expanding world population, and as a source of protein in areas
where food production was limited by the large area requirement of conventional farms. The
first pilot plant was constructed in 1951 for the Carnegie institution, which produced
approximately 50 kgs of dry Chlorella biomass and showed that a large-scale production was
possible. The 60s, 70s and 80s saw the rise of commercial scale plants for production of
Chlorella, Arthrospira and Dunaliella salina, respectively, and cultivation of diatoms as live
feed for the rearing of invertebrates62. Modern cultivation techniques can be traced back to
those early days of microalgal cultivation, with pioneers such as Warburg, Burlew and Guillard
laying the foundation for today’s commercial production. Scientific studies have since then
proposed numerous uses for microalgae and their metabolites, for example gas exchangers for
space travel65; food and feed for human and animal consumption66,67; lipids for production of
biodiesel68,69; production of the marine omega-3 fatty acids EPA and DHA as dietary
supplements70 or for aquaculture feed71; polysaccharides for the pharmaceutical industry72 and
for production of bioethanol73; production of phycobiliproteins, carotenoids and other
pigments74, and production of recombinant proteins75. Although thousands of species have been
screened for these and other uses in scientific studies and projects, such as the Aquatic Species
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Program in the US which screened more than 3000 strains of microalgae for the production of
biodiesel3, very few species have been produced commercially. This is primarily a result of the
high costs associated with cultivation and processing of the algal biomass, which prevents the
production of low-cost secondary products76.
By the early 2000s microalgae were cultivated as food for human and feed for animal
consumption, as well as the production of valuable biomolecules for pharmaceuticals and
cosmetics, and the total annual production exceeded 5000 tonnes of dry matter per year77. The
following years mark the beginning of a period nicknamed the “biofuel bubble”, in which the
interest in microalgae as a feedstock for biofuels was renewed. Motivated by the increased
focus on climate change and rising prices of crude oil, biofuels from microalgae were projected
to replace fossil fuels. Despite massive efforts and investments to find suitable strains and
culturing techniques, develop efficient bioreactors and lower the processing costs, no company
has yet been able to produce microalgal-derived biofuels at competitive costs. The majority of
these companies no longer exist, and those that still operate have adapted to other markets such
as nutraceuticals. A notable example is the American based company Aurora algae, that after
spending an approximate $100 million on R&D with a test plant located in North-Western
Australia, ended up auctioning away their entire harvest of 40 tonnes of Nannochloropsis on
Ebay at an asking price of $25078. In the shadow of biofuels, however, other markets for
microalgae have continued to expand, and companies such as Cyanotech in Hawaii and
Fitoplancton Marino in Spain have established strong footholds in aquaculture, cosmetics and
nutraceuticals.
The interest in commercial production of photoautotrophic microalgae primarily stems
from their potentially very high growth rates and area efficiencies, which can be exploited to
rapidly produce large amounts of biomass, combined with their potential to convert CO2 and
other waste products into valuable forms of organic carbon through photosynthesis. The main
bulk of today’s microalgal production is limited to the green algae (Chlorophyta) C. vulgaris,
Dunaliella salina and Haematococcus pluvialis. C. vulgaris is primarily marketed and sold as
a nutraceutical for human consumption, and the total production of this algae alone surpasses
80,000 tonnes of dry weight/year1. D. salina is a halophile microalga with a large capacity to
produce photoprotective pigments, and is cultivated commercially for the production of bcarotene for the food and pharmaceutical industry79. H. pluvialis is cultivated for its high
content of the red pigment astaxanthin, which is used in aquaculture feed and cosmetics80. In
addition to these species, some microalgae such as Phaeodactylum tricornutum, Nitzschia
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closterium, Chaetoceros muelleri, Isochrysis galbana and Platymonas helgolandica are
cultivated as live feed for shrimp and bivavle larvae in aquaculture81.
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4 Current

commercial

production

of

photoautotrophic

microalgae – cultivation, harvesting and processing
4.1 Cultivation
Modern production of photoautotrophic microalgae relies on small-celled species, cultivated in
photobioreactors with large surface area to volume ratios. The different types of
photobioreactors (PBRs) that have been developed to cultivate microalgae vary greatly in shape
and volume, and can be either open to the environment (open PBRs) or closed to the
environment (closed PBRs). The simplest form of open PBRs are modified lakes or open ponds,
such as the Hutt Lagoon in Western Australia used to cultivate D. salina. The advantage of the
open PBRs is the low costs associated with upkeep, however, as these systems are exposed to
the environment, they are limited to species that prefer highly selective growth conditions in
order to avoid contamination by other microorganisms. Due to the severely limited control of
the growth environment when cultivating in this way, growth rates are often low compared to
theoretical maxima82. The raceway pond, which is a shallow artificial pond in the shape of an
oval, adds a layer of control through one or more paddle wheels that provide continuous
circulation of the algal culture to increase production (See Figure 5). Raceway ponds are
primarily used to cultivate the cyanobacteria Arthrospira sp. (also known as spirulina) for
human consumption and H. pluvialis for the production of astaxanthin.

Figure 5: Cultivation of microalgae in race-way ponds. Photo credit: Cyanotech corporation.
Reproduced with permission.
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The closed PBRs enclose the microalgal culture within a container made of a transparent
material such as glass, plexiglass, acrylic PVC or polyethylene and are usually smaller in
volume compared to open reactors82. This results in a higher degree of control of the growth
environment, which enables optimization of the abiotic growth factors within the culture.
Closed PBRs can therefore facilitate higher growth rates and cell densities compared to the
open PBRs83. In addition, because the culture is isolated from the surrounding environment,
closed PBRs can be used to cultivate species that do not grow in highly selective environments,
and are vulnerable to contaminations from other microorganisms or variations in abiotic factors.
However, the inherently low volume of closed PBRs means that high productivity per unit area
can only be achieved by increasing cell densities and growth rates to much higher levels than
those found in natural systems. This is cost intensive due to the large requirements of inorganic
nutrients, CO2 and irradiance when cultivating in this way. Numerous types of closed PBRs
have been developed, with different strategies for culture mixing, illumination, up-scaling, and
harvesting, all of which can be loosely grouped by their reactor design62,82,84. The main types
of closed PBRs are the tubular, column, flat panel and plastic bag PBRs. The tubular PBRs
consists of cylindrical vessels such as glass tubes where irradiance is absorbed, and a degasserunit in which oxygen is removed (See Figure 6). Tubular PBRs are usually organized
horizontally and illuminated by natural light, and water circulation is achieved by means of an
impulsion device (such as a mechanical pump). Although the diameter of the tube is limited by
the light depth of the culture, the total volume of a reactor can be increased by adding units
together in repeating loops in which the water flow is interlinked between units. The world’s
largest tubular photobioreactor is probably the one operated by Roquette Klötze GmbH & Co.
KG in Germany, which consists of 20 individual modules with a total volume of 700 m3 and a
total length of 500 km.
The column, flat panel and plastic bag PBRs are organized as single unit reactors in
which all cell processes as well as heat and gas exchange occur in the same unit. Mixing is
usually achieved by bubbling air enriched with CO2 into the culture. The volume of these units
is limited by of the necessity of maintaining a large surface area to volume ratio to ensure
sufficient light availability, as well as the water-pressure tolerance of the materials which sets
a maximum threshold for the height of the reactors. The main limitation to the closed singleunit PBRs is therefore upscaling, and the high costs associated with infrastructure, cleaning,
water filtration, labor and energy have largely prevented the large-scale industrial application
of closed PBRs for autotrophic cultivation76,85. Today, closed single-unit PBRs in the form of
column- and plastic bag reactors are used to cultivate microalgae as live feed in shrimp
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hatcheries and in the raising of bivalves86, while tubular PBRs are used to produce C. vulgaris
for human consumption.

Figure 6: Cultivation of microalgae in glass tubes. Photo credit: Ecoduna AG. Reproduced with
permission.

4.2 Harvesting
Harvesting or dewatering microalgae from a culture involves separating the microalgal cells
from their growth medium. There are several technical challenges associated with dewatering
microalgal biomass, originating in the physical properties of the microalgal culture. These
include the small size of microalgal cells, the small density difference between cells and culture
medium, the low biomass concentration necessary for sufficient light penetration, the necessity
for frequent harvesting due to high growth rates, and the negatively charged surface potential
of microalgal cells which inhibits aggregation87. In its simplest form, harvesting can be
performed by gravity filtration through a semipermeable membrane that collects the algal
biomass. The process can be sped up by applying pressure on either side of the filter, however,
filtration is generally considered a slow and laborious method for collecting microalgal
biomass, due to the requirement of finely meshed filters that clog rapidly. Harvesting can be
greatly sped up in a centrifuge. These function by separating the biomass from the surrounding
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medium by centrifugal force. Examples of commonly used centrifuges in microalgal cultivation
are decanter centrifuges, which decants the liquid media from the solid microalgae in a
horizontal bowl, and disc stack centrifuges, which uses stacks of thin metal discs to split the
mixture into layers and thereby reduce the sedimentation path of the cells. Centrifuges can be
designed for either continuous or batch operation. In continuous centrifuges, both the liquid
stream and product are discharged during operation so that the centrifuge can be operated nonstop. In batch centrifuges, the product accumulates inside the bowl of the centrifuge, and can
only be collected by stopping the centrifuge.
Harvesting by centrifugation is characterized by high recovery rates; however,
operational costs such as maintenance and energy consumption are generally high due to the
relative diluteness of microalgal cultures88. A major factor in lowering harvesting costs is
therefore to decrease the total volume that needs to be centrifuged, without sacrificing yield.
For example, consider a culture of C. vulgaris with a dry-weight content of 0.1%, which
corresponds to 1 g of dry algal biomass per L of seawater. During harvesting, conventional
centrifugation can remove 99% of this water, to produce a microalgal slurry with a dry weight
content of 10%. In other words, for every 1000 liters harvested from this culture, 10 liters of
microalgal slurry containing 1 kg of dry microalgal biomass is produced. This slurry still has a
water content of 90%, most of which must be removed for further processing into e.g. dietary
supplements. Methods such as filtration, flocculation, sedimentation and flotation can
contribute to this end in two-stage processes by drastically decreasing the total volume to be
centrifuged, however, these methods have other disadvantages such as clogging, limited
throughput, low recovery rates and are generally time consuming. Large scale harvesting of H.
pluvialis for the production of astaxanthin normally use passive sedimentation in combination
with centrifugation to collect the biomass before it is processed further89. Harvesting remains
one of the most challenging issues in microalgal cultivation and represents a major cost in
industrial production, and scientific studies regularly report harvesting costs at 20-30% of the
total costs of cultivation90.

4.3 Processing
Once harvested, microalgal biomass is subjected to different treatments depending on the end
product. Initially, the biomass is usually subjected to a drying step where most of the water is
removed from the biomass. Common drying methods for microalgae include freeze drying,
spray drying, drum drying and air drying, and the ultimate choice of drying method depends
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strongly on its cost and effect on the desired product91. Dehydrating biomass has several
benefits, such as greatly increasing the shelf-life of the product by inhibiting the action of the
microorganisms and enzymes that cause spoilage, as well as facilitating product extractions by
weakening the integrity of the individual cells92. Dry biomass is also less energy-intensive to
store and transport.
The main bulk of industrially produced microalgae is either spray- or freeze-dried, and
sold as whole biomass for human consumption, or as a wet paste for inclusion in animal feeds.
Freeze drying removes water by sublimation at low temperatures without affecting non-volatile
compounds, and is therefore the optimal method in the objective of preserving the nutritional
quality of the end product93. Spray drying, which applies liquid atomization in a heated chamber
to rapidly dehydrate biomass, offers higher throughput but may damage heat-labile compounds.
Both of these methods are energetically costly and are primarily used in laboratory settings and
for high-cost products such as dietary supplements. In cultivations of green algae for the
extraction of valuable biomolecules, the presence of polysaccharides such as sporopollenin in
the cell walls creates an effective barrier that prevent the release of e.g. pigments94,95. For this
reason, cell disruption prior to extraction is frequently performed in order to increase the
product recovery from commonly mass-cultivated species96. Current commercial scale
cultivations of H. pluvialis for the production of astaxanthin employ mechanical processes such
as bead milling or expeller pressing for this purpose, due to their reliability and simple
operation89. More sophisticated methods such as microwave- or ultrasound-assisted extraction
can be more effective97, however, the increased effect is largely countermanded by their
increased energy expenditure and capital costs. Following cell disruption, pigments are
extracted as oleoresins (a mixture of different compounds with shared solubility), either by
traditional solvent extraction using a suitable organic solvent such as acetone, or by
supercritical fluid extraction using CO2 as the solvent98. While initially more expensive due to
its high capital costs and energy expenditure, supercritical fluid extraction offers several
benefits over conventional solvent extractions such as higher selectivity and throughput, as well
as lower solvent toxicity and environmental impact99.
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5 Main results and general discussion
This thesis is centered around different aspects of lipid chemistry in a mass-cultivated
psychrophilic diatom, and includes three papers addressing the aims presented in the
introduction. Paper I presents a study on the effect of temperature on growth, total lipid content
and fatty acid composition of Porosira glacialis cultivated in column photobioreactors, with
the intention of evaluating the potential of this diatom as a source of marine LC-PUFA. In
Paper II, three preservative treatments for increasing the storage stability of lipids in biomass
of P. glacialis were compared and evaluated as inexpensive alternatives in an industrial diatom
production. Finally, Paper III presents a study on the effect of cell disruption and choice of
organic solvent on the lipid yield in conventional solvent extractions, on biomass from the
diatoms P. glacialis and Odontella aurita, and the green algae C. vulgaris.

5.1 PUFA production in P. glacialis
The commercial interest in diatoms from cold areas as a novel source of marine lipids primarily
stems from their consistently high content of LC-PUFAs, as demonstrated by45,57,100. The Arctic
diatom Porosira glacialis is no exception, and the studies presented in this thesis collectively
demonstrate its high PUFA content, primarily in the form of EPA, when harvested in the
exponential growth phase. Paper II and III also include analyses of lipid classes in P. glacialis,
which show a preference for complex structural lipids (MDGDG, DGDG, PG, PC) when
harvested in the exponential growth phase. EPA and other LC-PUFAs are differentially
allocated among lipid classes in living organisms. As a general rule among diatoms, LC-PUFAs
are associated with the glycolipids of the thylakoid membrane, where they are thought to
contribute to the photosynthetic function of the chloroplasts by stabilizing membrane proteins,
as well as membrane phospholipids and betaine lipids6,58,101. TAGs show a preference for shortor medium chain fatty acids, however, LC-PUFA can also be directed to TAG under nutrient
stress58. There are many exceptions to this rule, and the results from Paper III indicate a
homogenous distribution of fatty acids among the lipid classes of P. glacialis, as the large
differences observed in the composition of lipid classes depending on solvent were not reflected
in the fatty acid compositions. The temporal requirement of specific fatty acids in diatom cells
is regulated by environmental factors, of which temperature is of central importance due to its
effect on the phase transition of cellular membranes. In an industrial cultivation of diatoms, it
is therefore important to determine to what extent temperature regulates the composition of
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fatty acids, in order to optimize cultivation towards the production of LC-PUFA. In Paper I,
P. glacialis was cultivated at 5 different temperatures, from -2 to 12°C, to study the effect of
temperature on fatty acid allocation. Diatoms maintain membrane function in response to
variations in temperature by regulating the composition of fatty acids bound to structural lipids,
and both the total lipid content and degree of unsaturation of these lipids is typically negatively
correlated with temperature6,102,103. A similar trend was observed in our results as an increase
in total lipid and the PUFAs 18:4 and 16:4 with decreasing temperature, and a decrease in the
contribution of 16:3 (Table 1). Our results therefore indicate that C16 and C18 polyunsaturates
modulate membrane thermostability in response to temperature changes in P. glacialis. In
diatoms, 16:4 biosynthesis is driven by a methyl-end Δ15 desaturase, which converts the
precursor 16:3n-4 to 16:4n-1 as the final product of a C16-PUFA pathway60. It seems likely
that the expression of Δ15 desaturase is negatively correlated with temperature in P. glacialis,
resulting in the opposite response of 16:3 and 16:4 to changes in temperature. This may also
explain the increased contribution of 18:4 at lower temperatures, as Δ15-desaturase is also
active in the synthesis of 18:4n-3 via 18:3n-6 and 18:3n-3. Neither of these precursors make
significant contributions to the fatty acid composition of P. glacialis, nor do they display any
clear dependency of temperature in our results. However, their low abundance also at higher
temperatures could be a result of their conversion to LC-PUFA through the n-6 pathway, which
is independent of Δ15-desaturase.
Table 1: The relative fatty acid composition (%) of Porosira glacialis at 5 different cultivation
temperatures. Data shown are averages of replicates ± SD, n=3. TR=Trace values. Adapted
from Paper I.
Fatty acid
14:0
16:0
16:1
16:2
16:3
16:4
18:0
18:1
18:2
18:3
18:4
20:5
22:6
24:0

-2°C
3.7
5.3
8.7
2.1
8.6
14.4
0.2
0.2
0.3
1.2
10.1
40.4
4.9
TR

2°C
4.4
7.3
12.8
2.7
8.3
14.8
0.7
0.3
0.1
1.8
9.6
32.6
4.5
0.2

4°C
5.7
8.0
10.3
2.7
16.5
10.5
0.9
0.4
0.1
1.8
6.5
31.4
4.9
0.3

8°C
7.3
7.2
11.6
4.0
19.8
4.9
0.7
0.4
0.3
1.7
5.3
31.0
5.5
0.3

12°C
7.8
7.4
11.6
4.7
16.3
4.8
1.0
0.3
0.3
1.8
3.9
33.8
6.0
0.4
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The observed temperature effect in P. glacialis did not extend to the LC-PUFAs at temperatures
above -2°C. Instead, the relative content of both 20:5n-3 (EPA) and 22:6n-3 (DHA) increased
slightly from 2 to 12°C, indicating that these fatty acids have critical cellular functions beyond
thermostability in P. glacialis. The strong reliance on PUFA as a characteristic of cold-adapted
diatoms is clearly demonstrated in Paper III, which includes the fatty acid composition of P.
glacialis and commercially acquired biomass of two mesophilic species, the polar centric
diatom O. aurita and the green algae C. vulgaris. The fatty acid composition of the two
mesophiles were characteristic of their respective classes; O. aurita contained primarily 14:0,
16:0, 16:1n-7 and 20:5n-3, and C. vulgaris contained primarily 16:0, 16:3n-4, 18:2n-6 and
18:3n-3 (Table 2). Although not an aim of the study itself, the data demonstrates the large
differences in fatty acid allocation between different taxa of microalgae, and the preference for
polyunsaturated fatty acids in P. glacialis.
Table 2: The relative fatty acid composition (%) of Porosira glacialis, Odontella aurita and
Chlorella vulgaris. Data shown are averages of replicates ± SD, n=5. Fatty acids were included
at a threshold of >1%. Adapted from Paper III.
Fatty acid
14:0
16:0
16:1n-7
16:2n-4
16:3n-4
16:4n-1
18:0
18:1n-9
18:1n-7
18:2n-6
18:3n-3
18:4n-3
20:5n-3
22:6n-3
Σ SFA
Σ MUFA
Σ PUFA

P. glacialis
4.9
5.9
11.9
3.5
6.9
29.5
4.9
30.7
1.7
10.8
11.9
78.2

O. aurita
12.5
26.1
35.7
3.0
2.3
1.3
3.0
1.8
1.3
11.6
1.5
39.8
40.5
19.7

C. vulgaris
23.3
10.8
1.5
4.0
37.5
21.9
24.7
5.0
70.3

In fact, the total PUFA content in P. glacialis is high even when compared to other
psychrophilic diatoms, both in studies of diatom-dominated natural communities57,104,105, and
monocultures from laboratory cultivations45,106,107. This trait not only enables production of LCPUFA rich biomass at a wide range of temperatures, it also reduces the need for temperature
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regulation in industrial cultivations of cold-water diatoms targeted towards marine LC-PUFAs,
thereby lowering cultivation costs.

5.2 Storage stability of lipids in fresh biomass of P. glacialis
The LC-PUFAs present in P. glacialis are vulnerable to lipid autoxidation in the presence of
oxygen, the rate of which is positively correlated with the degree of unsaturation and free fatty
acid content108-110, as well as microbial digestion by bacteria and fungi. Lipid peroxidation can
be accelerated further by the presence of pigments, which can act as photosensitizers that form
singlet oxygen in the presence of light111. In diatom biomass, endogenous lipases released as a
consequence of cell rupture during harvesting may also result in the rapid conversion of LCPUFAs to oxylipins112,113. Cell lysis and lipase release may also occur as a result of freezing
and subsequent thawing of the biomass. Preventing these processes in biomass of P. glacialis
is vital to maintain its value as a marine feedstock, however, conventional methods for lipid
preservation in marine biomass may add significant costs to the production. Typical methods
to reduce microbial growth and lipid degradation in marine biomass generally involves a
combination of treatments depending on the type of product. For example, wet products such
as fish silage from whole fish or fish byproducts is stabilized either by the addition of an organic
acid (e.g. formic acid) to pH<4 to prevent microbial growth, or by fermentation using lactic
acid bacteria, and further addition of antioxidants (e.g. BHA, BHT) to prevent lipid
oxidation114. Crude fish oil for inclusion in feeds is added antioxidants in the form of
tocopherols, critic acid, ascorbyl palmiate or propyl gallate to protect the oil against oxidation,
and fish oil for human consumption require subsequent refining steps such as bleaching,
winterization and deodorization to remove impurities resulting from oxidation and
hydrolyzation during processing and storage115,116 (Jacobsen et al., 2013; Oterhals and Vogt,
2013). Commercially available microalgal biomass for human consumption are preserved by
drying (e.g. lyophilization, spray drying) following harvesting, which effectively removes the
need for adding antimicrobial preservatives and antioxidants but adds significant costs to the
production.
In a mass cultivation of diatoms, circumventing these treatments without sacrificing the
product quality would greatly benefit the industrial potential of diatom biomass as a low-cost
product to supplement fish-derived biomass. With this goal in mind, paper II investigated three
inexpensive preservative methods (formic acid, benzoic acid and heat treatment) on the stability
of lipids in wet biomass (90% water content) of Porosira glacialis during storage at 4 and 20°C
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for 14 days. Samples were taken after 1, 3, 7 and 14 days, and analyzed for formation of free
fatty acids, changes in lipid classes and fatty acid composition. Not surprisingly, storage at
20°C resulted in the highest rate of lipid deterioration in all samples compared to 4°C. Benzoic
acid did not improve the lipid stability during storage compared to the control samples, and
while formic acid effectively reduced the formation of free fatty acids, it did not halt PUFA
degradation. Heat treatment at 70°C for 30 minutes and subsequent storage at 4°C resulted in
the lowest formation of free fatty acids and reduction in total PUFA, and was the most effective
method of those tested for increasing the storage stability of wet P. glacialis biomass (Figure
7).
In a follow-up experiment where biomass was stored for 7 days, heating the biomass to
90°C proved to be more effective than both 70 and 80°C. The preservative effect of heat is twofold; first, heat inactivates the lipases responsible for lipid hydrolysis and oxylipin synthesis by
denaturing the protein structure117. Second, the heat treatment pasteurizes the algae, thereby
slowing the rate of microbial digestion in wet biomass. The preservative effect of heat on
microalgal lipids has been demonstrated in other studies118-120, and our results also show that a
moderate heat treatment can effectively preserve fresh diatom biomass during short-term (days)
storage. Its relative inexpensiveness compared to other methods depends on its source,
however, and heat as a preservative treatment may not offer a reduction in costs compared to
e.g. freezing if produced for the sole purpose of heating large amounts of diatom biomass. In
the study presented here, the biomass was cultivated at a smelting plant where heat is produced
in vast amounts as a byproduct of the smelting process. An integrated heat treatment in the
production line of diatom biomass would therefore not represent significant costs beyond the
initial capital cost. In this or similar settings, our results indicate that heat treatment can offer
an inexpensive alternative to conventional preservation methods that ensures consistent product
quality.
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Figure 7: Contribution of free fatty acids (FFA, top) and polyunsaturated fatty acids (PUFA,
bottom) in wet biomass of Porosira glacialis from day 1 to 14 for each treatment (n=3) at 4°C
(a and c) and 20°C (b and d). Benzoic acid (0.1% (w/w), square), control (no pre-treatment,
circle), formic acid (pH 3.0, triangle), and heat treatment (70 °C for 30 min, diamond). Adapted
from Paper II.

5.3 Lipid availability in P. glacialis
Cell disruption prior to lipid extraction is a prerequisite to maximize product recovery in
commonly mass-cultivated microalgae such as Chlorella sp. or Nannochloropsis sp., due to
resilient cell walls that prevent the release of intracellular compounds96,121,122. The porous cell
wall of diatoms is silica based and lacks the recalcitrant polysaccharide/glycoprotein matrixes
characteristic of other mass cultivates123, and an efficient extraction may be comparatively less
problematic. This was the premise for Paper III, which investigated the effect of cell wall
disruption, solvent choice and number of consecutive extractions on the diatoms P. glacialis
and O. aurita, and the green algae C. vulgaris. The results showed that while both solvent
choice and number of extractions had a significant effect on the lipid yield in P. glacialis and
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O. aurita, cell wall disruption by sonication did not increase the maximum lipid yield in either
diatom compared to physical stirring. In P. glacialis, neither sonication nor physical stirring
resulted in a large increase in lipid yield compared to the control method (no treatment). This
indicates that the majority of cellular lipids are readily available for direct extraction in
lyophilized biomass of P. glacialis, provided that a solvent of sufficient polarity is used. On the
other hand, maximum lipid yield in C. vulgaris was dependent on cell disruption and number
of extractions, not solvent choice. This may indicate that the cell disruption applied was
incapable of releasing the most polar lipids from C. vulgaris, or that the lipid profile of the
biomass used was less polar compared to the two diatoms, allowing an efficient extraction with
a solvent of lower polarity.
In addition to facilitating lipid extraction, the fragility of diatom cell walls also has
implications for other aspects of diatom mass cultivation. First, the high probability of cells
breaking during harvesting or subsequent processing increases the necessity of an effective
preservation method to maintain lipid quality during storage, due to 1) The chemical selfdefense that diatoms employ against grazing, which converts LC-PUFAs to oxylipins by the
release of phospholipases following cell disruption, 2) accelerated lipid oxidation following
cell lysis by increased exposure of intracellular lipids to prooxidants, and 3) the release of cell
exudates which may promote microbial growth in stored biomass. These factors contribute to
the rapid decline of lipid quality in fresh biomass of P. glacialis during storage, as demonstrated
in Paper II. Second, the tough cell walls of some microalgae negatively influence the
bioavailability of microalgae when used as ingredients in fish feed, as demonstrated with C.
vulgaris124 and Nannochloropsis oceanica125. The reduced need for cell disruption observed in
P. glacialis in Paper III could signify an increased bioavailability of lipids in untreated biomass
compared to recalcitrant species.
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6 Conclusion
This thesis has demonstrated the large capacity for PUFA production in P. glacialis, primarily
in the form of EPA, when harvested in the exponential growth phase. Temperature was shown
to affect the cellular requirement of specific fatty acids and their degree of unsaturation in P.
glacialis, however, the relative contribution of LC-PUFAs remained stable at temperatures
between 2-12°C. This reduces the need for temperature regulation in an industrial cultivation
targeted towards production of LC-PUFA. Following harvesting, heating P. glacialis biomass
to 90°C for 30 minutes resulted in a large reduction in the formation of free fatty acids and
PUFA degradation during storage of fresh biomass. Heat treatment can therefore be used as an
alternative to conventional preservative methods on P. glacialis biomass, ideally in settings
where heat is an inexpensive commodity. Finally, the cell walls of diatoms did not significantly
impede lipid release in conventional solvent extractions, in contrast to the recalcitrant cell walls
of commonly mass-cultivated microalgae. In summary, LC-PUFA rich biomass of P. glacialis
can be cultivated at a wide range of temperatures and is readily available for lipid extraction
independent of cell disruption, and effectively preserved using an inexpensive heat treatment.
These findings will contribute to the commercialization of P. glacialis as a source of marine
lipids.
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7 Future prospects
Future research on P. glacialis as a target of mass cultivation should focus on the continued
improvement of cultivation technology, coupled with a deeper understanding of the
fundamental biology of cold-water diatoms. Identifying the key genes responsible for fatty acid
synthesis in P. glacialis, and their expression as a function of temperature, will uncover the
mechanisms that allow rapid changes in C16 and C18 polyunsaturates in response to
temperature changes without sacrificing LC-PUFA biosynthesis. In the long term, a solid
foundation in metabolic pathways can lead to a comprehensive overview of LC-PUFA function
as functional components of lipids and precursors of metabolites in P. glacialis and other
psychrophilic diatoms, when coupled with methods such as lipidomics and transcriptomics.
These studies should also include other lipophilic molecules with potential value in industry,
such as pigments, and explore the effect of the growth environment as a whole on the diatom
lipidome. This knowledge is important in a cultivation optimized towards specific fatty acids
or other lipophilic molecules as a means to increase product value. It also has potential
ecological relevance by uncovering the adaptations that enables diatoms to dominate primary
production in cold, productive areas, and in predicting the potential ramifications of climate
change in areas where diatoms form the main nutritional basis for higher trophic levels.
Expanding on the potential utility of heat treatment as a conventional preservative for
diatom biomass requires further studies to determine the optimum time and temperature to
achieve sufficient storage stability of lipids in fresh biomass. In addition, the potential for an
integrated heat treatment as part of the harvesting process in an industrial mass cultivation of
diatom biomass should be examined, in order to halt lipid degradation as early as possible and
further reduce processing costs by increasing cultivation efficiency. In this context, increased
knowledge on the effects of cell wall disruption on enzymatic lipid degradation may also
contribute to improved product quality, either through targeted lipase inactivation prior to
harvesting or by modifying harvesting methods to prevent cell lysis. Finally, further studies on
the cell wall morphology of P. glacialis and its effect on nutrient bioavailability are needed to
establish diatom biomass as a viable ingredient in food and feed.
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In this study, the northern cold-water marine diatom Porosira glacialis was cultivated in a pilot-scale mass cultivation system at 5 diﬀerent temperatures (−2 to 12 °C), in order to evaluate temperature-dependent growth
rate (in vitro Chl a), lipid content (Folch's method) and fatty acid (FA) composition (GC–MS) in the exponential
growth phase. We found that P. glacialis has a wide temperature range, with maximum growth at 12 °C and
positive growth even at sub-zero water temperatures. The lipid content was inversely correlated with temperature, peaking at 33.4 ± 4.0% at 2 °C, and was highly desaturated independently of temperature; PUFA
content varied from 71.50 ± 0.88% at 12 °C to 82 ± 0.64% at −2 °C. EPA was the main FA at all temperatures
(31.0 ± 0.7–40.4 ± 1.2% of total FAs).

1. Introduction
Microalgae are the main primary producers of the world's aquatic
environments. Present in all habitats containing water, they display
high physiological, chemical and morphological diversity, and are the
fastest growing photoautotrophic organisms on the planet. Diatoms are
the largest group of microalgae with an estimated 100,000 species
worldwide [1]. They are the dominant primary producers in temperate
& cold areas [2]. While their structural lipochemistry is similar to that
of green algae and higher plants, they are distinguished by their ability
to synthesize highly unsaturated fatty acids of > 18 carbons [3], such
as EPA and DHA to serve as structural components in membranes or as
precursors for metabolites, which regulate biological functions [4].
Generally referred to as long-chained polyunsaturated fatty acids (LCPUFAs), these fatty acids are in high-demand by aquatic and terrestrial
animals and are preserved as they pass through the food chain [5,6]. In
humans, studies have demonstrated the positive health-eﬀects of LCPUFA intake [7–9], and diﬀerent agencies recommend an intake of
approximately 500 mg EPA + DHA day−1 [10].
Many studies have investigated diatom lipid allocation as a function
of temperature. As a general rule, there is an inverse relationship between temperature and degree of desaturation [11–18], as the main
functions of fatty acids is to regulate membrane ﬂuidity in response to
changing temperatures. However, as species are inherently diﬀerent in
their environmental adaptations, environmental eﬀects on fatty acid

allocation must be explored for each species independently. In later
years, much of the research on diatom lipids has moved from an ecological focus to an industrial one, seeking to uncover oleaginous species
with potential for production of biodiesels and/or valuable PUFAs
[19–22]. These studies regularly focus on batch cultivated warm-water
strains of small Chlorophyta and Cyanophyta species with low iodine
values. There is very little research on psychrophilic diatoms cultivated
in very cold environments, or the technology required to perform large
scale industrial cultivations in areas with pronounced seasons. Nevertheless, studies from polar regions have revealed highly unsaturated
fatty acid compositions in diatom-dominated microalgal communities
[23–26], making them excellent candidates for LC-PUFA production.
Today, our main sources of EPA and DHA are marine ﬁsh, of which
approximately 1 million tonnes of ﬁsh oil are produced annually. Of
these, the aquaculture sector uses about 75% [27]. The annual capture
of wild ﬁsh has, however, stagnated between 80 and 100 million tonnes
in the last 30 years, while the aquaculture production has grown from
near negligibility to contributing > 40% of the world's total ﬁsh production in 2014. This has had obvious implications for the composition
of aquaculture feed; In 2013, Norwegian salmon producers were substituting up to 82% of the ﬁsh meal and 89% of the ﬁsh oil normally
used in feed with terrestrial products [28]. Although this has no apparent negative eﬀect for the growth of the salmon, it reduces the nutritional value for consumers by lowering the amount of n-3 LC PUFAs
in the ﬁllet [29,30], and requires large areas of arable land that
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otherwise could be utilized for human food. Diatoms have an immense
potential as feed for the salmon industry [31,32], and could be the
substitute for conventional sources if competitive large-scale production of LC-PUFA rich species can be achieved. Naturally, a potential
salmon feed from diatoms should resemble (or improve upon) the nutrient content of the ﬁsh which it is meant to replace, and we believe
the simplest way to achieve this is to harvest the diatom in the exponential growth phase. In this study, a large cold-water centric
diatom, Porosira glacialis, was cultivated in a nutrient replete environment at 5 diﬀerent temperatures (−2, 2, 4, 8 and 12 °C), in order to
investigate the eﬀect of temperature on the growth rate, total lipid and
fatty acid composition during the exponential growth phase.

using ethanol instead of methanol as the extractant. In vitro Chl a was
used as a proxy for biomass. It is well known that Chl a may vary with
cultivation conditions, especially irradiance, and the culture's growth
phase. In the present experiment this error is assumed to be of minor
importance, as we applied the same species throughout the experiment,
and the cultures were never allowed to exit the exponential growth
phase. Experiments prior to the present one also examined correlations
between Chl a and cell concentrations, and this yielded the following
results: Pearson r = 0.67 at p < 0.05, Min = 39 μg Chl a L−1 and Max
886 μg Chl a L−1, n = 594. The in vitro Chl a measurements were used
to calculate growth rates, visually represented both as the daily change
of Chl a, and as doublings day−1 (μ) calculated from the increase in Chl
a from the formula:

2. Materials and methods

μ = (Log2 (tx )–Log2 (t 0))/x ,

2.1. Chemicals

Where t equals the Chl a content and x equals the total number of
days for each cultivation.
At each designated cultivation temperature, the photobioreactor
was initiated with 20 L of stock culture and diluted every 1–2 days
(determined by the cell counts; the culture density was never diluted
below 1 million cells L−1 and never allowed to surpass 4 million cells
L−1) and harvested after 3–4 days of exponential growth at 100 L volume. The harvesting was performed by passing 80 L of culture through
a plankton net (Sefar Nytal®), and collecting the biomass with a rubber
spatula in 50 mL Falcon® tubes, which were subsequently placed in the
freezer at −80 °C. The remaining 20 L of culture in the plexiglasscolumn was used as the new stock culture for the next cultivation
temperature. With this set-up, the culture was given a minimum of 72 h
to adapt to each temperature.

All chemicals were obtained from Sigma Aldrich (Sigma Aldrich, St.
Louis, Mo, USA) unless otherwise stated. Guillard's F2 Marine water
enrichment solution (50×) was used for cell cultivation. Ethanol (96%)
and 10% hydrochloric acid (Merck KgaA, 64271 Darmstadt, Germany)
were used in Chlorophyll a (Chl a) extractions and quantiﬁcation.
Dichloromethane (99.9%), methanol (99.8%), sodium chloride (Merck
KgaA) and sulfuric acid (95–97%) were used in lipid extractions and
fatty acid derivation prior to GC–MS analysis.
Hexane (99%) pro analysis was used to dissolve the fatty acid methyl esters (FAMEs) before GC–MS analysis. Standards of the fatty acids
10:0, 12:0, 14:0, 16:0, 16:1n-7, 18:0, 18:1n-9, 18:1n-12, 18:2n-6,
18:3n-3, 20:0, 20:1n-9, 20:3n-6, 20:4n-6, 20:5n-3, 22:1n-9, 22:6n-3 and
24:1n-9 with purity > 99% were purchased from Sigma Aldrich, while
standards of the fatty acids 16:2n-4, 16:3n-3, 18:4n-3 with purity >
98% were purchased from LGC Standards (Teddington, UK). The internal standards used for quantiﬁcation were 14-methylhexadecanoic
acid and 19-methylarachidic acid (> 99%, Sigma Aldrich).

(1)

2.4. Lipid extraction & derivatization
The extraction procedure was adapted from Folch, Lees [35], using
dichlormethane:methanol as the extractant [36]. Brieﬂy, samples were
freeze-dried and divided into triplicates of approximately 100 mg in
15 mL centrifuge tubes (Falcon). Each tube was added 2 mL dichloromethane: methanol (2:1 v/v) and 2 mL 5% (w/v) NaCl in MiliQ
water. The tubes were gently shaken for 30 s by hand and then centrifuged for 4 min at 2000 G (Heraus Multifuge 1S-R, Germany). Following centrifugation, the organic phase was transferred to a preweighed and marked dram glass. The extraction procedure was repeated twice for each sample in order to increase the yield. Following
extraction, the organic phase was evaporated under nitrogen and the
total lipid was determined gravimetrically, as percentage of ash-free dry
weight (AFDW). Due to lack of material, AFDW-calculations were based
on samples from the same species harvested in the exponential growth
phase, determined by combustion in a muﬄe furnace
(AFDW = 46.04 ± 0.33% of dry weight, n = 3). Finally, the extracted
lipids were dissolved in dichloromethane:methanol (2:1 v/v) to a concentration of 10 mg mL−1 and esteriﬁed using a method adapted from
Stoﬀel, Chu [37] using sulfuric acid as the catalyst:
Triplicate dissolved extracts from each cultivation temperature
(3 × 100 μL) was transferred to a test tube (Duran®) and added 100 μL
internal standard (0.1 mg mL−1) and 800 μL dichloromethane. The
samples were then added 2 mL 10% H2SO4 (v/v) in methanol and
placed at 100 °C for 1 h, before 3 mL hexane and 3 mL 5% (w/v) NaCl in
MiliQ-water was added and the mixture shaken thoroughly. The resulting organic phase containing the fatty acid methyl esters (FAMEs)
was transferred to and evaporated in GC–MS tubes (Waters TruView ™
LCMS Certiﬁed Vials), before being redissolved in 500 μL of hexane.

2.2. Species
The monoculture of Porosira glacialis used in this experiment was
originally isolated from a sediment sample collected in the Barents Sea
(N 76° 27.54′, E 033° 03.54′) during a 2014 cruise and identiﬁed using
light microscopy and the diatom key from Tomas [33].
2.3. Cultivation & Harvesting
All cultures were cultivated in ﬁltered seawater (32 PSU) added
4 mL L−1 Guillard's F2 Marine water enrichment solution (50×) and
12.32 μM sodium metasilicate nonahydrate (≥98%). To ensure suﬃcient CO2 supply, all cultures were mixed by aeration (2–3 L min−1) for
the entirety of the experiment. To obtain samples cultivated at 2, 4, 8
and 12 °C, monocultures of P. glacialis were cultivated in 100 L clear
plexiglass columns, placed in a light- and temperature-controlled room
set to each temperature consecutively, beginning with 12 °C, then 8, 4
and 2 °C, respectively. The cultures received 14 h of daylight per day
using three North Light LED-strips (12 V) placed at regular intervals
around the column, at a scalar irradiance of ca. 66 μmol m−2 s−1. To
obtain a sample cultivated at −2 °C, a 600 L plexiglass column was
placed outside during February of 2016, using two LED work lights to
achieve comparable irradiance conditions (measured each day). A
larger volume was necessary to prevent sudden changes in the culture
temperature as a result of the large variations in ambient air temperature during this time of year. The temperature was maintained by
leading warm water (60 °C) through a silicone tube wrapped around the
base of the column whenever necessary. All cultures' growth was
monitored daily, both by cell-counts in 2 mL Nunc-chambers (Nunc A/
S, Roskilde, Denmark) and by in vitro Chl a - extraction and quantiﬁcation using the method described by Holm-Hansen and Riemann [34],

2.5. GC–MS
The method used here was originally described in Artamonova et al.
[38]. The GC–MS analyses were performed on a Waters Quattro Premier GC (Waters, Milford, MA, USA) equipped with a 30-meter-long
12
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−2 °C (0.17 μ). The biomass measurements at −2 °C was inﬂuenced by
water freezing; ice formation in the bioreactor trapped cells, resulting
in an apparent reduction of biomass on day 1 and 2 (see Fig. 1). On day
3, however, the culture was thoroughly mixed and the sample collected
for Chl a measurement left to thaw before being ﬁltered, thereby revealing the true average growth from day 0–3. The highest lipid content
was measured in the algae cultivated at 2 °C (33.4%), but this measurement was not statistically diﬀerent from the total lipid in algae
cultivated at −2 °C (28.4%). The lowest lipid content was measured in
the algae cultivated at 12 °C (19.5%), but this measurement was not
signiﬁcantly diﬀerent from 8 °C (22.0%) or 4 °C (22.8%).

fused silica Restek FameWax 0.25 mm column with 0.25 μm ﬁlm
thickness. The injector temperature was set to 250 °C, the injection was
in splitless mode and He 6.0 (Aga, Oslo, Norway) was used as carrier
gas with a 1.0 mL min−1 constant ﬂow. One μl of the sample was injected, and the initial temperature on the column was 50 °C. The initial
temperature was maintained for 3 min, and then increased by 2 °C per
minute until the ﬁnal temperature of 250 °C was reached. The ﬁnal
temperature was maintained for 10 min and the total runtime was
113 min. The GC–MS interface was kept at 250 °C, and the mass spectrometer was equipped with an EI ionization source operated at 70 eV.
The MS source temperature was 210 °C and the trap current was
200 μA. The MS was run in full scan mode scanning m/z 150–400 with a
scan time of 0.5 s. Each replicate was injected thrice, so that the ﬁnal
results are averages of 9 individual measurements for each cultivation
temperature (triplicates measured three times each).
The quantiﬁcation was based on relative peak area between the
diﬀerent analytes and the two internal standards. The choice of internal
standard was based on retention time, and the FAs 10:0, 12:0, 14:0,
16:0, 16:1, 16:2, 16:3, 16:4, 18:0 and 18:1 were quantiﬁed with 14methylhexadecanoic acid as internal standard, while the remaining
longer chained FAs were quantiﬁed with 19-methylarichidic acid as
internal standard. Standard curves were set up in the concentration
range 10–1000 ng mL−1. The quantiﬁcation of 16:4 was based on the
standard curve for 16:3 and gives an approximate value (while the
relative amount between diﬀerent samples is correct), as it was not
possible to ﬁnd a commercial supplier of 16:4 during the project period.
The method does not distinguish between the position of the double
bonds in mono-, di-, tri- and tetraenes where there is more than one
possible conﬁguration, e.g. 18:1n-9 will not be separated from 18:1n12. All standards for the standard curve and the algae samples went
through the same derivatization method to obtain FAMEs before analysis.

3.2. Desaturation
Temperature had an eﬀect on the degree of fatty acid desaturation.
Table 2 lists the relative amounts and standard deviation of all fatty
acids measured. A total of 14 fatty acids were detected in the cultured
diatom at all temperatures.
Trends among individual fatty acids were observed; The amount of
14:0, 16:2 and 16:3 approximately halved from 12 to −2 °C. 14:0 decreased in increments as the temperature decreased (all changes were
statistically signiﬁcant). 16:2 decreased gradually, but more strongly at
the transition from 8 to 4 °C, while for 16:3 the decrease was sudden
during the transition from 4 to 2 °C. DHA (22:6) was also more abundant at 8 and 12 °C compared to the lower temperatures (p < 0.05).
From 12 to 2 °C, 16:4 and 18:4 increased by 208% and 148%, respectively. At −2 °C, results were similar to those found at 2 °C and did
not display the same increasing trend. For 16:4, the increase occurred
between 8 and 2 °C, forming three signiﬁcantly diﬀerent subgroups; −2
and 2 °C (14.4–14.8%), 4 °C (10.5%), and 8 and 12 °C (4.9–4.8%). For
18:4, the decrease occurred in increments with increasing temperature
(all measurements were statistically signiﬁcant). The relative EPA
content was highest in the algae cultivated at −2 °C (40.4%), while all
other measurements ﬂuctuated between 31.0 and 33.8%. The relative
contents of EPA at 2 and 12 °C were not statistically diﬀerent
(p > 0.05).

2.6. Statistical analyses
All data was presented as means and their standard deviations, either in tables or as ﬁgures with error bars representing one standard
deviation. All data groups were subjected to normality tests (Shapiro
Wilk). Normally distributed data was analysed with ANOVA, while data
not normally distributed was analysed with a Mann-Whitney test, and
post hoc Tukey's or Game-Howell tests, according to the error variance
determined by a Levene's test,. Groups were determined homogenous at
a signiﬁcance level of > 0.05. All analyses were performed using IBM
SPSS v24 (SPSS Inc., Chicago, IL, USA).

3.3. SFA, MUFA & PUFA
Total values of, and trends among saturated (SFA), monounsaturated (MUFA) and polyunsaturated (PUFA) fatty acids are displayed in Fig. 2. The SFA content (Fig. 2a) was lowest in the algae
cultivated at −2 °C (10.43% of total FAs), and highest at 12 °C
(16.48%). The SFA contents were statistically signiﬁcant at all temperatures with the exception of 4 and 8 °C (p = 0.061).
The MUFA content (Fig. 2b), dominated by 16:1, was lowest in the
algae cultivated at −2 °C (8.84%) and highest at 2 °C (13.31%). All
MUFA contents were statistically signiﬁcant at all temperatures apart
from 8 and 12 °C (p = 0.995).
The PUFA content (Fig. 2c) was lowest in the algae cultivated at
12 °C (71.50%), and highest at −2 °C (82.0%). From −2 to 2 °C, the
PUFA content was reduced by almost 8 percentage points, caused almost exclusively by the change observed in EPA. Two statistically similar groups were observed; 12 & 8 °C (p = 0.71) and 4 & 0 °C
(p = 1.0).

3. Results
3.1. Growth rate & total lipid
The algal culture displayed positive growth at all temperatures, and
temperature had a signiﬁcant eﬀect on the total lipid content, see
Table 1 for growth rates and lipid content, and Fig. 1 for the daily increase in Chl a. A Levene's test revealed high error variance between all
groups of Chl a-measurements (p = 0.013). The highest average growth
rate was measured at 12 °C (0.41 μ), but this measurement was not
statistically diﬀerent from the growth rates at 2, 4 and 8 °C (p = 0.46,
0.652, 0.221, respectively). The lowest growth rate was measured at

Table 1
Growth rates and total lipid content (arithmetic mean ± SD, n = 3) for Porosira glacialis (P.g.) at each cultivation temperature. The growth rate was calculated from
the increase in chlorophyll a (Chl a) from the start of cultivation to the point of harvest, while total lipids were measured from samples taken at the time of harvest.
Temperature (°C)

−2

2

4

8

12

Growth rate (μ)
Lipid content (% of AFDW)

0.17 ± 0.01
28.4 ± 1.3

0.36 ± 0.07
33.4 ± 4.0

0.34 ± 0.01
22.8 ± 1.8

0.33 ± 0.04
22.0 ± 1.1

0.41 ± 0.07
19.5 ± 1.5

13
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Temp (ºC)
-2
2
4
8
12

Chl a (μg/l)

600

400

200

0
0

1

2

3

4

Day
Fig. 1. In vitro chlorophyll a (Chl a) daily increase at each cultivation temperature. Data shown is the mean ± SD, n = 3. SDs are represented by T-bars.
Table 2
Relative fatty acid content of Porosira glacialis (P.g.) at all treatment temperatures. Data shown are averages of replicates ± SD, n = 3. TR = Trace values.
Fatty acid

14:0
16:0
16:1
16:2
16:3
16:4
18:0
18:1
18:2
18:3
18:4
20:5
22:6
24:0
Temperature (°C)

3.7 ± 0.2
5.3 ± 0.1
8.7 ± 0.4
2.09 ± 0.07
8.6 ± 0.2
14.4 ± 0.4
0.23 ± 0.02
0.18 ± 0.01
0.25 ± 0.01
1.18 ± 0.05
10.1 ± 0.4
40.4 ± 1.2
4.9 ± 0.3
TR
-2

4.4 ± 0.2
7.3 ± 0.3
12.8 ± 0.4
2.7 ± 0.1
8.3 ± 0.3
14.8 ± 0.5
0.69 ± 0.09
0.25 ± 0.02
0.13 ± 0.01
1.8 ± 0.1
9.6 ± 0.4
32.6 ± 1.2
4.5 ± 0.3
0.24 ± 0.05
2

4. Discussion

5.7 ± 0.3
8.0 ± 0.2
10.3 ± 0.3
2.68 ± 0.08
16.5 ± 0.4
10.5 ± 0.3
0.90 ± 0.07
0.44 ± 0.09
0.09 ± 0.01
1.83 ± 0.05
6.5 ± 0.3
31.4 ± 0.9
4.9 ± 0.2
0.31 ± 0.04
4

7.3 ± 0.2
7.2 ± 0.3
11.6 ± 0.2
3.97 ± 0.05
19.8 ± 0.2
4.9 ± 0.2
0.7 ± 0.1
0.40 ± 0.03
0.26 ± 0.01
1.65 ± 0.04
5.3 ± 0.2
31.0 ± 0.7
5.5 ± 0.3
0.33 ± 0.09
8

7.8 ± 0.4
7.4 ± 0.2
11.6 ± 0.3
4.7 ± 0.2
16.3 ± 0.4
4.8 ± 0.1
0.95 ± 0.07
0.39 ± 0.02
0.31 ± 0.01
1.75 ± 0.06
3.9 ± 0.2
33.8 ± 0.9
6.0 ± 0.4
0.4 ± 0.1
12

growth rates at 3 °C compared to 7 °C (μ = 0.47 and 0.41, respectively).
In these studies, the diﬀerences in the growth rates were more pronounced than in our data, indicating that P. glacialis has a wider temperature range than both Navicula sp. and C. brevis, with a potential for
yearlong cultivation in areas with pronounced seasons.

4.1. Temperature and growth
The algal culture displayed positive growth at all temperatures
during the course of the experiment. The growth rates in Table 1
showed highest and lowest growth at 12 and − 2 °C, respectively, a
result that follows the consensus of phytoplankton in general: Within a
temperature range, diatom growth rates increase with temperature toward the species' optimum growth temperature [39–41]. A Tukey's test,
however, revealed no statistical diﬀerence between growth rates at all
temperatures other than −2 °C, indicating that from 2 to 12 °C the
growth rate was independent of temperature. While this observation
could be inﬂuenced by the large variation observed in the error variance of the measured growth rates, previous studies on cold-water
diatom strains using comparable light regimes have also found that
lowering temperatures within a species' natural temperature range do
not necessarily slow growth: Teoh, Phang [12] found that the optimum
cultivation temperature for an Antarctic strain of Navicula sp. was 4 °C
(μ ≈ 0.35), with growth slowing drastically already at 6 °C. They did
not try to cultivate at lower temperatures. Boelen, van Dijk [42] cultivated an Antarctic strain of Chaetoceros brevis and found higher

4.2. Temperature and lipids
The total lipid content was highest (p < 0.05) in the samples harvested at the lowest temperatures. Other studies have found ambiguous
eﬀects of temperature on lipid content on diatoms [14,15,43], implying
that responses to temperature are species speciﬁc and do not follow
general trends. For the strain of P. glacialis studied here, the total lipid
content was inversely correlated with cultivation temperature. The
lipid content reported here is comparable to or higher than those found
in other cultivated cold-water diatoms [12], but lower than those often
reported for temperate and warm water cultivations [43,44]. However,
it is important to keep in mind that this strain of P. glacialis was harvested while still in the exponential growth phase, while lipid accumulation as observed in other studies is a result of the algae entering
the stationary phase. The high lipid content often observed in such
batch cultures comes at the expense of FA chain length and desaturation
14
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total FAs even at 12 °C. Furthermore, EPA was not observed to decrease
with temperature from 2 to 12 °C, indicating that P. glacialis depends
heavily on functional EPA during the growth phase, independently of
temperature. These ﬁndings correlate well with a study by Gillan et al.
[47], in which Stauroneis amphioxys was cultivated at 3 and 20 °C; while
the ratio of the most desaturated fatty acids (16:4, 18:4, 20:5 and 22:6)
to their equivalents with one less double bond was higher at 3 °C, there
was no diﬀerence in the total amounts of PUFAs at the two growth
temperatures.
Interestingly, the amount of 22:6 increased with temperature from
−2 to 12 °C (4.9% at −2 °C to 6.0% at 12 °C, p < 0,05), a result that is
in direct opposition with other ﬁndings on diatoms [16,48]. With a
minimum content of 36.3% EPA + DHA at 4 °C, and a maximum content of 45.3% at −2 °C, this diatom contains far more LC-PUFA compared to most other autotrophic species of microalgae suggested for
mass production [49]. õAlthough the PUFA content was highest at
−2 °C, the low growth rate observed and the increased diﬃculty associated with cultivation at this temperature reduces the potential for
industrial production of PUFAs. However, by displaying growth at subzero temperatures, this strain represents an exciting potential for production of cold-adapted bioactive molecules for e.g. the pharmaceutical
industry. In comparison, both 2 °C and 12 °C displayed the highest
growth rates, as well as high contents of EPA. Although there was some
variation in the composition of the other PUFAs, the total PUFA content
only varied by 2.92 percentage points from 2 to 12 °C. Based on these
data, a high-quality feed especially rich in EPA can be produced at a
large range of temperatures. Whether or not this production is economically feasible requires increased knowledge of the potential production and the associated costs in a large-scale production, which goes
beyond the scope of this study. Therefore, future research should focus
on optimizing growth or lipid content in an economically feasible
manner, for example through increasing the relative concentration of
CO2 by addition of ﬂue gas to the culture medium. While it would also
have been interesting to investigate the growth and fatty acid composition of P. glacialis at higher temperatures, this speciﬁc strain has not
been capable of maintaining growth at temperatures above 15 °C for a
signiﬁcant amount of time, also when temperatures have been gradually increased from lower temperatures.
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4.4. Conclusion

Temperature (°C)

To conclude, P. glacialis is a potential species for mass cultivation of
diatoms. Its broad temperature range is well adapted for cultivation in
cold areas with pronounced seasons and allows for yearlong cultivation
at ambient sea-temperatures. The fatty acid composition was predominantly polyunsaturated, with EPA as the most abundant fatty acid
at all temperatures. This makes P. glacialis an excellent source of marine
fatty acids as a substitute for the conventional ﬁsh oil used in aquaculture feed, or as ingredients in other high-value products.

Fig. 2. Trends among saturated (SFA, a), monounsaturated (MUFA, b) and
polyunsaturated fatty acids (PUFA, c). Data shown is the mean ± SD, n = 9. Tbars represent the SD for each sample.

[45] and protein content [46]. This has the unfortunate eﬀect of reducing the versatility of the feed, as it would resemble those of terrestrial products such as soy- or rapeseed in FA composition, instead of
oﬀering a complete substitute for ﬁsh oil.
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4.3. Desaturation
The degree of desaturation was also inversely correlated with temperature (see Fig. 2), with SFAs increasing and PUFAs decreasing with
temperature. Although the inverse correlation of PUFAs with temperature is strongly exaggerated by the large EPA content in the sample
cultivated at −2 °C, the composition of the FA fraction did change
notably with temperature: At both −2 and 2 °C, the ﬁve most abundant
fatty acids were 20:5, 16:4, 18:4, 16:3 and 16:1. At 8 and 12 °C, the ﬁve
most abundant fatty acids were 20:5, 16:3, 16:1, 16:0 and 14:0. At all
temperatures, the ﬁve most abundant fatty acids constituted > 75% of
the total fatty acids. While this clearly shows that increasing the temperature increases saturation, it should be noted that the PUFA fraction
dominated the fatty acids at all temperatures, constituting 71.49% of
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Abstract
Cultivation of diatoms may help alleviate the pressure on wild fish stocks for marine nutrient availability in aquaculture feed and
for human consumption. However, the lipids in microalgae biomass are easily deteriorated, both trough lipolysis and degradation
of polyunsaturated fatty acids (PUFA). Proper storage conditions are therefore necessary to maintain the lipid quality.
Additionally, the storage conditions must have a low cost and facilitate further processing of the biomass. In this study, we
investigated the formation of free fatty acids, changes in lipid classes, and fatty acid composition of the psychrophilic marine
diatom Porosira glacialis under storage. The wet biomass was stored for 14 days at 4 and 20 °C with either heat treatment, formic
acid, or benzoic acid addition, and a control sample. Heat-treated and formic acid samples had the lowest rate of free fatty acid
formation during storage. Mainly, polar lipids were hydrolyzed to free fatty acids and this occurred fastest at 20 °C. The fatty acid
composition remained stable in heat-treated samples during storage, whereas a loss of PUFA was observed in the other treatments. The lack of effect from benzoic acid indicates that the loss of lipid quality stems from endogenous enzymes rather than
exogenous organisms. Heat treatment and formic acid appeared to effectively reduce lipase activity, and potentially lipoxygenase
and similar enzymes that affect the fatty acids. The low pH of the formic acid samples seems to have a negative effect on the
PUFA content, in particular at 20 °C.
Keywords Storage stability . Lipid . Omega-3 . Pre-treatment . Psychrophilic diatom . Microalgae

Introduction
The limit for sustainable utilization of wild fish stocks has
been reached (FAO 2020), and there is a need for novel
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sources of marine nutritional components, especially the
long-chain polyunsaturated omega-3 fatty acids (LC-PUFA
n-3). Marine microalgae are the main de novo producers of
the LC-PUFA n-3, eicosapentaenoic acid (EPA, 20:5n-3), and
docosahexaenoic acid (DHA, 22:6n-3) (Khozin-Goldberg
et al. 2011), which are important components in aquaculture
feed (Tocher 2015; Sprague et al. 2016) and for human health
(Kris-Etherton et al. 2009; Salem and Eggersdorfer 2015). In
addition to omega-3 fatty acids, marine microalgae contain
valuable pigments and other bioactive compounds (CuellarBermudez et al. 2015; Kuczynska et al. 2015). Diatoms, the
largest group of microalgae, have potentially high growth
rates and can be cultivated in bioreactors using seawater, light,
inorganic nutrients, and CO2 at a wide range of temperatures
(Artamonova et al. 2017b; Botte et al. 2018; Svenning et al.
2019). Large-scale industrial production of microalgae biomass could help alleviate the pressure on wild fish stocks by
substituting some of the fishmeal and fish oil in the aquaculture feed (Shah et al. 2018) and also be used to produce health
supplements for humans (Barkia et al. 2019).
One of the main challenges of large-scale utilization of
diatoms is post-harvest storage. The diatom fatty acids are

J Appl Phycol

often highly unsaturated (Dunstan et al. 1994; Chen 2012;
Svenning et al. 2019), which makes them prone to oxidation. In addition, endogenous enzymes in the biomass
may deteriorate the lipids through lipolysis and oxidation
(Fontana et al. 2007; Cutignano et al. 2011). The antigrazer defense mechanism of diatoms, which is woundactivated, involves breaking down thylakoid lipids to produce volatile polyunsaturated aldehydes and other
oxylipins (Pohnert 2002; Cutignano et al. 2006;
Caldwell 2009). Cell rupture, which can occur during harvesting or because of autolytic reactions during storage,
may initiate these processes. Another consequence of cell
rupture is the formation of exudates, which may act as a
growth medium for other microorganisms such as bacteria
and fungi. Optimizing storage conditions are therefore essential for large-scale utilization of microalgae.
The storage conditions must be cost-effective for the
microalgae to be a viable replacement for fish products
in aquaculture feed. Large-scale freezing facilities are expensive and freezing and thawing the biomass for further
processing may pose a challenge due to cell lysis. Pretreatment of the biomass before storage in refrigerated
rooms may be a more feasible solution to the storage
problem. However, pre-treatments such as drying are
costly (Hosseinizand et al. 2017; Wendt et al. 2019),
and evaluation of cheaper alternatives are therefore important. Inhibition of enzyme activity could be a potential
solution for storage of microalgae biomass. Cheap ways
of denaturing and inhibiting enzymes are heat treatment or
lowering of pH by adding an acid (Budge and Parrish
1999; Seyhan et al. 2002). Previous studies have found
reduction in lipase activity by adding boiling water directly to the biomass (Berge et al. 1995; Budge and Parrish
1999) or by heating sample tubes in a water bath
(Balduyck et al. 2019). Organic acids, such as formic acid
and benzoic acid, may also inhibit bacterial and fungal
growth (Heasman et al. 2000; Olsen and Toppe 2017;
Cabezas-Pizarro et al. 2018).
In this study, the large centric psychrophilic diatom
Porosira glacialis was cultivated using CO2-containing
flue gas from an industrial plant. The fatty acid profile
of this diatom is highly unsaturated (Svenning et al.
2019) and could therefore be a valuable source of marine
fatty acids for aquaculture feed and human consumption.
The goal of this study was to investigate the best storage
conditions, applicable for industrial use, to reduce lipid
deterioration. The pre-treatments with formic acid (enzyme inhibiting and antimicrobial), benzoic acid (antimicrobial), and heat treatment (denaturing of endogenous
enzymes) was compared with control samples without
pre-treatment during storage for 14 days at 4 and 20 °C.
The lipid quality was assessed in terms of lipolysis, lipid
class, and fatty acid composition.

Materials and methods
Materials
Dichloromethane (DCM) (≥ 99.9%), hexane (≥ 99%), sulfuric
acid (95–97%) were from Sigma-Aldrich (USA). LC-MS grade
methanol (MeOH) was from Fisher Scientific (UK). Acetic acid
(≥ 99.8%) was from Honeywell Fluka (USA). Sodium bicarbonate, sodium acetate, isooctane (LC-grade), ethyl acetate
(LC-grade), acetone (LC-grade), and isopropanol (LC-grade)
were obtained from Merck (Germany). Kristalon Flower®
was obtained from Yara (Oslo, Norway). Sodium metasilicate
pentahydrate was obtained from Permakem A/S (Norway).
Lipid standards for HPLC analysis DGTS (1,2-dipalmitoylsn-glycero-3-O-4′-(N,N,N-trimethyl)-homoserine), SQDG
(sulfoquinovosyldiacylglycerol), and phosphatidylinositol were
purchased from Sigma Aldrich. Phosphatidylcholine (PC; 1,2dimyristoyl-sn-glycero-3-phosphatidylcholine),
phosphatidylglycerol (PG; 1,2-dimyristoyl-sn-glycero-3phosphatidylglycerol Na salt), phosphatidylserine (PS; 1,2dipalmitoyl-sn-glycero-3-phosphatidylserine Na salt), phosphatidylethanolamine (PE; 1,2-dimyristoyl-sn-glycero-3-phosphatidylethanolamine), MGDG (hydrogenated
monogalactosyldiacylglycerol), DGDG (hydrogenated
digalactosyldiacylglycerol), ergosterol, triolein, diolein, and
monoolein were purchased from Larodan AB. Ethyl elaidate,
11-eicosenol, and behenyl arachidate were purchased from NuChek-Prep, Inc. Standards for the GC analysis, GLC-502 as free
acids, were purchased from Nu-Chek-Prep, Inc.

Cultivation of Porosira glacialis
Biomass was harvested from a continuous culture maintained
in the exponential growth phase on two occasions to obtain
sufficient material for the experimental procedure. Briefly, the
monocultures were cultivated in a 6000-L fiberglass vertical
column photobioreactor using seawater collected at 25 m
depth in the Indre Finnfjordbotn water reservoir. The water
was filtered using 1 μm polypropylene filters (Model GX01-9
7/8, GE Power & Water, USA) and added inorganic nutrients
in the form of 0.25 mL L−1 Substral and 1 mL L−1 dissolved
silicate (3.5 g Na2O3Si.9H2O L−1 in miliQ water). The strain
of P. glacialis used in this experiment was isolated from arctic
waters and identified using SEM (Uradnikova 2020). The reactor, placed outdoors, was subjected to the natural environment of Finnfjordbotn (N 69° 13.76′, E 018° 05.02′), but illuminated with continuous artificial light (LED) at a scalar irradiance of 150–200 μmol quanta m−2 s−1. The culture was
aerated with either pressurized air or flue gas containing 6–
12% CO2, and maintained at pH 7.4–8.1. Temperature varied
between 4 and 8 °C during the entire cultivation, reflecting the
ambient seawater temperatures at Finnfjordbotn. The culture
condition was monitored on a daily basis by cell counts in

J Appl Phycol

2 mL Nunc-chambers (Nunc A/S, Denmark) and harvested
when the density of the culture reached approximately 15
million cells L−1. The harvesting was performed using a continuous solid bowl centrifuge (Model PTDC, Nanjing
Kingreat Machinery Company, Jiangsu, China) operated at
835×g, the resulting biomass was collected using a spatula.

Storage conditions
Samples with 20% DM were given different pretreatments; a
batch of microalgae biomass was added 0.1% benzoic acid
(pH 6.9) and divided into 24 samples, another batch of
microalgal biomass were added formic acid to a pH of 3.0
and divided into 24 samples; 24 samples were heated to
70 °C for 30 min and 24 samples were untreated (control).
Triplicates of the samples were stored in capped 15 mL centrifuge tubes (VWR International, USA) at 4 and 20 °C for 1,
3, 7, and 14 days before lipid extraction and analysis.
In a follow-up study, higher temperature pre-treatments
were investigated to see how it would affect lipolysis in the
samples during storage. Frozen biomass was divided into
15 mL centrifuge tubes and heated for 30 min at 70, 80, or
90 °C. The samples were stored in triplicates for 7 and 14 days
at 20 °C along with triplicates of untreated control samples.

Lipid extraction and analysis
The extraction procedure was adapted from Folch et al.
(1957), using a mixture of dichloromethane and methanol
as the solvent (Cequier-Sanchez et al. 2008). Briefly, samples were freeze-dried and divided into triplicates of 100 mg
in 15 mL centrifuge tubes. Each tube was added 2 mL
dichloromethane/methanol (2:1 v/v) and 2 mL 5% NaCl in
MiliQ water. The tubes were gently shaken for 30 s by hand
and then centrifuged for 10 min at 2000×g (Heraus
Multifuge 1S-R, Germany). Following centrifugation, the organic phase was transferred to a pre-weighed vial. The extraction procedure was repeated twice and the organic phases
were pooled before evaporation using nitrogen. Finally, the
extracted lipids were dissolved in dichloromethane/methanol
(2:1 v/v) to a concentration of 10 mg mL −1 , before
methanolysis and methylation using a method adapted from
Stoffel et al. (1959) with sulfuric acid as the catalyst.
Dissolved extract (100 μL) was transferred to a test tube
(Duran, Millville, USA) along with 100 μL internal standard
(0.1 mg mL−1) and 800 μL dichloromethane. The samples
were then added 2 mL 10% H2SO4 in methanol and placed
at 100 °C for 1 h. Finally, 3 mL hexane and 3 mL 5% NaCl
in MiliQ water were added and the samples were shaken.
The resulting organic phase containing the fatty acid methyl
esters (FAMEs) was evaporated and dissolved in 100 μL
hexane before GC-FID analysis.

The GC conditions were as follows: helium as carrier gas
(1.6 mL min−1), select FAME column (L 50 m, ID 0.25 mm,
and FT 0.25 μm, Agilent J&W GC Columns), the inlet temperature was 240 °C (split 1:50), and the FID temperature was
250 °C. Initially, the GC oven was held at 60 °C for 1 min,
then ramped up to 130 °C (30 °C min−1), further up to 195 °C
(1.3 °C min−1) and finally up to 240 °C (30 °C min−1) for
10 min. To quantify the fatty acids, calibration curves were
made by analyzing the ratio between individual fatty acids at
concentrations 7.8125–2000 μg mL−1 of GLC 502 free acids
(Nu-Chek-Prep, USA) and heptadecanoic acid (SigmaAldrich, USA) as internal standard; every concentration was
analyzed as triplicates.
Free fatty acids and other lipid classes were separated
and quantified using HPLC-ELSD based on a method by
Abreu et al. (2017). HPLC analyses were performed on a
Waters e2795 separations module, using a SupelcosilLCSI 5 μm (25 cm × 4.6 mm) column (Supelco, USA) set to a
working temperature of 40 °C and 40 μL injection volume.
The lipids were quantified using a Waters 2424 ELS detector with the following settings: gain 100, nebulizer 30%
heating power level, drift tube 45 °C, and pressure 40 psi.
The total run time was 41 min and the gradient profile can
be seen in Table 1. Standard curves were made by analyzing 12.5–400 μg mL−1 of the lipid classes in triplicates.
Both samples and standards were dissolved in mobile
phase A/chloroform (4:1).

Table 1 Gradient profile for the HPLC program used for lipid class
analysis. Mobile phase A = isooctane/ethyl acetate (99.8:0.2), mobile
phase B = acetone/ethyl acetate (2:1) 0.15% acetic acid, and mobile phase
C = isopropanol/H2O (85:15)
Time (min)

Mobile
phase A

Mobile
phase B

Mobile
phase C

Flow
(mL/min)

Curve

0.0
1.5
1.6
6.0
8.0
8.1
14.0
14.1

100
100
97
94
50
46
43
43

0
0
3
6
50
39
30
30

0
0
0
0
0
15
27
27

1.5
1.5
1.5
1.5
1.5
1.5
1.5
1.5

1
6
6
6
6
6
6
6

18.0
23.0
24.0
25.0
27.0
27.1
36.0
36.1

40
40
0
0
0
100
100
100

0
0
100
100
100
0
0
0

60
60
0
0
0
0
0
0

1.5
1.5
1.5
2.0
2.0
2.0
2.0
1.5

6
6
6
6
6
6
6
6
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Statistical analysis and data availability
All analyses were performed in triplicates. The data in tables
are presented as means ± standard deviation. All analyses and
figures were prepared using R v3.6.1. Means were considered
statistically significant if P < 0.05 using the pairwise Tukey
test. All data and the R markdown for this experiment are
available from the Open Science Framework (OSF (https://
osf.io/6nu9t/?view_only=a6a240b97c3c4d518a2e
2222de901772)) under the name “Stability of lipids during
wet storage of the marine diatom Porosira glacialis under
semi-preserved conditions at 4 and 20 °C.” Supplementary
data containing heat maps of statistical test results can be
found in the supplementary data folder using the OSF link.
All changes within and differences between treatments presented in the text part of the “Results” section are statistically
significant (P < 0.05).

Results
The lipid yield for each sample varied between 6.4 and 8.8%
of dry weight (DW), see Table 2. There was no trend for loss
of lipids during storage.
Figure 1 shows the evolution of formation of free fatty
acids (FFA) content over time; day 1 represents 24 h of storage. At 4 °C day 1, the control samples contained 31% FFA,
which increased to 66% after 14 days of storage. In the
benzoic acid samples, the amount increased from 29 to 65%
in the same time span at 4 °C. The formic acid and the heattreated samples at 4 °C had the lowest relative amount of FFA
at day 1 with 14 and 16%, which increased to 35% in formic
acid samples after 14 days. After 24 h of storage at 20 °C, the
control and benzoic acid samples contained as much as 70 and
65% FFA, which after 2 weeks increased to 79 and 81%,
respectively. The FFA of the formic acid treated samples at
20 °C increased from 26 at day 1 to 53% after 14 days. The
corresponding values in the heat-treated samples were 12 and
60%. In a separate experiment, P. glacialis biomass was

heated to 70, 80, or 90 °C for 30 min (Table 3). The control
samples contained 7% FFA at day 0, which increased to 84%
after 7 days of storage at 20 °C. After storage at 20 °C for
7 days, the FFA content was 68% in lipids extracted from
samples heated to 70 and 80 °C. The samples heated to
90 °C contained 25 and 40% FFA after 7 and 14 days of
storage at 20 °C, respectively.
The lipid class composition for each time point and treatment is presented in Table 4 to study which lipid class was
more prone to lipolysis (day 1 represents 24 h of storage). The
polar lipid classes appear to be the main origin of the free fatty
acids formed during storage. The control and the benzoic acid
samples at 4 °C contained 28 and 31% MGDG after 1 day of
storage, and this decreased to 4 and 5% after 14 days, respectively. The same two samples stored at 20 °C had a MGDG
content of only 2 and 3% after 1 day of storage and was
depleted at day 3 for the control and day 7 for the benzoic
acid samples. The formic acid samples contained 25 and 22%
MGDG after 1 day of storage at 4 and 20 °C, respectively.
After 14 days of storage, these values had decreased to 11 and
4%. The amount of MGDG in heat-treated samples decreased
from 30 to 10% at 20 °C during 14 days of storage. In both the
control and the benzoic acid samples at 4 °C, PG decreased
from 25 to 10% from day 1 to 14. Similarly, for the same
samples at 20 °C, PG was reduced from 12 and 11% to depletion in both samples after 7 days of storage. Heat-treated
samples contained 44% PG at 4 °C after 1 day of storage,
which decreased to 40% after 14 days. At 20 °C, the content
of PG changed from 38% to zero from day 1 to day 14. The
amount of PG was lower in the formic acid samples compared
with the other treatments. In formic acid samples, the amount
of PG decreased from 4 to 1% during storage at 4 °C and from
3 to 0% at 20 °C.
PC was only detected in samples treated with formic acid.
The content of PC at day 1 was 10%, which decreased to 6%
during storage at 4 °C. At 20 °C, 4% PC was detected at day 1
with no change during the storage. Additionally, the amount
of diacylglycerol (DAG) was much higher in the formic acid
samples than the rest.

Table 2
Lipid yield (weight percentage) from day 1 to 14 for both temperatures (mean ± standard deviation, n = 3). Control samples had no pretreatment, 0.1% (w/w) benzoic acid, formic acid to pH 3.0, and heat treatment 70 °C for 30 min
Lipid yield (%)
Temperature (° C)

4

Days of storage
Control
Benzoic acid
Formic acid
Heat treatment

1
8.6 ± 1.4a
7.7 ± 0.2a
7.5 ± 0.6a
8.2 ± 0.7a

a, b

20
3
6.9 ± 0.5a
8.3 ± 1.2ab
7.5 ± 0.0ab
8.7 ± 0.5b

7
7.6 ± 0.9a
8.8 ± 2.0a
7.1 ± 0.3a
8.1 ± 0.6a

14
6.6 ± 0.6a
7.0 ± 0.4a
7.1 ± 0.4a
8.8 ± 0.5b

1
7.4 ± 1.5ab
7.6 ± 0.8ab
6.4 ± 0.3a
8.5 ± 0.3b

Results in the same column sharing superscripted letters are not significantly different (P ≥ 0.05)

3
7.4 ± 0.2a
7.3 ± 0.1a
7.1 ± 0.1a
7.6 ± 0.8a

7
7.0 ± 0.9a
7.0 ± 0.3a
7.4 ± 0.2a
8.8 ± 0.9a

14
6.9 ± 0.7ab
8.0 ± 0.3ab
6.9 ± 0.4a
8.1 ± 0.7b
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Fig. 1 Development of lipolysis
(Free fatty acid (FFA) content,
weight percentage) from day 1 to
14 for each treatment (n = 3) at 4
(A) and 20 °C (B). Benzoic acid
(0.1% (w/w), square), control (no
pre-treatment, circle), formic acid
(pH 3.0, triangle), and heat treatment (70 °C for 30 min, diamond)

In general, the relative amount of saturated and monounsaturated fatty acids tended to increase, while the polyunsaturated fatty acids decreased in the control, benzoic acid, and
formic acid samples during storage (Table 5). The changes
appeared more prominent at 20 °C than at 4 °C. Smaller
changes were observed in the heat-treated samples compared
with the other three treatments.
For the individual polyunsaturated fatty acids (PUFA), minor changes were observed for C16:4n-1 (hexadecatetraenoic
acid (HDTA)) and C20:5n-3 (EPA). At 4 °C, the only significant decrease in HDTA during 14 days of storage occurred in
formic acid samples (28–25%). At 20 °C, HDTA decreased
from 32 to 29%, 32 to 30%, and 27 to 24% in control, benzoic
acid, and formic acid samples, respectively. The relative
amount of this fatty acid was stable at both temperatures in
heat-treated samples. A decrease from 28 to 26% and 27 to
24% were observed for EPA in control samples at 4 and
20 °C, respectively. For the benzoic acid sample, the decrease
in EPA was 28 to 26% and 28 to 27% at 4 and 20 °C, respectively. At 20 °C, the relative amount of EPA in formic acid
samples decreased from 32 to 30%. The amount of EPA in
heat-treated samples at both temperatures and formic acid
samples at 4 °C remained stable during storage.
Figure 2 presents the cumulative loss of PUFA where day 1
represents 24 h of storage. The control and benzoic acid samples contained 80 and 81% PUFA after 1 day of storage at
4 °C. The corresponding samples treated with formic acid
contained 81% PUFA and the heat-treated samples contained
79% PUFA. On day 1 at 20 °C, the total amount of PUFA was
78% in the control samples, 80% in the benzoic acid and

formic acid samples, and 79% in the heat-treated samples.
From day 1 to day 14 of storage, the heat-treated samples were
the most stable at both temperatures, with no marked decrease
in total amount of PUFA. At 4 °C, the benzoic acid samples
lost 3.5% points of PUFA. The formic acid samples had the
highest loss at 4.8% points of PUFA from day 1 to 14 of
storage at 4 °C. The benzoic acid samples stored at 20 °C lost
3.0% points from day 1 to day 14, whereas the formic acid
samples and the control samples lost 5.8 and 6.6% points,
respectively.

Discussion
We detected no apparent trends for the effect of pre-treatment or
temperature on lipid yield. This is in accordance with previous
studies on how storage affects lipid yield in microalgae biomass
(Chen et al. 2012; Balduyck et al. 2016, 2017). A previous
study (Ryckebosch et al. 2011) on Phaeodactylum tricornutum
reported lower lipid yield in wet biomass than dried biomass
after storage, which they ascribed to FFA formation during
storage in wet biomass, however this was based on only one
time point so no trends could be interpreted from this.
The amount of FFA increased with time in all samples with
varying rate of lipolysis, and not surprisingly, the rate was
generally faster at 20 °C than at 4 °C. This has also been
reported by Balduyck et al. (2017). They found that loss of
cell wall integrity affected the lipolytic processes in the
eustigmatophyte Nannochloropsis oculata and the
haptophyte Tisochrysis lutea when stored at 4 and 20 °C,

Table 3 Development of lipolysis (free fatty acid (FFA) content, weight percentage) in the second storage experiment from day 0 to 14 (mean ±
standard deviation, n = 3) stored at 20 °C. Control samples had no pre-treatment, other samples were heated to 70, 80, or 90 °C
Day
Treatment
FFA (%)

0
Control
7.2 ± 1.2

7
Control
83.8 ± 2.0

70 °C
68.3 ± 9.7

80 °C
68.2 ± 2.8

90 °C
24.6 ± 1.6

14
90 °C
40.8 ± 3.5
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Table 4 Lipid class composition (weight percentage) from day 1 to 14 for both temperatures (mean ± standard deviation, n = 3). Control samples had
no pre-treatment, 0.1% (w/w) benzoic acid, formic acid to pH 3.0, and heat treatment 70 °C for 30 min. ND, not detected
4 °C/20 °C
Day 1

Day 3

Day 7

Day 14

1.9 ± 1.7/4.3 ± 1.0
2.5 ± 0.8/5.2 ± 1.0
1.9 ± 0.3/1.9 ± 0.0
1.7 ± 0.3/2.8 ± 0.9

3.9 ± 0.6/6.2 ± 0.3
3.6 ± 0.1/6.4 ± 3.0
1.9 ± 0.1/1.7 ± 0.2
2.4 ± 0.3/2.0 ± 1.5

2.6 ± 0.3/3.5 ± 0.6
3.2 ± 0.7/6.8 ± 1.9
1.7 ± 0.1/1.8 ± 0.1
1.6 ± 0.2/1.9 ± 0.6

3.6 ± 0.5/2.7 ± 0.5
2.9 ± 1.0/3.3 ± 0.7
1.5 ± 0.7/1.6 ± 0.1
ND/3.2 ± 1.3

3.2 ± 1.3a/2.2 ± 0.4a
2.7 ± 1.6a/3.3 ± 1.2ab
38.4 ± 2.1b/36.3 ± 0.5C
3.7 ± 1.4a/5.8 ± 0.8b

3.2 ± 1.4a/5.8 ± 2.1*a
3.9 ± 1.3a/6.1 ± 5.2a
39.0 ± 1.1b/36.8 ± 1.1b
6.5 ± 1.0a/3.1 ± 2.2a

3.3 ± 1.1a/2.8 ± 1.3a
7.7 ± 8.3a/3.2 ± 0.7a
37.4 ± 0.3b/34.3 ± 1.2b
5.4 ± 0.9a/8.3 ± 0.6a

3.9 ± 0.6a/2.2 ± 1.3a
3.3 ± 1.4a/2.2 ± 1.0a
38.3 ± 2.4b/32.0 ± 1.1*b
3.7 ± 1.6a/15.0 ± 2.7*C

5.8 ± 0.7a/6.6 ± 0.5a
4.9 ± 0.1a/6.8 ± 0.3a
1.4 ± 0.2b/1.4 ± 0.1b
4.7 ± 1.2a/4.4 ± 0.6a

6.4 ± 0.1a/5.0 ± 0.6a
6.1 ± 0.9ab/5.2 ± 1.3a
1.4 ± 0.0C/1.6 ± 0.2b
4.2 ± 0.8b/4.2 ± 1.3a

8.2 ± 0.5a/4.3 ± 0.5a
6.7 ± 0.4a/3.4 ± 0.7*a
1.6 ± 0.1b/1.3 ± 1.1b
4.5 ± 0.4C/4.5 ± 0.8a

8.9 ± 1.2*a/5.1 ± 2.6a
9.7 ± 0.8*a/3.9 ± 1.6ab
1.7 ± 0.1b/2.0 ± 0.1b
5.6 ± 0.1C/6.4 ± 0.2*a

3.2 ± 1.4a/3.2 ± 0.4a
3.2 ± 1.3a/2.8 ± 0.7ab
0.9 ± 0.1b/0.9 ± 0.0b

2.9 ± 1.3ab/8.0 ± 0.8*a
3.5 ± 0.9a/5.8 ± 0.7*b
0.9 ± 0.1b/1.0 ± 0.0C

3.6 ± 1.2a/9.7 ± 1.1*a
2.7 ± 0.2a/8.0 ± 0.7*a
0.9 ± 0.0b/0.9 ± 0.0b

3.4 ± 0.6a/10.9 ± 0.6*a
3.1 ± 0.5a/9.9 ± 0.9*a
0.9 ± 0.0b/0.9 ± 0.0b

3.8 ± 0.9a/3.0 ± 1.5C

4.3 ± 0.5a/3.5 ± 0.9C

3.8 ± 0.9a/5.3 ± 0.7C

11.5 ± 0.3*a/NDa
12.8 ± 2.7*a/0.5 ± 0.7a
21.1 ± 1.4b/9.6 ± 0.7*b
27.4 ± 7.1b/13.3 ± 1.2*b

4.8 ± 3.1*a/NDa
11.0 ± 6.6*a/NDa
12.2 ± 1.3*a/6.1 ± 1.2*a
25.2 ± 4.3b/7.5 ± 6.5*a

3.9 ± 1.4*a/NDa
5.1 ± 0.5*a/NDa
10.5 ± 1.0*b/3.5 ± 0.5*a
18.8 ± 2.6C/10.3 ± 4.0*b

2.4 ± 0.6a/NDa
1.8 ± 1.7a/NDa
4.6 ± 0.8b/5.2 ± 0.5b
3.2 ± 0.4ab/1.7 ± 0.5*a

1.2 ± 1.1a/NDa
1.1 ± 0.9a/NDa
5.9 ± 0.6*b/4.4 ± 0.6b
4.0 ± 0.4C/0.7 ± 0.6*a

0.3 ± 0.5a/NDa
0.9 ± 0.8a/NDa
5.2 ± 0.2*b/2.8 ± 0.1b
6.1 ± 1.5*b/NDa

20.0 ± 1.7a/1.8 ± 1.6*a
16.7 ± 3.3*a/1.0 ± 1.7*a
1.6 ± 0.4*b/1.9 ± 0.6a
41.9 ± 9.7C/6.0 ± 5.6*a

12.9 ± 5.6*a/ND*a
12.3 ± 1.1*a/ND*a
2.0 ± 1.4*b/0.8 ± 0.1*a
38.2 ± 1.3C/1.0 ± 1.8*a

9.6 ± 1.6*a/ND*a
9.7 ± 3.0*a/ND*a
1.3 ± 0.3*b/0.2 ± 0.4*a
40.1 ± 6.1C/ND*a

NDa

NDa

NDa

a

a

Triacylglycerol
Control
Benzoic acid
Formic acid
Heat treatment
Diacylglycerol
Control
Benzoic acid
Formic acid
Heat treatment
Monoacylglycerol
Control
Benzoic acid
Formic acid
Heat treatment
Fatty acid esters
Control
Benzoic acid
Formic acid

Heat treatment
2.4 ± 0.7ab/3.4 ± 0.3a
Monogalactosyldiacylglycerol
Control
28.0 ± 7.4a/2.1 ± 0.5a
Benzoic acid
31.3 ± 4.7a/2.9 ± 1.2a
Formic acid
24.9 ± 4.8a/21.7 ± 1.0b
Heat treatment
23.3 ± 7.3a/29.6 ± 1.5b
Digalactosyldiacylglycerol
Control
1.6 ± 1.4a/0.3 ± 0.6a
Benzoic acid
2.1 ± 0.4a/1.3 ± 0.6a
Formic acid
4.4 ± 0.8b/4.5 ± 0.1b
Heat treatment
4.4 ± 0.4b/4.1 ± 1.5b
Phosphatidylglycerol
Control
25.2 ± 1.1a/11.6 ± 2.2a
Benzoic acid
24.6 ± 1.5a/11.1 ± 1.4a
Formic acid
4.2 ± 0.2b/3.2 ± 0.5a
Heat treatment
43.6 ± 10.8C/37.6 ± 1.9b
Phosphatidylcholine
Control
NDa
Benzoic acid
Formic acid
Heat treatment
a, b, c

a

ND
9.9 ± 1.0b/4.4 ± 0.2b
NDa

ND
7.0 ± 0.3*b/5.1 ± 0.6b
NDa

ND
6.3 ± 0.3*b/4.5 ± 0.1b
NDa

NDa
5.8 ± 0.4*b/4.2 ± 0.3b
NDa

Results in the same column and stored at the same temperature sharing superscripted letters are not significantly different (P ≥ 0.05)

*Results significantly different from day 1 with the same pre-treatment and stored at the same temperature (P < 0.05)

and the lipolytic processes were faster at higher temperatures.
Unfortunately, the samples from day 0 in our first study were

lost, but it is known that the levels of FFA in microalgae may
initially be high (Artamonova et al. 2017a). However, in our

J Appl Phycol
Table 5 Fatty acid composition (weight percentage) from day 1 to 14 for both temperatures (mean ± standard deviation, n = 3). Control samples had no
pre-treatment, 0.1% (w/w) benzoic acid, formic acid to pH 3.0, and heat treatment 70 °C for 30 min
4 °C/20 °C

C14:0
Control
Benzoic acid
Formic acid
Heat treatment
C16:0
Control
Benzoic acid
Formic acid
Heat treatment
C18:0
Control
Benzoic acid
Formic acid
Heat treatment
C16:1n-7
Control
Benzoic acid
Formic acid
Heat treatment
C16:2n-4
Control
Benzoic acid
Formic acid
Heat treatment
C16:3n-4
Control
Benzoic acid
Formic acid
Heat treatment
C16:4n-1
Control
Benzoic acid
Formic acid
Heat treatment
C18:4n-3
Control
Benzoic acid
Formic acid
Heat treatment
C20:5n-3
Control
Benzoic acid
Formic acid
Heat treatment
C22:6n-3
Control
Benzoic acid
Formic acid
Heat treatment
a, b, c

Day 1

Day 3

Day 7

Day 14

3.9 ± 0.1a/5.7 ± 0.0a
4.4 ± 0.2a/5.1 ± 0.1b
4.0 ± 0.1a/4.2 ± 0.1c
5.8 ± 0.4b/5.6 ± 0.1D

4.4 ± 0.4a/5.6 ± 0.2a
4.6 ± 0.1a/5.5 ± 0.2a
4.2 ± 0.2a/4.7 ± 0.3b
5.5 ± 0.4b/4.7 ± 0.3*b

5.2 ± 0.4a/6.8 ± 1.5a
4.7 ± 0.2a/5.6 ± 0.1*ab
4.5 ± 0.2*a/4.8 ± 0.2*b
5.6 ± 0.1a/4.5 ± 0.1b

5.9 ± 0.8a/7.4 ± 1.6a
5.4 ± 0.0*a/6.2 ± 0.3*ab
4.5 ± 0.1*a/5.3 ± 0.1*bc
5.5 ± 0.1a/4.2 ± 0.2*c

4.2 ± 0.0a/4.3 ± 0.1a
4.0 ± 0.2ab/3.8 ± 0.1b
4.0 ± 0.1ab/4.3 ± 0.1a
3.8 ± 0.1b/4.1 ± 0.0a

4.1 ± 0.2a/4.3 ± 0.0a
4.3 ± 0.2a/4.1 ± 0.2a
4.3 ± 0.2a/5.4 ± 0.4*b
4.1 ± 0.2a/4.0 ± 0.2a

4.3 ± 0.3a/5.5 ± 0.9a
4.3 ± 0.3a/4.4 ± 0.4*b
4.9 ± 0.1*a/5.8 ± 0.1*a
4.1 ± 0.1a/4.3 ± 0.1b

5.0 ± 0.7ab/5.9 ± 1.2*a
4.7 ± 0.1*ab/4.5 ± 0.1*b
5.4 ± 0.1*a/6.2 ± 0.0*a
4.1 ± 0.1b/4.5 ± 0.0*b

1.3 ± 0.0a/1.2 ± 0.0a
1.1 ± 0.2b/0.9 ± 0.1b
1.3 ± 0.1a/1.3 ± 0.0a
1.0 ± 0.1b/1.2 ± 0.0a

1.2 ± 0.1a/1.1 ± 0.0ab
1.3 ± 0.2a/0.9 ± 0.1a
1.5 ± 0.1*a/1.3 ± 0.1b
1.2 ± 0.2a/1.1 ± 0.2ab

1.2 ± 0.1a/1.4 ± 0.2a
1.3 ± 0.2a/1.1 ± 0.1b
1.4 ± 0.0a/1.2 ± 0.1ab
1.2 ± 0.1a/1.1 ± 0.1ab

1.4 ± 0.3a/1.4 ± 0.3a
1.2 ± 0.0a/1.0 ± 0.1b
1.4 ± 0.1a/1.2 ± 0.0ab
1.2 ± 0.0a/1.2 ± 0.0ab

10.1 ± 0.0a/10.8 ± 0.2a
10.1 ± 0.1a/10.4 ± 0.0b
9.7 ± 0.3b/10.7 ± 0.1ab
10.5 ± 0.1c/10.5 ± 0.0ab

10.2 ± 0.0a/11.1 ± 0.1a
10.3 ± 0.0a/10.9 ± 0.1a
10.5 ± 0.3*a/12.3 ± 0.6*b
10.5 ± 0.1a/10.6 ± 0.2a

11.0 ± 0.0ab/11.9 ± 0.8a
10.6 ± 0.2a/11.1 ± 0.3*ab
11.7 ± 0.3*b/12.7 ± 0.2*c
10.5 ± 0.1a/11.0 ± 0.1b

11.3 ± 0.3a/13.5 ± 2.2*a
11.7 ± 0.1*a/11.6 ± 0.7*ab
12.4 ± 0.1*a/13.5 ± 0.1*a
10.5 ± 0.0a/11.2 ± 0.2*b

2.4 ± 0.0a/2.5 ± 0.1a
2.4 ± 0.0a/2.4 ± 0.0a
5.3 ± 0.1b/5.2 ± 0.1b
2.5 ± 0.0a/2.4 ± 0.0a

2.5 ± 0.0a/2.5 ± 0.0a
2.5 ± 0.0a/2.4 ± 0.0a
5.2 ± 0.1b/5.0 ± 0.1b
2.4 ± 0.0a/2.4 ± 0.0a

2.5 ± 0.0a/2.4 ± 0.1a
2.5 ± 0.0a/2.4 ± 0.0a
5.1 ± 0.1*b/4.8 ± 0.1*b
2.5 ± 0.0a/2.5 ± 0.0a

2.6 ± 0.0a/2.5 ± 0.1a
2.6 ± 0.0*a/2.5 ± 0.1*ab
4.9 ± 0.0*b/4.9 ± 0.0*c
2.5 ± 0.0c/2.4 ± 0.0b

4.8 ± 0.1ab/4.7 ± 0.1a
4.9 ± 0.0a/4.6 ± 0.0a
9.4 ± 0.1c/9.0 ± 0.0b
4.7 ± 0.1b/4.6 ± 0.0c

4.8 ± 0.0a/4.6 ± 0.0a
4.8 ± 0.0a/4.5 ± 0.0*a
9.1 ± 0.1*b/8.5 ± 0.1*b
4.6 ± 0.0c/4.7 ± 0.0c

4.8 ± 0.0a/4.5 ± 0.1a
4.7 ± 0.0*a/4.4 ± 0.1*a
8.7 ± 0.0*b/8.2 ± 0.0*b
4.6 ± 0.0c/4.7 ± 0.0c

4.8 ± 0.0a/4.4 ± 0.2*a
4.8 ± 0.1a/4.5 ± 0.0*a
8.3 ± 0.0*b/8.0 ± 0.0*b
4.6 ± 0.0a/4.7 ± 0.0c

31.9 ± 0.2a/31.6 ± 0.2a
32.6 ± 0.1b/31.5 ± 0.1a
28.0 ± 0.1c/26.7 ± 0.1b
31.8 ± 0.6a/31.5 ± 0.2a

32.2 ± 0.1a/31.1 ± 0.1a
32.1 ± 0.4a/30.9 ± 0.0a
26.9 ± 0.1*b/25.0 ± 0.2*b
31.5 ± 0.1c/31.7 ± 0.3c

31.5 ± 0.2a/29.5 ± 1.1a
31.7 ± 0.3*a/29.9 ± 0.9*a
25.6 ± 0.0*b/24.2 ± 0.1*b
31.5 ± 0.0a/31.4 ± 0.1c

31.0 ± 0.8a/28.9 ± 2.1*a
31.4 ± 0.4*a/30.2 ± 0.1*ab
24.6 ± 0.1*b/23.5 ± 0.1*c
31.4 ± 0.1a/31.5 ± 0.2b

10.0 ± 0.0a/9.9 ± 0.1a
9.9 ± 0.0b/10.1 ± 0.0b
3.7 ± 0.0c/3.5 ± 0.0c
10.1 ± 0.1a/10.0 ± 0.0b

9.8 ± 0.0ab/9.3 ± 0.1a
9.7 ± 0.1a/9.9 ± 0.1b
3.5 ± 0.1c/3.6 ± 0.1c
10.1 ± 0.0b/9.9 ± 0.2b

9.7 ± 0.1a/9.0 ± 0.5a
9.8 ± 0.0a/9.8 ± 0.4b
3.6 ± 0.0b/3.7 ± 0.0*c
10.0 ± 0.0a/9.6 ± 0.0b

9.5 ± 0.3a/9.0 ± 0.5*a
9.6 ± 0.1ab/10.0 ± 0.1b
3.7 ± 0.1c/3.8 ± 0.0*c
10.1 ± 0.0b/9.3 ± 0.1*a

28.3 ± 0.1a/26.6 ± 0.4ab
27.8 ± 0.1ab/28.0 ± 0.1a
31.5 ± 0.4c/32.3 ± 0.4c
27.1 ± 0.4b/27.1 ± 0.1b

27.8 ± 0.1a/27.5 ± 0.2a
27.5 ± 0.1a/27.7 ± 0.2a
31.7 ± 0.8b/31.3 ± 1.2b
27.2 ± 0.2a/27.9 ± 0.2*a

26.9 ± 0.4a/25.8 ± 1.2a
27.6 ± 0.2a/27.7 ± 0.1ab
31.6 ± 0.5b/31.2 ± 0.4c
27.1 ± 0.1a/27.9 ± 0.1b

25.8 ± 1.1*a/24.2 ± 2.1*a
25.9 ± 0.2*a/26.7 ± 0.7*ab
31.7 ± 0.1b/30.0 ± 0.2*c
27.3 ± 0.1a/27.9 ± 0.3*bc

2.9 ± 0.1ab/2.7 ± 0.2a
2.9 ± 0.1ab/3.0 ± 0.0a
3.2 ± 0.2a/2.9 ± 0.1a
2.6 ± 0.4b/2.8 ± 0.0a

2.9 ± 0.0a/3.0 ± 0.0a
2.9 ± 0.0a/2.9 ± 0.0a
2.9 ± 0.1*a/2.9 ± 0.2a
2.8 ± 0.0a/3.0 ± 0.1a

2.8 ± 0.1a/3.1 ± 0.2a
2.8 ± 0.0a/3.0 ± 0.1a
2.9 ± 0.0*a/3.4 ± 0.0*b
2.8 ± 0.0a/3.0 ± 0.0a

2.8 ± 0.1*ab/2.8 ± 0.3a
2.6 ± 0.0*a/2.9 ± 0.1a
3.1 ± 0.1b/3.6 ± 0.0*b
2.8 ± 0.0ab/3.0 ± 0.0a

Results in the same column and stored at the same temperature sharing superscripted letters are not significantly different (P ≥ 0.05)

*Results significantly different from day 1 with the same pre-treatment and stored at the same temperature (P < 0.05)

follow-up study of temperature treatment, the initial FFA content was 7%. One reason for high initial levels of FFA may be
that the centrifugation process during harvesting damages the
cells initiating enzymatic hydrolysis.

The rapid formation of FFA in diatoms has been attributed
to grazer defense mechanisms, where the fatty acids are released from the glycerol backbones via hydrolytic enzymes to
produce oxylipins downstream (d’Ippolito et al. 2004;
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Fig. 2 Polyunsaturated fatty acids
(PUFA, weight percentage) from
day 1 to 14 for each treatment
(n = 3) at 4 (A) and 20 °C (B).
Benzoic acid (0.1% (w/w),
square), control (no pre-treatment,
circle), formic acid (pH 3.0, triangle), and heat treatment (70 °C
for 30 min, diamond)

Wichard et al. 2007; Gerecht et al. 2011). The inhibiting effect
of heat treatment on formation of FFA has previously been
reported in other diatoms such as Pseudo-nitzschia pungens
and Pseudo-nitzschia multiseries (Budge and Parrish 1999)
and Skeletonema costatum (Berge et al. 1995). In both these
studies, boiling water was poured over the biomass pellets to
inactivate the lipolytic enzymes. In a recent study, Balduyck
et al. (2019) found a heat treatment of 80 °C for 8 min in a
water bath sufficient to inhibit the lipolytic reactions in
T. lutea for 7 days of storage at 4 °C, whereas 65 °C was
not enough. In formic acid samples, the formation of FFA
was also slowed down and this indicates that a pH of 3.0 is
enough to substantially inhibit the lipolytic enzymes. In hazelnut, lipase activity was inhibited at a pH of 3.5 (Seyhan
et al. 2002), which is in accordance with our findings. In
contrast, a pH of 4.0 was not enough to inhibit lipolytic reactions in T. lutea (Balduyck et al. 2016). It would clearly be of
interest to study the combined use of heat treatment and lowering of pH on the formation of FFA in microalgae biomass.
d’Ippolito et al. (2004) found glycolipids to be the main
sources for oxylipin production in S. costatum, whereas phospholipids played only a minor role. In this study, we found a
large decrease in PG for most samples during storage, indicating lipolytic degradation of this class even though it may not
be strictly involved in oxylipin formation. Another explanation may be that there is a difference in the oxylipin pathway
in P. glacialis compared with S. costatum. The susceptibility
of polar lipid classes to lipolysis during storage of microalgae
biomass has also been reported for other species as well
(Berge et al. 1995; Balduyck et al. 2016).
The samples used in formic acid treatment were harvested
at a different time than the other samples, which probably
explains the differences in initial lipid class composition. It
is known that the lipid class composition of diatoms is affected
by the culture age when harvesting microalgae from a continuous cultivation (Alonso et al. 2000).

Based on the formation of FFA, heating to 70 °C was apparently not enough to inactivate the lipolytic enzymes completely,
but at a storage temperature of 4 °C, the activity of these enzymes appeared to be very low. For lipolysis to be slowed down
at a 20 °C storage temperature, the samples had to be heated to
90 °C before storage, heating the samples to 80 °C was not
enough. Some exogenous enzymes of microbial origin may
have contributed to the formation of FFA during prolonged
storage, in particular at 20 °C and neutral pH. It has previously
been investigated whether the lipolysis in microalgae was
caused by endogenous enzymes or by exogenous microbial lipases. Some have concluded that the origin was endogenous
(Balduyck et al. 2016) whereas others have found indications
of bacterial activity (Budge and Parrish 1999). The level of
benzoic acid in our samples was based on the amount usually
added to foodstuff to inhibit microbial growth and did not affect
the pH of the samples. This was important to separate whether
the effect from benzoic acid and formic acid was mainly a pH
effect or an antimicrobial effect. Our results indicate an effect of
pH rather than an antimicrobial effect.
Lipases from psychrophilic organisms are commonly
inactivated at lower heating temperatures, however such enzymes have been reported to have high resistance to irreversible heat inactivation (Owusu et al. 1992; Makhzoum et al.
1993). Additionally, psychrophilic enzymes have a lower optimum temperature, usually around 20 °C, than enzymes from
mesophilic organisms (Feller and Gerday 2003). The heat
treatment applied in this study may have left some active
lipases, therefore to avoid lipolysis during storage, it may be
essential to apply lower storage temperatures. Storage of
mesophilic microalgae has been studied much more extensively than psychrophilic microalgae, and these have reported
lower development of free fatty acids (Balduyck et al. 2016,
2019). The much higher formation of free fatty acids in this
study may be explained by the low optimum temperatures of
enzymes in psychrophilic organisms compared with
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mesophilic organisms during storage of biomass at refrigeration or room temperature.
The omega-3 content of diatoms stored at refrigerator temperatures has previously been found to decrease rapidly
(Welladsen et al. 2014), but a heat treatment appears to make
the omega-3 content more stable during storage of microalgae
(Budge and Parrish 1999; Balduyck et al. 2019) which is
similar to our results for the diatom P. glacialis.
The loss of PUFA may stem from endogenous enzyme activities, as production of oxylipins via lipoxygenase requires PUFA
of a certain kind (Fontana et al. 2007). The other explanation for
the loss of PUFA may be autoxidation, to which these fatty acids
are very susceptible. Budge and Parrish (1999) found that heat
treatment inhibited PUFA degradation. They speculated that the
heat treatment might have inhibited some mechanism of PUFA
degradation either by less PUFA available as FFA, which could
be more exposed to autoxidation or lipoxygenase, or that the heat
treatment inactivated the lipoxygenase enzymes. Previous studies
have established that PUFA as FFA are more prone to autoxidation (Miyashita and Takagi 1986). However, the FFA content of
the formic acid and heat-treated samples in our study was similar,
yet the decrease of PUFA content was larger in the formic acid
samples at 20 °C. It could well be that both formic acid and heat
treatment are able to inhibit the enzymatic oxidation, and that the
loss of PUFA in the formic acid samples is caused by the low pH.
It has previously been proposed that low pH accelerates autoxidation of fish oil–enriched mayonnaise (Jacobsen et al. 2001)
and in fish silage stabilized with formic acid (Ozyurt et al.
2018). However, commonly used methods for evaluating oxidation parameters are usually titrative (peroxide value) or spectrophotometric (peroxide value, anisidine value, conjugated dienes,
and thiobarbituric acid reactive substances). The amount of pigments in microalgae biomass may interfere with the readouts
from these methods (Safafar et al. 2017) and oxidation parameters were therefore not analyzed in this study.

deterioration in this psychrophilic diatom was highest at
20 °C, so refrigeration seems prudent for storage over several
days.
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Conclusions
Lipids were best preserved in heat-treated biomass stored at
4 °C, with regards to both the development of free fatty acids
and reduction in PUFA level. Mainly, polar lipids were hydrolyzed to free fatty acids. Formic acid as pre-treatment reduced
the amount of lipolysis during storage but was not able to inhibit PUFA deterioration to the same extent as heat treatment.
Benzoic acid and control samples showed similar trends for
lipid deterioration during storage and displayed high lipolytic
activity. The effect of heat treatment on both lipid class and
fatty acid composition, and the lack of effect from benzoic acid
treatment, indicate that the degradation of lipids stems from
endogenous enzymes of P. glacialis rather than exogenous enzymes from other microorganisms. The rate of lipid
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Lipid yield from the diatom
Porosira glacialis is determined
by solvent choice and number
of extractions, independent of cell
disruption
Jon Brage Svenning1*, Lars Dalheim1, Terje Vasskog2, Lucie Matricon3, Birthe Vang3 &
Ragnar Ludvig Olsen1
Cell wall disruption is necessary to maximize lipid extraction yields in conventional species of masscultivated microalgae. This study investigated the effect of sonication, solvent choice and number of
extractions on the lipid yield, lipid class composition and fatty acid composition of the diatom Porosira
glacialis. For comparison, the diatom Odontella aurita and green alga Chlorella vulgaris were included
in the study. Sonication effectively disrupted P. glacialis cells, but did not increase the total lipid yield
compared to physical stirring (mixing). In all three microalgae, the content of membrane-associated
glyco- and phosopholipids in the extracted lipids was strongly dependent on the solvent polarity. A
second extraction resulted in higher yields from the microalgae only when polar solvents were used.
In conclusion, choice of solvent and number of extractions were the main factors that determined lipid
yield and lipid class composition in P. glacialis.
Marine photoautotrophic microalgae are a largely unexploited source of lipids with a wide range of possible uses, such as biodiesel p
 roduction1, fish oil substitution in aquaculture f eed2 or nutraceuticals for human
consumption3. The high costs associated with cultivation and extraction of lipids have, however, prevented the
production of low-cost products, and the current production of microalgae is limited to high-priced lipophilic
products such as pigments, omega-3 supplements or other valuable b
 iomolecules4–6. One of the main challenges
to reduce the processing cost is to maximize the product recovery from microalgal biomass. In this respect, cell
disruption prior to extraction is a prerequisite in frequently mass-cultivated microalgae due to tough cell walls
that prevent lipid r elease7,8. Diatoms have silica-based cell walls, which are fragile compared to the tough cell walls
associated with microalgae such as Nannochloropsis sp.9 or Chlorella sp.10. As a consequence, an efficient extraction from diatom biomass may be less challenging. In addition, cell disruption has been shown to enzymatically
release fatty acids from membrane lipids in diatoms. Polyunsaturated fatty acids may then be transformed and
degraded by lipoxygenases and lyases to potentially harmful secondary oxidation products, collectively known
as oxylipins11–13. Removing cell disruption from the oil extraction procedure may therefore avoid reduction in
the PUFA content and the need for extensive refinement to remove free fatty acids and oxidation products from
the oil.
Of the two most commonly used methods in laboratory settings, Folch’s m
 ethod14 is preferentially used for
lipid extraction of marine biomass, as the method of Bligh and Dyer15 tends to underestimate the lipid content
in lipid-rich marine o
 rganisms16. In its original design, the Folch method utilizes a mixture of chloroform and
methanol as the organic phase. The less toxic dichloromethane functions equally w
 ell17,18, and is now the preferred
choice in most Folch extractions. However, as both methanol and dichloromethane pose potentially serious
health hazards, alternative solvents of lower toxicity such as hexane/isopropanol have been suggested19. In largescale industrial production of algal biomass, the traditional methods for lipid extraction become impractical
due to the cost and health risks associated with organic solvents. As a result, studies have investigated the use of
hexane alone to extract microalgal oils for biodiesel production20,21. Compared to the chlorinated solvents, hexane
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has a lower cost, higher specificity toward lipids of low polarity such as triglycerides, and is less problematic to
dispose of. As the diatom studied in this experiment has a high content of polyunsaturated fatty acids bound to an
abundance of complex membrane lipids22,23, hexane alone is unlikely to provide an efficient extraction. Cell disruption prior to extraction may, however, increase the yield of the more polar lipids when extracting with hexane.
Although most laboratory procedures rely on a single extraction to isolate lipid from a given biomass, one
study found that repeating the extraction twice independently of solvent choice significantly increased the lipid
yield from the green microalgae Chlorella sp.24. However, while studies on other microalgae are helpful when
developing new methods, the final choice of extraction method is probably species-dependent, due to the highly
diverse membrane physiology, morphology and biochemistry within the p
 hytoplankton25. Porosira glacialis, the
diatom used in this study, is a large (Ø > 30 μm), cold-water strain with the potential to convert CO2 from flue
gas in large-scale photobioreactors into valuable products such as omega-3 fatty a cids26. The aim of the present
study was to investigate how different cell disruption methods affected the integrity of this diatom cultivated
in a pilot scale. The lipid yield when using industrially relevant solvents after applying the most destructive
disruption technique of the biomass was compared with a relatively gentle mixing more suitable for large scale
processing. The lipid classes and the fatty acid composition of the extracted lipids were also determined. For
comparison, the green algae Chlorella vulgaris and the diatom Odontella aurita, both commercially available,
were included in the study.

Materials and methods

Materials. Lyophilized material of C. vulgaris (Midsona, Oslo, Norway) was purchased from a local health
store. Lyophilized O. aurita was obtained from KissPlanet (Gembloux, Belgium). Kristalon Flower was purchased from Yara Norge as, Oslo, Norway. Sodium metasilicate pentahydrate was acquired from Skovly Engros
as, Oslo, Norway. Kits for quantifying NO3, NO2, silicic acid, PO4 and NO4 were purchased from VWR, Radnor, Pennsylvania, USA. Dichloromethane (99.9%), methanol (99.8%), sulfuric acid (95–97%), hexane (99%),
sodium metasilicate pentahydrate (≥ 95%), sodium chloride, isopropanol and lipid standards of diacylglyceryltrimethylhomoserine (1,2-dipalmitoyl-sn-glycero-3-O-4′-(N,N,N-trimethyl)-homoserine; DGTS), sulfoquinovosyldiacylglycerol (SQDG) and phosphatidylinositol (PI) were purchased from Sigma Aldrich, St. Louis,
Missouri, USA. Lipid standards of phosphatidylcholine (1,2-Dimyristoyl-sn-Glycero-3-Phosphatidylcholine;
PC), phosphatidylglycerol (1,2-Dimyristoyl-sn-Glycero-3-Phosphatidylglycerol Na Salt; PG), phosphatidylserine (1,2-Dipalmitoyl-sn-Glycero-3-Phosphatidylserine Na salt; PS), phosphatidylethanolamine (1,2-Dimyristoyl-sn-Glycero-3-Phosphatidylethanolamine; PE), hydrogenated monogalactosyl diglyceride (MGDG), hydrogenated digalactosyl diglyceride (DGDG), ergosterol, triolein (TAG), diolein (DAG) and monolein (MAG) were
purchased from Larodan AB, Solna, Sweden.
Diatom strain cultivation and harvesting. The monoculture of P. glacialis used in this study was iso-

lated from a sediment sample collected in the Barents Sea in 2014 and identified using light microscopy and
SEM imaging27. The cultivation was performed in a 300,000-L vertical column photobioreactor placed outdoors,
mixed by continuous aeration using pressurized air. The culture was illuminated with LEDs (VIS, PAR radiation)
at a mean illumination of ca. 18 μmol m−2 s−1 with reference to a spherical PAR sensor (Biospherical, QSL-100).
The seawater used in the cultivation was collected at 25-m depth, pre-filtered at 1 μm and disinfected using
ultraviolet radiation. The cultivation temperature was 6 °C. Inorganic nutrients were added in the form of 0.1 g/l
Kristalon flower (14% N, 3.9% P) and sodium metasilicate pentahydrate stock solution (0.1 g/l in H
 2O). The
concentration of inorganic nutrients was measured daily using the kits listed above. In order to maintain a nutrient replete environment, the concentrations of N and Si were maintained within 50–150 μM and 20–150 μM,
respectively. The culture medium was also enriched with CO2 by aerating the culture with flue gas (6–12% CO2)
to pH < 8.0 on a daily basis. The culture, as part of a longer period of sampling for various experimental work,
was maintained in exponential growth at approximately 20 million cells/l by daily cell counts and dilutions.
Harvesting was performed by passing the culture through a continuous solid bowl centrifuge (Model PTDC,
Nanjing Kingreat Machinery Company, Jiangsu, China) at 835 G and collecting the resulting biomass with a
spatula and placing the biomass at − 80 °C while awaiting analysis.

Evaluation of methods for cell disruption. Thawed biomass of P. glacialis was mixed in water (1 mg/
ml) and exposed to the following cell disruption methods: Microwave (EV-880MD, Evalet) at 2450 MHz for
3 min and 45 s; sonication at 20 kHz for 3, 5, 10 and 15 min on ice (VC50, Sonics and Materials Inc.), ultrathurax
(Polytron PT 1200 E) for 10 min at 25,000 RPM and manual grinding using a PTFE pestle. The effect of lyophilization was also evaluated by freeze-drying P. glacialis and re-dissolving 1 mg/ml wet-weight equivalent in water.
Following treatment, each method was evaluated by the visual appearance of the biomass in a microscope (Zeiss
Axio Vert.A1) at 100 × magnification, and the most efficient method chosen as the cell disruption method prior
to lipid extraction.
Determination of ash‑free dry weight. Following freeze-drying, five replicates of 300 mg dry weight
(DW) were placed at 105 °C in pre-burned, open aluminum containers for 24 h to determine the DW, and then
combusted in a muffle furnace to determine the ash-free dry weight (AFDW).
Physical treatment and lipid extraction:. The control lipid extraction method used in this experiment
was based on the method developed by Folch et al.14. Lyophilized biomass was divided into five replicates of
150 mg in 15 ml centrifuge tubes and added 20 volumes (3 ml) of either dichloromethane/methanol (2:1 v/v,
DCM/MeOH), hexane/isopropanol (2:1 v/v, hexane/IPA) or hexane. Following the addition of solvent, the samScientific Reports |
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ples were subjected to the following treatments: No treatment (control), stirring using a shaker (Heidolph Multireax) at 1000 RPM for 60 min at room temperature (mixing), and sonication at 20 kHz for 10 min (sonication)
on ice. The samples were then added 3 ml MiliQ water added 5% NaCl and centrifuged for 5 min at 3000 G,
before the organic phase was transferred to a 4 ml vial and evaporated under nitrogen. The extraction procedure
was repeated once without physical treatment for each sample, and the yield was determined gravimetrically
for each extraction respectively as percent of AFDW. Finally, the samples were dissolved (10 mg/ml) in DCM/
MeOH (2:1 v/v) and stored at -80 °C.

Fatty acid methylation and GC analysis. Fatty acids were methylated using a method developed by

Stoffel et al.28 with modifications, for a detailed description of the derivatization procedure see Svenning et al.23.
The fatty acid methyl esters (FAMEs) were analyzed on a GC-FID (Agilent Technologies) coupled to a Select
FAME column (length 50 m, ID 0.25 mm and FT 0.25 μm, Agilent J&W Columns). The GC conditions were
as follows: Helium was used as the carrier gas at a rate of 1.6 ml/min. The inlet temperature was set to 240 °C
(split 1:50), and the FID was set to 250 °C. The oven temperature was programmed to 60 °C for one minute,
then increased to 130 °C at a rate of 30 °C/min, then to 195 °C at a rate of 1.3 °C/min, before finally increasing to
240 °C at a rate of 30 °C/min for 10 min. The fatty acids were identified using fatty acids standards quantified by
dividing the peak area of the chromatograms with the area of the internal standard (heptadecaenoic acid), and
converted to absolute amounts using the slopes calculated from standard curves (triplicates of 7.8125–2000 μg/
ml of GLC 502 Free Acids, Nu-Check-Prep, Elysian, MN, USA).

Lipid class analysis by HPLC. The composition of lipid classes was analyzed using a Waters e2795 separations module, coupled to a Supelcosil™ LC-SI 5 μm (25 cm × 4.6 mm) column (Supelco HPLC products, Bellefonte, PA, USA) set to a working temperature of 40 °C. The HPLC method used was developed by Abreu et al.29.
Lipids were quantified using a Waters 2424 ELS detector set to gain 100, nebulizer heating level set to 30%, drift
tube temperature set to 45 °C and pressure set to 40 PSI. The total run time was 41 min, using the gradient profile and mobile phases listed in Supplementary Table S1. Lipids were quantified based on the peak area in the
chromatograms and converted to absolute amounts based on standard curves (triplicates of 12.5–400 μg/ml of
the lipid classes listed in “Materials”). All samples and standards were dissolved in mobile phase A/Chloroform
(4:1 v/v) prior to analysis.
Data presentation and statistics. All analyses were performed using 5 replicates and presented as
means ± standard deviations, either in tables or as figures with error bars representing one standard deviation.
All statistical analyses were prepared using R v3.6.1 (‘Action of the Toes’), making use of the ‘ggplot2’ package,
and a range of packages in the Tidyverse. Means of total lipid content, fatty acid and lipid class composition were
compared with the pair-wise Tukey test, assuming a normal distribution. Means were determined different at a
significance level of < 0.05. All numerical values and methods for hypothesis testing and descriptive statistical
procedures are included in the R markdown supplied with this study, see Data availability.

Results and discussion

Evaluation of methods for cell disruption. Of the five treatments applied for cell disruption, lyophilization (Fig. 1d) was the least effective method compared to the control (Fig. 1a). Sonication (Fig. 1e) was the only
method that effectively disrupted the cell wall of P. glacialis, and 10 min was sufficient to achieve complete lysis
of the cells (the data for the other timepoints are not shown, but included in the OSF for this study). Neither
manual grinding (Fig. 1b), microwave (Fig. 1c) or ultrathurax (Fig. 1f) was effective at disrupting the cell walls
of P. glacialis. Sonication for 10 min was therefore chosen as the cell disruption method for lipid extraction.
Total lipid yields. In P. glacialis, the solvent DCM/MeOH gave higher total lipid yields than both hexane/
IPA and hexane independently of treatment, and the differences were statistically significant for both extractions (Fig. 2). The highest lipid yields overall was achieved when extracting with DCM/MeOH using mixing and
sonication, both for the first extraction (15.9% for both treatments) and for the total yield after two extractions
(20.7% for both treatments). The lipid yield in the control sample was significantly lower (p < 0.05) compared to
mixing and sonication for both extractions in DCM/MeOH (13.0% and 18.8%, respectively).
Hexane/IPA was almost as effective as DCM/MeOH in extracting lipids from P. glacialis. The total lipid yield
was approximately 18.1% of AFDW after both mixing and sonication and as for DCM/MeOH, this was significantly higher than in the sample with no treatment (Fig. 2). Extracting with hexane resulted in much lower lipid
yields independently of treatment compared to both DCM/MeOH and hexane/IPA, with a maximum yield of
5.3% in the sonicated samples. Hexane was also the only solvent in which sonication resulted in a significantly
higher yield compared to mixing (3.9%).
Performing a second extraction had a significant effect on the total lipid yields with both DCM/MeOH and
hexane/IPA, independently of treatment. In contrast, the effect of the second extraction in hexane was negligible.
Cell disruption by sonication did not increase the total lipid yields when using the polar solvents compared
with mixing, despite the clear disruptive effect of the treatment (Fig. 1). This result is contrary to those found in
studies on green algae and c yanobacteria7,30,31 and Nannochloropsis sp.9, and shows that lipids in P. glacialis are
more accessible for extraction compared to other commonly mass-cultivated microalgae. Our results therefore
indicate that solvent choice and number of extractions are the main factors that determine lipid yield in lyophilized material of P. glacialis.
The highest lipid yield in O. aurita was achieved with DCM/MeOH in combination with mixing (7.8%),
although this result was not statistically different from the yield when extracted with DCM/MeOH in combination
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Figure 1.  The effect of cell disruption on thawed biomass of Porosira glacialis. (a) Control, (b) manual grinding
using a PTFE pestle, (c) microwave, (d) lyophilization, (e) sonication, (f) Ultrathurax. All images were captured
at 100 × magnification.

Figure 2.  Lipid yields as percent of AFDW (Ash-free dry weight) from Porosira glacialis using three solvent
systems; dichloromethane/methanol (2:1 v/v); DCM/MeOH), Hexane/isopropanol (2:1 v/v; Hexane/IPA) and
hexane; and three cell disruption treatments; no treatment (control), shaking at 1000 RPM for 60 min (mixing)
and sonication at 20 kHz for 10 min (sonication). Two consecutive extractions were performed, data shown is
the arithmetic mean of each extraction, n = 5. The error bars represent the standard deviation of the mean for
the first extraction (bottom bar) and for the total yield (top bar).
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Figure 3.  Lipid yields as percent of AFDW (Ash-free dry weight) from Odontella aurita using three solvent
systems; dichloromethane/methanol (2:1 v/v) (DCM/MeOH), hexane/isopropanol (2:1 v/v) (Hexane/IPA) and
hexane; and three cell disruption treatments; no treatment (control), mixing at 1000 RPM for 60 min (mixing)
and sonication at 20 kHz for 10 min (sonication). Two consecutive extractions were performed, data shown is
the arithmetic mean of each extraction, n = 5. The error bars represent the standard deviation of the mean for
the first extraction (bottom bar) and for the total yield (top bar).
with sonication (7.3%) (Fig. 3). Hexane/IPA was less effective, resulting in a maximum yield of 5.2% in the sonicated samples. Hexane was the least effective solvent in O. aurita, with a maximum lipid yield of 3.5% in the
sonicated samples. Performing a second extraction had a significant effect on the total lipid yields for all three
solvents with the exception of hexane in combination with control.
DCM/MeOH was a more effective solvent than both hexane/IPA and hexane when extracting lipids from
both P. glacialis and O. aurita. Other studies have found that hexane/IPA can replace chlorinated solvent mixtures when extracting specific lipids from bacteria32 and rat brain19. However, a study on fish meal found that
hexane/IPA gave lower lipid yields compared to chloroform-based methods, probably due the lower polarity of
hexane/IPA33. Likewise, our results indicate that Hexane/IPA is not an ideal substitute for chlorinated solvents
when extracting lipids from diatom biomass in laboratory-scale extractions. With that being said, the effect of
replacing DCM/MeOH with hexane/IPA was less severe for P. glacialis. Extracting with hexane/IPA resulted in
a 33.3% lower lipid yield in O. aurita, and only 12.1% in P. glacialis compared to the highest yield achieved with
DCM/MeOH. Our results therefore indicate that hexane/IPA can be used as an alternative to chlorinated solvent
mixtures in large-scale lipid extractions from P. glacialis with a minor loss of product recovery.
In contrast to the two diatoms, the highest yield in C. vulgaris was dependent on treatment, not solvent
(Fig. 4). Sonication in combination with DCM/MeOH and hexane/IPA resulted in the highest yields (4.4% and
4.2%, respectively). Mixing did not increase the total yield significantly (p > 0.05) compared to the control with
any of the three solvents. Based on the first extraction alone, the lipid yield when extracting with hexane was
not statistically different (p > 0.05) to the yield when using DCM/MeOH and hexane/IPA in the sonicated samples. However, the second extraction increased the yield significantly with both DCM/MeOH and hexane/IPA
independently of treatment. The effect of the second extraction was much lower in hexane. Our results indicate
that hexane/IPA can replace DCM:MeOH when extracting lipids from C. vulgaris, if used in combination with
sonication. Hexane was not an effective solvent for lipid extraction in any of the three microalgae tested in this
experiment, despite applying sonication to disrupt the cell walls, and should be avoided with the objective of
maximizing yield. All numerical values are provided in the Open Science Framework supplied with this study.

Lipid class composition. In P. glacialis, the distribution of lipid classes was highly dependent on solvent
polarity (Table 1). The lipids extracted with DCM/MeOH and hexane/IPA were dominated by the polar membrane lipids MGDG, PG and PC, including some DGDG in the sonicated samples. The lipids extracted with hexane primarily contained the neutral lipids TAG, DAG and FFA. The content of FFA in P. glacialis was dependent
on solvent, with a minimum of about 9% in the DCM/MeOH extracts and a maximum of 40% with hexane. The
high content of FFA in the hexane extracts is because only the more hydrophobic lipids, not membrane lipids,
are present.
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Figure 4.  Lipid yields as percent of AFDW (Ash-free dry weight) from Chlorella vulgaris using three solvent
systems; dichloromethane/methanol (2:1 v/v) (DCM/MeOH), Hexane/isopropanol (2:1 v/v) (Hexane/IPA) and
hexane; and three cell disruption treatments; no treatment (control), mixing at 1000 RPM for 60 min (mixing
and sonication at 20 kHz for 10 min (sonication). Two consecutive extractions were performed, data shown is
the arithmetic mean of each extraction, n = 5. The error bars represent the standard deviation of the mean for
the first extraction (bottom bar) and for the total yield (top bar).
Sonication of P. glacialis in combination with DCM/MeOH resulted in a reduction in the relative amount of
MGDG and PG, and an increase in the relative amount of PCand DGDG compared to the control and mixing
treatments. These 4 lipid classes are associated with the thylakoid membranes of the chloroplasts34, and one
might expect sonication to result in higher yields of all 4 classes if the membranes are effectively disrupted by
the treatment. The observed reduction of PG and MGDG is therefore difficult to explain, but could tentatively
be caused by enzymatic hydrolysis of these lipids and subsequent enzymatic oxidation of polyunsaturated fatty
acids to a ldehydes12,35. However, there was no increase in the free fatty acids (Table 1) or change in the amount
of PUFA in the sonicated samples (see “Fatty acid composition”).
The composition of the lipid classes in O. aurita and C. vulgaris was different from what was found in the
P. glacialis samples. The most striking difference was the low levels of membrane lipids and the very high concentrations of free fatty acids in the extracts from the two commercially available microalgae. It is tempting to
suggest that these values are interconnected, i.e. primarily the membrane lipids, with the exception of PC, have
been hydrolyzed to free fatty acids. The rapid formation of FFA during storage has been well-documented in
microalgae36,37, and both phospho- and glycolipids are targets of lipase activity in the marine diatom Skeletonema
costatum38 and the haptophyte T-Isochrysis lutea39. Based on the reduction in specific lipid classes, our results
indicate that enzymatic lipid hydrolysis is primarily targeted at the thylakoid-associated lipids (i.e. MGDG,
DGDG, PG), and not PC, which is also associated with extra-chloroplastic membranes.
Studies have found that high levels of FFA reduces the oxidative stability of vegetable and marine oils by acting
as a p
 rooxidant40,41. The high levels of FFA may have resulted in a reduction in the observed amount of PUFA
in our samples, as the rate of oxidation is positively correlated with the degree of unsaturation. These results
demonstrate the importance of post-harvest preservation methods of microalgal biomass, which should be
investigated further. The relative composition of the other lipid classes in O. aurita and C. vulgaris was dependent
on both solvent and treatment. The relative content of TAG was in most cases highest in the sonicated samples,
which is probably a result of increased lipid diffusion due to cell lysis. None of the polar lipids were detected in
the samples extracted with hexane, with the exception of PC in C. vulgaris.

Fatty acid composition. The relative composition of fatty acids in the lipids extracted from P. glacialis

was similar in all samples, both when comparing treatments and solvents (Table 2). The dominating fatty acids
were C20:5n-3 and C16:4n-1, each contributing approximately 30% in all samples, while docosahexaenoic acid
(C22:6n-3, DHA) contributed only 2–3%. Previous studies on this species found similar levels of EPA and DHA,
but lower contributions of C16:4n-123,26. The sum of SFA and PUFA was similar across all treatments and solvents. In general, there were no clear effects of treatment on the fatty acid composition of P. glacialis when comparing the extracts obtained with the polar solvents (DCM/MeOH and hexane/IPA) and the non-polar solvent
(hexane), despite large differences in the lipid class composition. This indicates a homogenous distribution of
fatty acids among the lipid classes in this diatom.
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DCM/MeOH
Class

Control

Hexane/IPA
Mixing

Sonication

Control

Hexane
Mixing

Sonication

Control

Mixing

Sonication

P. glacialis
TAG

5.66 ± 0.20

5.55 ± 0.18

5.97 ± 0.37

7.92 ± 0.75

7.12 ± 0.42

8.14 ± 0.55

52.61 ± 5.56

46.12 ± 4.38

43.29 ± 3.13

DAG

10.56 ± 0.54

12.25 ± 0.62

17.38 ± 0.77

14.84 ± 0.96

15.64 ± 1.11

19.86 ± 1.57

9.13 ± 0.78

12.19 ± 2.57

20.80 ± 3.33

FFA

9.81 ± 0.70

9.31 ± 2.43

8.67 ± 1.07

12.27 ± 0.75

12.71 ± 1.75

14.02 ± 1.72

37.15 ± 6.28

40.48 ± 6.31

33.72 ± 5.82

MGDG

40.06 ± 1.09

36.30 ± 2.62

26.92 ± 1.84

36.69 ± 1.58

35.56 ± 1.08

33.28 ± 5.07

1.11 ± 0.57

1.21 ± 0.48

2.18 ± 0.28

DGDG

0

0

8.52 ± 0.46

0

0

0

0

0

0

PG

19.10 ± 0.41

21.6 ± 2.32

0

15.95 ± 1.18

14.29 ± 0.86

0

0

0

0

PC

14.81 ± 0.68

14.95 ± 2.19

32.55 ± 1.21

12.33 ± 1.95

14.68 ± 1.17

24.70 ± 2.51

0

0

0

O. aurita
TAG

4.39 ± 0.28

8.27 ± 0.93

7.45 ± 0.41

3.70 ± 0.77

4.23 ± 0.46

5.75 ± 0.93

3.92 ± 0.48

3.59 ± 0.56

5.93 ± 0.61

DAG

3.05 ± 0.14

4.24 ± 0.58

3.58 ± 0.15

3.98 ± 0.62

3.53 ± 0.43

3.78 ± 0.52

3.71 ± 0.43

2.57 ± 0.39

4.39 ± 0.26

FFA

70.81 ± 3.48

71.81 ± 3.79

74.67 ± 1.67

78.26 ± 3.63

80.70 ± 1.91

76.26 ± 4.35

92.37 ± 0.91

93.84 ± 0.92

89.68 ± 0.77

MAG

2.55 ± 0.31

3.14 ± 0.44

2.79 ± 0.31

2.49 ± 0.30

2.64 ± 0.27

2.78 ± 0.40

0

0

0

MGDG

0.39 ± 0.08

0.89 ± 0.16

1.06 ± 0.27

0.54 ± 0.36

0.47 ± 0.21

1.22 ± 0.48

0

0

0

PC

18.81 ± 3.33

11.64 ± 5.04

10.45 ± 1.64

11.03 ± 2.18

8.43 ± 1.13

10.21 ± 4.96

0

0

0

C. vulgaris
TAG

17.42 ± 1.02

15.88 ± 1.49

19.11 ± 0.82

4.09 ± 0.33

9.00 ± 1.38

21.07 ± 2.04

20.87 ± 3.68

39.39 ± 2.08

45.84 ± 2.44

DAG

9.69 ± 0.45

9.38 ± 0.79

10.29 ± 0.51

5.72 ± 0.56

7.81 ± 0.34

11.67 ± 0.94

5.56 ± 1.13

10.18 ± 0.55

15.80 ± 0.72

FFA

39.31 ± 2.21

38.40 ± 2.32

26.33 ± 1.18

54.08 ± 2.53

45.52 ± 2.10

25.06 ± 2.93

58.42 ± 3.66

39.76 ± 2.48

12.40 ± 1.31

MGDG

15.06 ± 1.39

13.76 ± 0.75

19.54 ± 0.78

17.53 ± 2.67

21.27 ± 0.75

22.67 ± 2.10

0

0

3.23 ± 0.42

DGDG

0

0

3.08 ± 0.12

0

0

2.50 ± 0.28

0

0

0

PC

18.52 ± 1.23

22.58 ± 2.75

21.65 ± 1.95

18.57 ± 4.48

16.40 ± 1.72

17.04 ± 1.20

15.15 ± 5.56

10.67 ± 1.24

22.73 ± 3.97

Table 1.  The relative composition of lipid classes in extracts of Porosira glacialis, Odontella aurita and
Chlorella vulgaris extracted with dichloromethane/methanol (2:1 v/v; DCM/MeOH), hexane/isopropanol
(2:1 v/v; Hexane/IPA) and hexane, using three pre-treatments; no treatment (control), shaking at 1000
RPM for 60 min, (mixing), or sonication at 20 kHz for 10 min (sonication). Data shown is averages of
replicates ± SD, n = 5. TAGtriacylglycerol, DAG diacylglycerol, FFA free fatty acid, MAG monoacylglycerol,
MGDG monogalactosyldiacylglycerol, DGDG digalactosyldiacylglycerol, PG phosphatidylglycerol, PC
phosphatidylcholine.

P. glacialis

DCM/MeOH

FA

Control

Hexane/IPA
Mixing

Sonication

Control

Hexane
Mixing

Sonication

Control

Mixing

Sonication

C14:0

4.60 ± 0.42

4.63 ± 0.38

4.94 ± 0.32

4.45 ± 0.10

4.51 ± 0.35

5.30 ± 0.33

4.22 ± 0.12

4.54 ± 0.18

C16:0

7.03 ± 3.81

7.33 ± 3.43

5.86 ± 0.57

5.48 ± 0.13

6.67 ± 2.38

5.91 ± 0.31

5.43 ± 0.17

5.70 ± 0.24

4.38 ± 0.15
6.06 ± 0.12

C16:1n-7

11.16 ± 1.02

11.45 ± 0.84

11.89 ± 0.33

11.89 ± 0.16

11.44 ± 0.45

11.94 ± 0.23

13.43 ± 0.13

13.39 ± 0.42

13.23 ± 0.07

C16:2n-4

3.21 ± 0.56

3.24 ± 0.49

3.48 ± 0.05

3.36 ± 0.06

3.20 ± 0.27

3.40 ± 0.06

2.90 ± 0.02

3.95 ± 2.25

2.86 ± 0.02

C16:3n-4

6.32 ± 1.12

6.42 ± 0.96

6.91 ± 0.11

7.09 ± 0.15

6.87 ± 0.61

7.09 ± 0.15

5.87 ± 0.01

5.78 ± 0.17

5.97 ± 0.06

C16:4n-1

31.38 ± 4.62

30.79 ± 3.32

29.53 ± 0.46

30.32 ± 0.64

30.86 ± 1.75

29.87 ± 0.71

28.28 ± 0.11

27.72 ± 0.75

27.73 ± 0.31

C18:4n-3

4.69 ± 0.73

4.71 ± 0.63

4.93 ± 0.07

4.90 ± 0.10

4.63 ± 0.32

4.94 ± 0.07

5.37 ± 0.02

5.17 ± 0.14

5.09 ± 0.07

C20:5n-3

28.68 ± 5.24

29.18 ± 4.55

30.73 ± 0.51

30.31 ± 0.64

28.47 ± 2.58

29.43 ± 0.43

31.09 ± 0.21

30.99 ± 1.06

30.90 ± 0.15

C22:6n-3

2.93 ± 1.54

2.26 ± 1.81

1.73 ± 1.85

2.20 ± 1.73

3.34 ± 0.26

2.12 ± 1.64

3.41 ± 0.07

2.76 ± 1.40

3.79 ± 0.08

SFA

11.63 ± 4.21

11.96 ± 3.73

10.80 ± 0.88

9.93 ± 0.12

11.19 ± 2.72

11.20 ± 0.61

9.79 ± 0.32

10.24 ± 0.36

10.44 ± 0.25

PUFA

77.21 ± 3.24

76.59 ± 3.09

77.30 ± 1.18

78.19 ± 0.23

77.37 ± 2.28

76.86 ± 0.77

76.78 ± 0.36

76.37 ± 0.77

76.34 ± 0.32

Table 2.  The relative content (%) of fatty acids from Porosira glacialis extracted in dichloromethane/methanol
(2:1 v/v; DCM/MeOH), hexane/isopropanol (2:1 v/v; hexane/IPA) and hexane, using three pre-treatments;
no treatment (control), shaking at 1000 RPM for 60 min, (mixing), or sonication at 20 kHz for 10 min
(sonication). Data shown is averages of replicates ± SD, n = 5. SFA saturated fatty acids, PUFA polyunsaturated
fatty acids.
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O. aurita

DCM/MeOH

FA

Control

Mixing

Sonication

Control

Mixing

Sonication

Control

Mixing

Sonication

C14:0

11.29 ± 0.45

12.15 ± 0.12

12.46 ± 0.29

12.09 ± 0.23

12.26 ± 0.16

12.64 ± 0.15

11.81 ± 0.32

12.12 ± 0.19

12.10 ± 0.12

Hexane/IPA

Hexane

C16:0

27.14 ± 0.33

26.18 ± 0.18

26.10 ± 0.20

27.49 ± 0.29

27.38 ± 0.27

26.88 ± 0.13

28.84 ± 0.25

28.25 ± 0.24

27.91 ± 0.25

C16:1n-7

36.51 ± 0.65

35.71 ± 0.30

35.68 ± 0.29

37.23 ± 0.14

37.11 ± 0.37

36.06 ± 0.40

37.86 ± 0.26

38.60 ± 0.10

37.31 ± 0.22

C16:2n-4

3.03 ± 0.09

3.10 ± 0.02

3.04 ± 0.03

2.96 ± 0.02

2.96 ± 0.02

2.96 ± 0.04

2.93 ± 0.02

2.83 ± 0.01

2.81 ± 0.04

C16:3n-4

2.28 ± 0.07

2.35 ± 0.01

2.30 ± 0.02

2.02 ± 0.04

2.07 ± 0.03

2.10 ± 0.04

1.80 ± 0.02

1.62 ± 0.01

1.67 ± 0.05

C18:0

1.11 ± 0.03

1.20 ± 0.02

1.25 ± 0.05

1.21 ± 0.12

1.41 ± 0.07

1.53 ± 0.13

1.22 ± 0.07

1.40 ± 0.04

1.62 ± 0.04

C18:1n-9

2.98 ± 0.06

3.11 ± 0.03

3.02 ± 0.02

2.70 ± 0.05

2.77 ± 0.05

2.82 ± 0.06

2.47 ± 0.02

2.29 ± 0.03

2.31 ± 0.08

C18:1n-7

1.60 ± 0.02

1.94 ± 0.02

1.81 ± 0.02

1.63 ± 0.09

1.57 ± 0.10

1.58 ± 0.12

1.13 ± 0.02

1.17 ± 0.01

1.15 ± 0.01

C18:2n-6

1.21 ± 0.05

1.27 ± 0.05

1.25 ± 0.01

1.13 ± 0.01

1.20 ± 0.03

1.20 ± 0.03

1.04 ± 0.04

1.12 ± 0.05

1.13 ± 0.03

C20:5n-3

10.96 ± 0.17

12.35 ± 0.15

11.56 ± 0.12

10.03 ± 0.15

10.17 ± 0.15

11.14 ± 0.09

9.77 ± 0.07

10.11 ± 0.11

10.67 ± 0.20

C22:6n-3
SFA

1.89 ± 1.25

0.65 ± 0.72

1.52 ± 0.70

1.52 ± 0.03

1.08 ± 0.64

1.09 ± 0.80

1.14 ± 0.52

0.47 ± 0.45

1.32 ± 0.62

39.54 ± 0.29

39.53 ± 0.31

39.82 ± 0.34

40.79 ± 0.17

41.05 ± 0.29

41.05 ± 0.27

41.86 ± 0.31

41.77 ± 0.34

41.63 ± 0.39

MUFA

41.09 ± 0.73

40.76 ± 0.31

40.51 ± 0.31

41.56 ± 0.14

41.46 ± 0.31

40.46 ± 0.49

41.46 ± 0.29

42.06 ± 0.11

40.77 ± 0.28

PUFA

19.37 ± 0.99

19.72 ± 0.61

19.67 ± 0.64

17.65 ± 0.19

17.49 ± 0.54

18.50 ± 0.64

16.68 ± 0.54

16.17 ± 0.38

17.61 ± 0.58

Table 3.  The relative content (%) of fatty acids from Odontella aurita extracted in dichloromethane/
methanol (2:1 v/v; DCM/MeOH), hexane/isopropanol (2:1 v/v; hexane/IPA) and hexane, using three pretreatments; no treatment (control), shaking at 1000 RPM for 60 min, (mixing), or sonication at 20 kHz
for 10 min (sonication). Data shown is averages of replicates ± SD, n = 5. SFA saturated fatty acids, MUFA
monounsaturated fatty acids, PUFA polyunsaturated fatty acids.

C. vulgaris

DCM/MeOH

FA

Control

Mixing

Sonication

Control

Mixing

Sonication

Control

Mixing

Sonication

C16:0

24.79 ± 0.55

24.91 ± 0.17

23.25 ± 0.08

30.03 ± 5.95

25.42 ± 0.03

27.41 ± 2.75

24.63 ± 0.6

26.69 ± 0.2

29.29 ± 5.05

C16:3n-4

10.40 ± 0.21

10.61 ± 0.07

10.80 ± 0.08

9.93 ± 1.32

10.62 ± 0.25

9.79 ± 0.65

12.18 ± 0.21

10.80 ± 0.24

8.95 ± 0.99

1.49 ± 0.09

2.01 ± 0.10

1.49 ± 0.12

2.47 ± 0.56

2.86 ± 0.28

1.95 ± 0.15

6.11 ± 0.13

8.30 ± 0.11

2.80 ± 0.61

C18:0

Hexane/IPA

Hexane

C18:1n-9

4.01 ± 0.12

3.96 ± 0.06

3.96 ± 0.04

3.47 ± 0.07

3.74 ± 0.08

4.02 ± 0.05

3.63 ± 0.01

4.46 ± 0.08

4.85 ± 0.15

C18:1n-7

1.10 ± 0.01

1.09 ± 0.01

1.04 ± 0.01

1.00 ± 0.03

1.10 ± 0.02

1.05 ± 0.01

0

0.92 ± 0.01

1.07 ± 0.04

C18:2n-6

37.34 ± 0.19

36.51 ± 0.02

37.53 ± 0.07

33.89 ± 3.02

35.29 ± 0.2

35.63 ± 1.27

32.93 ± 0.22

30.00 ± 0.04

33.88 ± 2.7

C18:3n-3

20.87 ± 0.25

20.90 ± 0.09

21.93 ± 0.03

19.21 ± 2.15

20.97 ± 0.25

20.15 ± 1.02

20.52 ± 0.31

18.83 ± 0.04

19.16 ± 1.65

SFA

32.10 ± 5.52

26.28 ± 0.60

26.92 ± 0.27

24.74 ± 0.16

32.50 ± 6.50

28.28 ± 0.57

29.36 ± 2.88

30.74 ± 0.73

34.99 ± 0.32

MUFA

5.11 ± 0.13

5.06 ± 0.05

5.00 ± 0.05

4.47 ± 0.09

4.84 ± 0.10

5.07 ± 0.06

3.63 ± 0.01

5.38 ± 0.10

5.92 ± 0.19

PUFA

68.61 ± 0.61

68.02 ± 0.25

70.27 ± 0.14

63.03 ± 6.47

66.88 ± 0.65

65.57 ± 2.92

65.63 ± 0.74

59.63 ± 0.23

61.99 ± 5.34

Table 4.  The relative content (%) of fatty acids from Chlorella vulgaris extracted in dichloromethane/
methanol (2:1 v/v; DCM/MeOH), hexane/isopropanol (2:1 v/v; hexane/IPA) and hexane, using three pretreatments; no treatment (control), shaking at 1000 RPM for 60 min, (mixing), or sonication at 20 kHz
for 10 min (sonication). Data shown is averages of replicates ± SD, n = 5. SFA saturated fatty acids, MUFA
monounsaturated fatty acids, PUFA polyunsaturated fatty acids.

The dominating fatty acids in O. aurita were C16:0 and C16:1n-7, with a combined contribution of more
than 60% in all samples (Table 3). In total, saturated and monounsaturated fatty acid made up about 80% of all
fatty acids in this diatom. In contrast to P. glacialis, eicosapentaenoic acid (C20:5n-3, EPA) contributed only
11% of the fatty acids in all extracts of O. aurita, but the content of DHA was similar (2–3%). A previous study
on O. aurita found a comparable fatty acid composition when the algae was cultivated at 24 °C, but not at lower
temperatures42.
The relative composition of the individual fatty acids and the total amount of SFA, MUFA and PUFA showed
little variation across both solvent and treatment (Table 3). The dominating fatty acids in C. vulgaris were C16:0,
C18:2n-6 and C18:3n-3, totaling approximately 80% of the fatty acids in all samples (Table 4). In contrast to P.
glacialis and O. aurita, C. vulgaris did not contain any fatty acids of more than 18 carbons, which agrees with
other studies on C. vulgaris43,44. The changes in lipid class composition of O. aurita and C. vulgaris as a result of
solvent and treatment were accompanied by changes in the fatty acid composition; the relative content of PUFA
was higher in DCM/MeOH compared to hexane. This indicates that the relative content of PUFAs is higher in
the membrane-associated lipids in O. aurita and C. vulgaris.
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Conclusions

DCM/MeOH is a better solvent than hexane and hexane/IPA for extracting lipids from P. glacialis. However,
hexane/IPA also works well and is a better alternative in large-scale extractions. Sonication did not increase the
lipid yield or influence the fatty acid composition in P. glacialis and O. aurita compared to mixing. Cell wall
disruption is therefore not a prerequisite to obtain high product yields in P. glacialis and probably diatoms in
general, in contrast to other mass-cultivated microalgae. In conclusion, choice of solvent and number of extractions were the main factors that determined lipid yield and composition in P. glacialis.

Data availability

The raw data obtained in this study along with the R scripts used for analysis and graphing are available from
the Open Science Framework (OSF) under the name “Choice of solvent and number of extractions are the main
factors that determine lipid yield in a marine centric diatom” at https://osf.io/sxrvz/?view_only=aa4342d55d
d348768ed77ac06aee7c97.
Received: 3 July 2020; Accepted: 30 September 2020
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