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I 

Abstract 
Nanocarriers have been the success story of this century, bringing many medical advances 

through better diagnostics and improved drug therapy. Yet, many of the promising preclinical 

findings were never translated into clinical success, consequently slowing drug development 

as well increasing its financial burden. By predicting the nanoparticle fate, already at in vitro 

stage and in a reliable manner, the disappointment of suboptimal in vivo outcome could be 

avoided. To tackle the challenges of in vitro settings, this project aimed at gaining deeper 

insight on the interaction between nanocarriers and biological environment. Specifically, 

advance microscopy tools were used in this work to visualize, characterize, and follow the 

biological fate of nanocarriers. In what can be seen as a back-to-basics approach, liposomes 

were chosen as model nanocarriers for their versatility, biocompatibility, and clinical 

relevance. 

From the pharmaceutical perspective, attention was given to validate and assure optimal 

characteristics of liposomes, always first resorting to conventional characterization methods 

e.g., based on dynamic light scattering. When including a fluorescent molecule in the 

liposomal formulation, the interplay between the different components of the nanosystem 

were assessed to validate the specificity of tracking. Fluorescence dye and nanocarrier were 

found to affect each other’s properties in a manner dependent on the environmental 

conditions (e.g., temperature, time, medium, and dye-specific chemistry). The fluctuations of 

fluorescence in the sample were further analyzed through image processing algorithms to 

obtain super resolution information from a diffraction-limited multi-frame acquisition. Five of 

these computational algorithms were applied and compared in terms of background 

suppression, artifact reconstruction, and resolution enhancement. In parallel, to overcome 

some of the disadvantages often linked to the use of fluorescence (e.g., physicochemical 

instability and photobleaching of the fluorophore), quantitative phase microscopy was 

optimized as a complementary label-free technique for the localization and characterization 

of liposomes. Immobilized nanocarriers (in their hydrate state) could be followed over time in 

terms of sphericity, integrity, and size, independently from any fluorescent signal. Finally, 

fluorescence and label-free imaging were combined to determine the integrity of liposomes 

in nanofibers for topical administration. Images obtained with confocal microscopy and 



 

II 

scanning electron microscopy were directly correlated without the need to apply any 

distortions. 

To understand the behavior of liposomes in cell culture, their internalization was followed 

using high throughput screenings, based on flow cytometry. Between 4 and 6 hours of 

treatment, all cells were found to emit the specific fluorescence of the liposome labeling, and 

the growing intensities did not show saturation of the internalization within the 24 hours of 

the experiment. These batch-mode results were validated in flow imaging and the timepoints 

of 4 and 24 hours were considered further for imaging experiments. PEGylated and naked 

liposomes were compared in terms of intracellular localization (through confocal imaging) and 

overall cellular response and stress (through ultrastructural morphological analysis on 

transmission electron microscopy), on high-phagocytic and low-phagocytic cells. Finally, direct 

volumetric correlation was attempted, discussing the power of imaging tools in detecting 

differences in nanomedicine behavior, as well as benefits and limitations of the methods 

involved. 
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1 Introduction 
Bring it in! 

Drug delivery systems (DDSs) have been widely studied in the past decades for their great 

potential of protecting and driving the distribution of active pharmaceutical ingredients (APIs) 

within the body. In fact, the necessary element for any pharmacological treatment to succeed 

is that an API reaches its specific target to execute its activity, while interfering as little as 

possible with the normal functions of the rest of the body. For this reason, more often than 

not, the formulation of a final DDS is as important as the API itself. Various technologies were 

developed and evaluated to optimize DDS to best serve this purpose. Recent decades brought 

main attention to the formulations in nanoscale, with focus on nanocarriers. After rather 

encouraging success in clinics, the field of nanomedicine is now experiencing translational and 

regulatory delays due to the suboptimal in vitro predictions. Within this need for improved in 

vitro methods lies the motivation for this thesis. The availability of cutting-edge technologies, 

specifically in microscopy, presented itself as an opportunity to develop and challenge new 

methods for nanomedicine applications. A back-to-basics approach was chosen, with the 

simplest and most charming of nanocarriers, liposomes, to see how a small vesicle of fat can 

be located, seen, characterized, and followed in vitro. The delivery system will be the sole and 

absolute protagonist of this story, as a wish to extend the applicability of this basic science to 

different carriers, active ingredients, targets, and pathologies. This introduction on our 

nanomedicine field will tell our truths, our challenges, and some limitations within our truths.  

1.1 Nanomedicine and Drug Delivery 

1.1.1 Nanomedicine History and Hype 

In 1959, at Caltech, a landmark lecture was held: “There is plenty of room at the bottom”. 

Nobel Laureate Richard P. Feynman was envisioning the unavoidable development of science 

towards all that is smaller, to the nanoscale and eventually to atomic maneuvering of matter. 

Since then, the field that is now known as nanotechnology has developed as a branched tree 

that permeates every aspect of the human life, as more and more nanomaterials are being 

developed (Saleh T.A., 2020). Nanoengineering and nanoelectronics have been harnessed in 

telecommunications (Hamza E.K. & Jaafar S.N., 2022), food science (Ameta S.K. et al., 2020), 

cosmetics (Fytianos G. et al., 2020), and medicine, with this last field currently referred to as 
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nanomedicine (Freitas R.A., 2005, Martins J.P., 2020). The nanomaterials have been used for 

prevention, diagnosis, and treatment of diseases, ranging from the detection of molecules in 

point-of-care devices, to the stabilization and delivery of APIs within the body (Kargozar S. & 

Mozafari M., 2018). 

As R.P. Feynman was giving his famous speech, A.D. Bangham (1964) was already developing 

what would become the first nanosystem for drug delivery: liposomes (Gregoriadis G., 1973). 

Although liposomes are still highly relevant in both pharmaceutical research and clinics, the 

development of newer and smarter carriers has grown exponentially, to the point that a 

simple search in Google Scholar for the word “nanomedicine” results in about 54100 entries 

in the temporal window Jan 2018 – Jan 2022, with about 1440 of these in January 2022 alone. 

The enormous amount of research and funding within the field is not surprising, considering 

the vast potential that nanoformulations have in both handling difficult APIs (e.g., insoluble 

and/or impermeable, highly toxic), and driving their distribution towards a target (Tewabe A. 

et al., 2021) (Figure 1). In this context, nanomedicine started being considered the ultimate 

tool for implementing in clinics what Paul Ehrlich had envisioned in 1907 as the “magic bullet”: 

a site-specific therapy that would hit exclusively the cause of the disease and leave the host 

unharmed (Strebhardt K. & Ullrich A., 2008). 

 
Figure 1. Potential of nanomedicine simplified in a flow chart. Abbreviation: API – active 
pharmaceutical ingredient. The figure was prepared using the online tool Draw.io. 
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Over half a century later, Prof. Kinam Park (2019), at the time editor-in-chief of the Journal of 

Controlled Release, proclaimed the death of nanomedicine in his editorial titled: “The 

beginning of the end of the nanomedicine hype”. He vividly criticized the system, too-often 

focused on publishing papers more than achieving actual clinical advancements, while hyping 

the potential of the technologies over the tangible results. More than the end of 

nanomedicine, his bitter opinion was the beginning of a discussion on the matter, with experts 

mostly disagreeing (Martins J.P. et al., 2020, Germain M. et al., 2020 and Lammers T. & Ferrari 

M., 2020 among others). 

Since the discovery of liposomes, dozens of nanoformulations have been approved for use in 

clinical practice, and the pipelines of clinical trials show great promise for the field (Germain 

M. et al., 2020). Figure 2 presents a recent market analysis of approved nanoformulations 

(Park H. et al., 2022) and pipelines in clinical trial (Gadekar V. et al., 2021). All success stories 

culminated in 2021 with the fast-tracked approval of two COVID-19 vaccines, where mRNA 

was stabilized into lipid nanoparticles (Vu M.N. et al., 2021). 

 

Figure 2. Visual representation of the main marketed nanoformulation (Park H. et al., 
2022). Reproduced with permission from Elsevier. 
 

Contrary to the fatalist vision in Park K. (2019), these success stories validate the great 

potential that nanomedicine has claimed for years. However, this should not overshadow the 

big challenges that the field is still experiencing. While some are working on ever smarter and 

fancier carriers (Huda S. et al., 2020, Sato Y. et al., 2021), others must work to address the 

translational and regulatory issues for the advancement of clinical practice, preparing the road 

for the smarter technologies to come (Foulkes R. et al., 2020). 
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In 2016, the Global Summit on Regulatory Science workshop addressed the need for methods 

to characterize nanoparticles’ load and surface, to identify and quantify nanoparticles in 

complex media, and to describe the interaction of nanoparticles with the immunity system, 

recognizing these challenges as most needed documentary standards in nanomedicine 

characterization. Furthermore, the European Commission’s Joint Research Centre workshop 

in 2017 defined the necessary quality and safety assessments for nanomedicines. Regarding 

the physicochemical characterization to ensure the quality of the product, the main Critical 

Quality Attributes (CQAs) 1  were the size, size distribution, surface potential, 

structure/morphology, physicochemical stability, purity, and sterility, with the possibility of 

demanding further formulation-specific information. On the toxicity assessment, 

recommendations were issued to focus on the effects of nanoparticles on blood and immune 

system, specifically on phagocytosis, complement activation, oxidative burst, and cell-

dependent antibody response (Halamoda-Kenzaoui B. et al., 2019). Different nanomaterials 

behave differently; moreover, and the same material behaves differently whether in bulk or 

nanoparticle state. For this reason, understanding the properties of nanomaterials is the key 

not only to improve DDSs but also to accelerate the standardization of procedures and the 

translation of research into clinics (Foulkes R. et al., 2020). 

1.1.2 Properties and Preparation of Nanomaterials 2 

The gold standard to describe the importance of nanomaterials’ properties is elemental gold 

itself: the bright and shiny ingot of the well-known metal becomes a dark red liquid when gold 

is prepared as a suspension of nanoparticles (Merza K.S. et al., 2012). The main reason that 

the properties of nanoparticles differ from their bulk material is that the same amount of 

specific weight of material corresponds to a much higher specific surface area, when prepared 

as nanoparticles. In turn, the increased surface area translates into an increased surface 

 
1 Properties to be kept within a predefined interval to match the requirements in quality of the final 
product. As defined during the International conference on harmonization of technical requirements for 
registration of pharmaceuticals for human use (2009). 
 
2  According to the recommendations of the European Commission, the requirements for the 
identification of a nanomaterial are i) at least 50% of the particles has at least one dimension within the 
range 1-100 nm, and/or ii) the ratio surface area over volume is greater than 60 m2/cm3. However, these 
arbitrary values do not represent an abrupt change in the particle properties (Soares et al., 2018). In this 
thesis, I will consider a wider definition of nano, referring to the dimensional range of 10-7-10-10 m. 
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energy, which causes nanomaterials to be more reactive to the environment (Florence T.A., 

2012a, Soares S. et al., 2018).  

The electron confinement found in nanoparticles, especially in the case of metals, can cause 

shifts in optical, electrical, magnetic, and mechanical properties, which can then be tuned 

through different chemical compositions, sizes, shapes, surface charges and coatings (Wu Q. 

et al., 2021). It is in fact the tunability of nanosystems’ properties that explains their wide 

range of applications in nanomedicine and beyond. Noting that a complex system can hardly 

be simplified to the sum of its individual components or properties (Florence A.T., 2012b), it 

is then the interplay of these that determines the fate of the nanocarriers in biological 

environments (Kamali S.M. et al., 2021). 

The particle size of 10-200 nm represents one of the foremost benefits of nano-DDSs, as they 

can be injected without disrupting the blood flow (Foulkes R. et al., 2020). As many studies 

have shown, carriers of different sizes tend to be internalized, accumulated, and cleared 

differently (Li X. et al., 2015, Dai Q. et al., 2018). Higher miniaturization corresponds to a higher 

number of particles per unit of mass, which can be beneficial in therapeutic approaches such 

as the above-dose-threshold tumor delivery for immunity system overload (Ouyang B. et al., 

2020). Additionally, smaller particles have higher diffusion rate, therefore having better 

stability in suspension (Florence A.T., 2012a). 

For nanoparticles in water-based suspensions – a requirement for most administration routes, 

size is generally expressed as hydrodynamic diameter, which includes the electric dipole layers 

that are adsorbed onto the molecule. This measurement assumes the sphericity of the 

particles; however, their shape and morphology can influence their diffusion profile and 

interactions with the target site, hence affecting the overall behavior of the nanoparticles 

(Florence T.A., 2012a, Kamali S.M. et al., 2021). Furthermore, when nanoparticles in 

suspension create agglomerates/aggregates, this shape change could be affecting the fate of 

the primary particles (Soares S. et al., 2018). E.g., rod-shaped particles have shown higher or 

comparable internalization rates to the spherical ones, followed by cylindrical and cubic, but 

with high variability of behavior (Albanese A. et al., 2012). This variability is possibly due to the 

orientation of the cell-nanoparticle interaction (especially for non-spheric particles, Kamali 

S.M., et al., 2021), but it was also shown to be related to the cell model used and other 

physicochemical properties of the nanoparticles (Dai Q. et al., 2018).  



 

6 

Ultimately, the surface chemistry is responsible of the first interactions with the environment 

after administration. Electrostatic surface charges can increase or decrease the affinity of the 

nanoparticle for the cell membranes and/or for a specific target on it. Positively charged 

nanoparticles often show higher internalization rates, possibly because cells tend to have a 

slightly negative charge that could favor the interaction (Kamali S.M. et al., 2021). However, 

this observation cannot be transferred to all cells as highly phagocytic ones, such as 

macrophages, show higher recognition for negatively charged nanoparticles. This preferential 

internalization can result in specific cytotoxicity, for both positive and negative nanoparticles, 

such that neutral and neutralized particles are always included in the early developmental 

stages due to their overall lower toxicity (Frӧhlich E., 2012, Qi P. et al., 2016). Hence, surface 

modifications, such as stealth coating of polyethylene glycol (PEG), can become useful to tailor 

surface charge and hydrophobicity, stabilize the nanoparticles, and reduce the adsorption of 

macromolecule that can increase recognition for clearance (Dai Q. et al., 2018), before adding 

active targeting strategies such as binding ligands on the nanoparticle surface (Tewabe A. et 

al., 2021). 

According to the properties of the bulk material – and the desired type of nanomaterial, three 

production processes are available. The top-down methods involve the progressive breaking 

down of bulk materials into nanosystems (Fu X. et al., 2018). The bottom-up methods consist 

in starting from the raw material, and obtaining nanoparticles through processes of self-

assembly (e.g., for lipid-based nanosystems, Large D.E. et al., 2021), agglomeration, or 

polymeric reactions. The third class of preparation methods consist in the combination of top-

down and bottom-up approaches, which are often combining strengths of the individual 

processes to achieve more complex nanosystems (Fontana F. et al., 2018). Because of the 

great variety of available preparation methods and the tunability of the nanosystems’ 

properties, a wide range of nanomaterials for drug delivery purpose have been developed, 

using different raw materials while aiming for different shapes and complexity (Figure 3). To 

the first generation of “naked” nanoparticles, stealth coatings and targeting ligands were 

added for prolonged circulation and active targeting (second generation), while more recently 

the third generation of DDSs has moved the focus to smarter formulations, activated by 

internal or external triggers (Wang Y. & Kohane D.S., 2017). 
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Figure 3. Examples of nanocarriers and generations of smart and smarter formulations. 
Abbreviations: NPs – nanoparticles, QD – quantum dots, PEG – polyethylene glycol.  The 
figure was prepared using Biorender.com and Draw.io. 
 

While the development and translation of complex DDSs is still requiring more efforts, more 

conventional formulations such as lipid-based nanocarriers are still holding their ground on 

the market, with many being eligible for the KISS concept (“Keep It Simple, Stupid”) that is still 

favorable for the industries (Crommelin D.J.A. et al., 2020). 

1.1.3 Liposomes as Lipid-based Nanocarriers 

As the words say, lipid-based nanocarriers are DDSs comprising a natural or synthetic lipid. 

The main class used for the scaffolds of these nanocarriers is found in phospholipids since 

these molecules present a hydrophilic head (generally zwitterionic or charged) and two 

organic carbon chains that are known as hydrophobic tales (Figure 4a). For these peculiar 

chemical structures, once exposed to a water-based environment, phospholipids tend to self-

assemble into spheres with the carbon chains forming a hydrophobic compartment and the 

hydrophilic heads disposing themselves on the surface for positive interaction with the water 

molecules (Bunker A. et al., 2016). 

According to the processing these lipids are subjected to, it is possible to obtain the 

compartments in vesicular form (known as liposomes) or in solid particle form (known as solid 

lipid nanoparticles), as shown in Figure 4, respectively. To drive the preparation of lipid-based 

nanocarriers towards one or the other form a great deal of methods has been developed over 

the past decades (Amoabediny G. et al., 2017). For instance, the film hydration method (firstly 
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developed in the original study by Bangham A.D. & Horne R., 1964) tends to give vesicular 

suspensions of liposomes as it consists of a gradual “peeling” of a thin film of lipids into a 

water-based solution, while spray drying a lipid-drug molten tends to give particulate 

formulations (Freitas C. & Müller R.H., 1998). However, it is the lipid formulation itself, 

together with the specific interaction with the active ingredient of interest, that drives the 

formation of either one particle (Ulrich A.S, 2002). Weakly charged phospholipids, individually 

pre-solubilized in organic solvents, will tend to assemble into vesicles, while strong electric 

interactions between highly charged components can shift the self-assembly towards solid 

nanoparticles, even utilizing methods known to produce liposomes (Obuobi S. et al., 2021). 

Hence, to ensure the preparation of particles over vesicles and avoid hybrid suspensions of 

the two, adjuvants, lipids in different states (e.g., solid, or liquid mass) and experimental 

temperature need to be considered (Duong V-A. et al., 2020).  

 
Figure 4. Basic schematics of lipid-based drug delivery systems, with highlight on the 
traditional formulations of liposomes and solid lipid nanoparticles. Bottom-left: chemical 
structure of a sample phospholipid (phosphatidylcholine) often main excipient in this type 
of formulations. The figure was prepared using Biorender.com and Draw.io. 
 

Starting from a simple phospholipid bilayer, lipid-based nanocarriers have been developed 

into all types and generations of nanocarriers, comprising lipid nanocapsules, nanostructured 

lipid carriers, nanoemulsions, long-circulating formulations (after steric stabilization with 

PEG), ligand-exposing nanocarriers and stimuli-responding formulations for triggered release 

(Mishra D.K. et al., 2018).  
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“Liposomes were chosen for 

their therapeutic relevance, 

biosafety, and versatility”. 

This is the uttermost poetic and representative sentence in liposome research, and we all have 

used in one of its many forms. First, the therapeutic relevance of lipid-based nanocarriers is 

well remarked by the significant success of marketed formulations (Gadekar V. et al., 2021), 

and the most recent approval for clinical practice of the lipid nanoparticles in two of the covid 

vaccines (Vu M.N. et al., 2021). Second, the biosafety of these nanocarriers derives from the 

FDA affirmation as GRAS substance (Generally recognized as safe) for most used lipids (e.g., 

lecithin from soybean or egg). Furthermore, being natural constituents of the human body 

and part of many metabolic processes, these lipids are also biodegradable, which adds a layer 

of safety to the nanocarrier, generally able to avoid accumulation issues (Antimisiaris S. et al., 

2021). However, more complex formulations can contain lipid derivatives with some degree 

of cytotoxicity (Mydin R.B.S.M.N. & Moshawih S., 2018); highly charged particles can exhibit 

cell-specific cytotoxicity (Frӧhlich E., 2012) while coatings can trigger immediate or delayed 

immune responses, such as complement activation and accelerated blood clearance (ABC) 

response to repeated treatment with PEGylated nanosystems (Mohamed M. et al., 2020). In 

fact, lipid-based nanocarriers are so versatile that they can cover the entire spectrum of 

applicability in clinics. By combining hydrophilic and hydrophobic compartments, lipid-based 

nanocarriers, and especially liposomes, can be loaded with either water-soluble and/or 

insoluble APIs to maintain them in water-based suspension (Mishra D.K. et al., 2018). 

Remarkably, insoluble APIs are the most represented, both on the market and in the pipelines, 

and nanomedicine is often the only option for delivering these APIs at all (Khan K.U. et al., 

2022).  Besides, lipid formulations can be tailored in composition, size, surface charge, 

deformability, and coating (Guimarães D. et al., 2021). 

The different properties are optimal for different administration routes and targets, concept 

that further endorses both relevance and versatility of these nanocarriers as we find, among 

others, studies on cancer (Ansari M.T. et al., 2020), arthritis (Chuang, S.-Y., et al., 2018), 

infectious diseases (Jøraholmen M.W. et al., 2020, Ferreira M. et al., 2021), pain relief (Hua S. 

& Wu S.Y., 2013, Abildgaard J.T. et al., 2019), and central nervous systems diseases (Jagaran 

K. & Singh M., 2021, Faouzi A. & Roullin V.G., 2021), investigating all administration routes. 
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1.2 Systemic Administration of Drugs and Body Defenses 
The human body is built to protect itself; therefore, any pharmacological treatment is seen as 

an attack to the intrinsic balance that the organism is maintaining, even when this balance is 

pathological. To understand the fate of any nanoparticle treatment, it is therefore 

fundamental to study their behavior towards the body defenses, such as the physiological 

barriers and the immune system, from administration site to body distribution and finally 

cellular internalization.  

1.2.1 Administration Route challenge for (Lipid-based) Nanomedicine 

The biological barriers at the administration site represent the first obstacle for the 

nanocarrier to perform its action. According to the administration route chosen, different 

barriers will be encountered, and the knowledge on their functioning is needed to design 

better nanocarriers that can overcome these barriers (Antimisiaris S. et al., 2021). In fact, 

according to the route of administration and the wanted target, different properties of 

nanocarriers are more favorable in different occasions. 

 

Figure 5. Schematic representation of the body barriers according to administration route. 
The figure was prepared using Biorender.com and Draw.io. 
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The oral route, which is the least invasive and therefore always the preferred one, shows three 

main obstacles: the strongly acidic pH of the stomach, the high concentration of digestive 

enzymes and the mucosal barrier of the intestine (Poovi G. & Damodharan N., 2018). Most 

biodegradable nanocarriers would indeed be degraded very easily, such that lipid-based 

formulations would encounter the same fate of a cheesy-cheeseburger. However, while being 

emulsified and degraded, these nanocarriers can still increase the bioavailability of insoluble 

APIs or protect a sensitive load. Hence, gastric-resistant formulations can deliver the APIs to 

the intestine where stabilized nanocarriers can avoid the mass precipitation of the drug, slow 

down its degradation and even facilitate its permeation through the mucus layer (Jash A. et 

al., 2021). To ensure these effects, favorable tricks and properties of the nanocarriers are: 

chemical stability to harsh environments, hybrid lipid-polymer DDSs and mucoadhesive 

coatings. Although considered a niche route for lipid-based DDSs, liposomes, solid lipid 

nanoparticles and (nano)emulsions were all evaluated for oral delivery, down to a full 

deconstruction of the nanocarrier into self-nanoemulsifying drug delivery systems (SNEDDS), 

which self-assemble directly into the intestinal lumen (Dhaval M. et al., 2021, Haddadzadegan 

S. et al., 2022). 

The topical administration onto skin is the second non-invasive and favorable route 

considering patient compliance. Here, the administration of nanocarriers is challenged with 

the biggest physical barrier of the body: the skin itself (Yazdi S.J.M. & Baqersad J., 2022). With 

a layered organization that is tens of microns thick, the intact epidermis (outermost section of 

the skin) creates a strongly lipophilic environment that prevents the transport of most 

molecules. In this environment, lipid-based nanocarriers have great potential to blend in and 

deliver APIs to and/or across the dermal layer (inner and thicker portion of the skin) (Carter P. 

et al., 2019). For this administration route, bigger sizes of nanocarriers tend to be preferred 

as they are generally linked to higher drug load, slower release profile and better rheological 

properties, which facilitate their incorporation into secondary vehicles (e.g., hydrogels) for a 

more comfortable application in situ (Zylberberg C. & Matosevic S., 2016, Hemmingsen L.M. 

et al., 2021). Furthermore, according to their deformability and lipid composition, the 

formulations can be destined to dermal (local) or transdermal (systemic) delivery of their 

API(s), with virtually no toxicity at the site of administration (Antimisiaris S. et al., 2021). 
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In addition to oral and dermal non-invasive routes, all available sites have been studied for 

the administrations of nanomedicines, designing the carrier according to the physiopathology 

of the barriers to encounter. To avoid at least in part the first pass metabolism typical of the 

oral route, nanoformulations for rectal delivery are design for both local treatment/diagnosis 

and for systemic administration (Melo M. et al., 2018). Mucoadhesive formulations in 

secondary vehicles are developed for the treatment and prevention of vaginal infections 

(Vanić Ž. & Škalko-Basnet N., 2017). To reach the pulmonary alveoli and treat infections, 

antimicrobials-in-liposomes are formulated for inhalation therapy, with careful consideration 

for the surfactant content (not to alter the gas exchange of the respiration) and their stability 

after nebulization (Bassetti M. et al., 2020). 

The proximity of the nose cavities to the brain is exploited for nose-to-brain delivery, adjusting 

the mucoadhesive properties and osmolarity of the formulation to the rapid mucus clearance 

(Wu I.Y. et al., 2017, Emad N.A. et al., 2021). Anterior ocular diseases are tackled with topical 

DDSs that address the difficult permeation through the cornea and the quick drainage that 

happens in situ with the tears (Souto E.B. et al., 2019). Although all routes are being studied 

and harnessed for their advantages, the injection-based administration is still topping the 

others as it is suitable for vaccines (Chatzikleanthous D. et al., 2021), intravitreal and 

periocular, intra-articular, and intra-tumoral delivery (Antimisiaris S. et al., 2021), as well as 

intravenous systemic treatment of many cancer types, which are still one of the main evil that 

nanomedicine is fighting against (Mishra D.K. et al., 2018). 

With any form of injection, physical barriers such as the epithelial, endothelial, and mucosal 

are intrinsically avoided. However, a silent barrier comes into action with even higher efficacy 

than the previous ones: the immune system, and specifically the reticuloendothelial system 

(RES) (Zahednezhad F. et al., 2019). Figure 6 summarizes the possible outcomes of 

nanocarriers interacting with the immune system, as the positive or negative interplay 

between them is crucial for both efficacy of the treatment as well as toxicity (Halamoda-

Kenzaoui B. et al., 2019). 

The RES comprises highly specialized cells with scavenger activity that can recognize, 

internalize, and dispatch the nanomedicine treatments, with the purpose of cleansing the 

system from foreign material.   
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Figure 6. Interplay between nanocarriers (here, liposomes), immunity system, and 
biological barriers once in the systemic circulation. Abbreviations: ABC – accelerated 
blood clearance, CARPA – complement activation related pseudo-anaphylaxis, MPS –
mononuclear phagocytic system, RNI – reactive nitrogen intermediates, ROS – reactive 
oxygen species. Figure reproduced from (Zahednezhad F. et al., 2019) with permission 
from Elsevier. 
 

Macrophages are the main protagonists of the RES action as they both circulate in the blood 

stream and reside at the most relevant outposts of the immunity system (e.g., spleen and 

liver) (Bertrand N. & Leroux J.-C., 2012). Next to these highly phagocytic cells, specialized 

endothelial cells (e.g., the liver sinusoidal endothelial cells, LSECs) were found to complement 

the scavenging activity of macrophages through receptor-mediated endocytosis (Sørensen 

K.K. et al., 2012, Baboci L. et al., 2020). With this system to evade, nanocarriers need to be 

specifically tailored in size and surface properties. First, larger particles tend to be recognized 

faster by the RES, more specifically by the circulating proteins known as opsonins, which 

adhere to the surface of foreign objects and are in turn recognized by the RES for dispatch 

(Ishida T. et al., 2002, Fan Z. et al., 2020). Second, surface modifications such as uniform 

PEGylation can prevent nanoparticles from adsorbing opsonins, therefore shielding them from 
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RES recognition, up to a cut-off size of approx. 275 nm (Zylberberg C. & Matosevic S., 2016). 

At present, it is reasonably accepted that phagocytic cells clear microparticles above 1 µm, 

non-phagocytic scavengers take up rapidly nanoparticles between 20 and 50 nm, while 

nanoparticles below 5 nm are excreted through renal ultrafiltration (Frӧhlich E., 2012, Kamali 

S.M. et al., 2021). However, within the size range most suitable for nanomedicine treatments, 

research showed quite the variability of internalization and clearance outcomes, depending 

on composition, size, polymeric coating, coating density, and cell model used (Ishida T. et al., 

2002, Frӧhlich E., 2012, Wei Y. et al., 2018, Zahednezhad F. et al., 2019, Jensen G.M. & 

Hodgson D.F., 2020, and Kamali S.M. et al., 2021, among others). 

1.2.2 Cellular Internalization and Dispatch 

Once a nanocarrier interacts with a cell, one of several mechanisms of internalization can be 

triggered, according to the cell type and the properties of the nanocarrier, possibly leading to 

different internalization rates, accumulations, and dispatch (Frӧhlich E., 2012). However, the 

identification and even the classification of these processes is challenging and constantly 

evolving as they all represent dynamic complex rearrangements, and they are strongly 

intertwined with each other (Rennick J.J. et al., 2021). Figure 7 presents a comprehensive (yet 

still simplified) scheme of the internalization processes, with their related intracellular fate.  

 
Figure 7. Schematic representation of internalization and intracellular fate, according to 
the most recent understanding in cell biology. Figure reproduced from (Rennick J.J. et al., 
2021) with permission from Springer Nature. 
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We can herewith recognize 5+1 main internalization mechanisms:  

• Clathrin-mediated endocytosis (CME) 

• Fast endophilin-mediated endocytosis (FEME) 

• Clathrin-independent carrier (CLIC) / glycosylphosphatidylinositol-anchored protein 

enriched early endocytic compartment (GEEC) endocytosis  

• Macropinocytosis 

• Phagocytosis  

o Caveolin-mediated endocytosis 

CME is a form of receptor-mediated endocytosis. A specific ligand-receptor interaction 

activates the intracellular cascade that causes the aggregation of clathrin pits, invagination of 

the cell membrane, and formation of clathrin-coated vesicles (approx. 100 nm), which are 

then carved out of the plasma membrane by the dynamin GTPase (Thottacherry J.J. et al., 

2018). FEME is a second type of receptor-mediated endocytosis, which is dynamin-dependent 

but clathrin-independent. This vesicle formation (approx. 60-80 nm) is very fast as it does not 

require local enrichment of its mediator (endophilin) (Boucrot E. et al., 2015). CLIC/GEEC is a 

clathrin- and dynamin-independent internalization, which is also not relying on specific 

receptor recognition. The proposed extracellular mechanism describes galectines as the 

external trigger for glycosylated proteins-to-glycosphingolipid clustering, which in turn 

activates the invagination of the membrane into uncoated vesicles and tubular structures 

(Lakshminarayan, R. et al., 2014). Macropinocytosis and phagocytosis both involve actine-

driven extension of the cell membrane, the first for unspecific internalization of extracellular 

medium (“liquid internalization”, Lim J.P. & Gleeson P.A., 2011), and the second for dispatch 

of large particulate material (Niedergang F. & Grinstein S., 2018). Because of the size of the 

macrovesicles they form (>>200 nm), these pathways are of particular interest for the delivery 

of medium-sized DDSs, yet much is still unknown about the interplay of the two in terms of 

the specificity of nanomedicine internalization (Rennick J.J. et al., 2021). Caveolin-mediated 

endocytosis, the +1 in this list, is an endocytic mechanism that has been associated to the 

caveolae invaginations of the plasma membrane. These bulb-shaped pits of approx. 60 nm 

(and an even smaller rim) have been identified and characterized in different cell types; 

however, their involvement in endocytic processes is still questioned – especially in terms of 

nanomedicine internalization (Skotland T. et al., 2021). 
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Once the internalization is started, independently from the specific pathway, the vesicular 

bodies tend to be converted to early endosomes, which can then be directed for recycling 

back to the plasma membrane or fused with other early endosomes into late endosomes and 

lysosomes (Rennick J.J. et al., 2021). The knowledge of which trigger causes which path can 

help design the active targeting strategies for nanocarriers (Tewabe A. et al., 2021) and 

eventually the organelle targeting that was already shown in vitro for lysosomes and 

mitochondria (Zylberberg C. & Matosevic S., 2016, Sato Y. et al., 2021) through endosomal 

escape (Selby L.I. et al., 2017). 

A note worth remembering is that the interaction forces between target and ligand are 

effective only within a distance of few nanometers. Hence, strategies of active targeting can 

only come into place when the particle encounters the target by chance (Florence A.T, 2012a). 

This very stochastic principle that describes the distribution and therefore the potential 

efficacy of nanomedicine treatments explains the importance of including a thorough study 

on RES cell models in early stages of formulation development (Halamoda-Kenzaoui B. et al., 

2019). Once in the blood stream, nanoparticles are progressively cleared from the system 

because they are running right alongside the very cells that are responsible for their disposal, 

increasing the probability of recognition and dispatch. At the same time, this probabilistic 

approach is also the explanation for the success of long-circulating (stealth) formulations, as 

the increased time in the blood circulation directly increases the nanocarriers chances to 

interact with the actual target cell (Tewabe A. et al., 2021). 

1.3 Localizing and Following Nanocarriers 
To understand the fate of nanoparticles, we must first understand the nanoparticles 

themselves. Because of their nanoscale dimensions, localizing and following the behavior of 

nanoparticles over time and space is challenging. Hence, first, a deep physicochemical 

characterization is necessary to determine the properties of the particles we aim to follow 

(Mahmoudi M., 2021). Only then, we can gradually increase the complexity of the 

experimental conditions, from simple to complex media, to in vitro cell testing. The validation 

of the trackability of these particles will improve the prediction of their behavior in vivo and 

reduce failures at later stages of development (Gadekar V. et al., 2021). For this chain of events 

to happen, we first need to understand the characterization methods at our disposal and 

therefore their applicability. When dealing with objects in the nanoscale, the driving 
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explanations for their behavior are laws of physics and chemistry that we all studied in school 

and might have forgotten soon after. Although not wanting to be too extensive, I believe it is 

useful to introduce some of the physics behind the methods used and discussed in this thesis, 

linking together concepts that usually belong to different disciplines and fields. 

1.3.1 Characterization of Nanocarriers in Suspension 

1.3.1.1 Properties of Nanocarriers in Suspension 

An important challenge when dealing with suspensions of nanoparticles is that each particle 

is undergoing the so-called Brownian motion, with a constant and chaotic diffusion through 

the medium. When the particles are homogenously distributed in their suspending medium, 

no prevalent direction of diffusion can be identified, and each particle will follow a stochastic 

segmented path (Michaelides E.E., 2015). The beauty of this natural phenomenon can be 

described by the Brownian motion model (Equation 1, application in 2D) and the Stokes-

Einstein diffusion equation (2): 

(𝑥, 𝑦)2̅̅ ̅̅ ̅̅ ̅̅ ̅ = 4𝐷0𝑡 (1) 

𝐷0 =
𝑘𝐵𝑇

3𝜋𝜂𝑑
 (2) 

where (𝑥, 𝑦)2̅̅ ̅̅ ̅̅ ̅̅ ̅ is defined square mean step size (descriptor of the particle displacement in 

Brownian motion), 𝑡 is the time variable, 𝐷0 is the diffusion coefficient, 𝑘𝐵 is the Boltzmann’s 

constant (1.380649×10−23 kg⋅m2⋅K−1⋅s−2, a defining constant in the redefinition of SI base units, 

2019), 𝑇  is the temperature in the system, 𝜂  is the viscosity of the medium and 𝑑  is the 

hydrodynamic diameter of the particle of interest (Jarzębski M. et al., 2017). The latter variable 

of Equation 2 is the most descriptive property of a spherical particle in a fluid suspension as it 

includes the solvation effect. In fact, when the surface molecules of the suspended particles 

interact with the molecules of the medium, Coulomb forces stabilize a double layer of electric 

charges or dipoles, which tend to move as one with the particle (Maguire C.M. et al., 2018). 

The bigger the particle, the smaller the diffusion coefficient, the slower the movement; hence, 

the hydrodynamic diameter can be determined by studying the Brownian motion of 

nanoparticles in suspension (Equation 1 & 2). This can be done by utilizing the interaction of 

light with matter, hence a small degression on the physics of light itself will help us understand 

how to harness this powerful tool. 
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As figure 8A shows, light is both an electromagnetic wave and a beam of photons – particles 

with infinitesimal mass and maximum speed in void of 𝑐 = 299792458 m/s. Luckily, most of 

the phenomena addressed in this work can be explained through the wave nature of light. 

Here, the physics for a superficial explanation is more approachable. Amplitude 𝑎, wavelength 

𝜆, and phase 𝜑 are the properties that can describe electromagnetic waves (Figure 8B), with 

𝜆  being inversely proportional to the energy 𝐸 . The spectrum of visible light (Figure 8C) 

associates colors to the light wavelengths as the human eye can see them. 

 

Figure 8. Light. A) Dual nature of light as a beam of photons (oscillating yellow spheres) 
and an electromagnetic wave, expressed as the combination of perpendicular electrical 
and magnetic field. B) Wave properties of amplitude 𝑎, wavelength 𝜆, and phase shift 𝜑. 
C) Spectrum of visible light with increasing wavelength and decreasing energy. The figure 
was prepared with Biorender.com. 

When a light beam is passing through a medium, the intensity of the emerging beam is 

attenuated in comparison with the incident one. This phenomenon, historically referred to as 

extinction, is a combination of two types of interaction between light and matter: scattering 

and absorption (van de Hulst H., 2012). According to the physicochemical properties of the 

medium itself, the incident light can undergo scattering (describing an elastic or inelastic 

deviation of the light path of photons), absorption (associated to internal conversion of 

energy) or transmission through the medium. Hence, we define transmittance 𝑇 as the ratio 

between transmitted radiant intensity 𝐼𝑡  and incident radiant intensity 𝐼𝑖  (Equation 3), 

deriving the absorbance 𝐴 as shown in Equation 4. Specifically, when referring to a solute, the 

Lambert-Beer Law (Equation 5) describes the relationship between the absorbance at a given 
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wavelength 𝐴𝜆 and the molar concentration 𝑀 of the solute, accounting for light pathlength 𝑙 

and molar extinction coefficient 𝜀 (Swinehart D.F., 1962). 

𝑇 =
𝐼𝑡

𝐼𝑖
 (3) 

𝐴 =  −𝑙𝑜𝑔𝑇 (4) 

𝐴𝜆 = 𝜀𝑙𝑀 (5) 

As the transmittance is a measurable quantity and the absorbance is a property of matter 

directly proportional to the concentration of the molecules of interest, these concepts can be 

applied for the determination of concentrations of solutes (Mäntele W. & Deniz E., 2017), 

nanoparticles in suspension (Wang X. & Cao Y., 2020), and entrapment of their cargos 

(Amoabediny G. et al., 2017).  

As for the scattering, the math behind this phenomenon reaches complexities beyond this 

work’s scope and applications. However, it is noteworthy to highlight that light is scattered in 

all directions, and the intensity of such scattered light 𝐼𝑠  is inversely proportional to the 

wavelength of light 𝜆 to the power of four (Equation 6); hence, shorter wavelengths (e.g., 

violet and blue light) undergo significantly higher scattering emissions than longer 

wavelengths (e.g., yellow and red light) (Van Leeuwen S.R. & Baranoski G.V., 2018). 

Additionally, the size of the scattering object is also inversely proportional to the intensity of 

the scattered light by roughly the power of six (Equation 7), and the bigger the particles the 

more relevant the forward scatter will be, compared to the side and backscatter (Pecora R., 

2000). 

𝐼𝑠 ∝
1
𝜆4 (6) 

𝐼𝑠 ∝
1

𝑑6 (7) 

These very properties of Brownian motion and predictable interaction with light can be 

experimentally exploited for the characterization of nanoparticles in suspension, with 

methods that have been extensively optimized to the point of being considered gold 

standards. 
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1.3.1.2 Gold Standard Methods and Associated Challenges 

The use of light scattering to analyze the Brownian motion of nanoparticles in suspension has 

been validated in two well-known methods: dynamic light scattering (DLS, mostly associated 

to photon correlation spectroscopy, PCS) (Hassan P.A. et al., 2015) and nanoparticle tracking 

analysis (NTA) (Kim A. et al., 2019). Although based on the same physicochemical principles, 

these techniques differ in detection, software analysis and data output (Figure 9). 

 

Figure 9. Visual comparison between DLS and NTA approaches. From top to bottom: set-
up schematics, software analyses and data output are shown for both DLS (left) and NTA 
(right). The figure was adapted from Maguire C.M. et al., 2017 (reproduced according to 
the Creative Commons CC BY license for open access articles). 

In DLS, an avalanche photodiode detects the total scattered intensity over time. At each 

moment, this scattered intensity depends on how the particles are positioned in respect to 

the detector. Hence, the fluctuations of the scattered intensity over time are a description of 

the Brownian motion of the scattering particles. Here, a digital correlator interprets the 
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fluctuations of intensities into a correlation function, which exponentially decreases to zero. 

The slope of this function is correlated to the size of the particles, as a steeper slope indicates 

faster position changes, hence faster movement, and smaller sizes (Hassan P.A. et al., 2015). 

Sequential iterations of these analyses in the scale of nanoseconds allow the software to 

render an intensity-weighted size distribution, generally fitted into a Gaussian distribution or 

a more challenging non-monomodal distribution (Stetefeld J. et al., 2016). 

In NTA, the detector of light scattering is a microscope objective, which is connected to a 

digital camera for videorecording of the Brownian motion of the nanoparticles in suspension. 

Once optimized the frame rate, exposure time and sensitivity of the camera, the software 

records 30-60 s videos and analyzes them in four steps. First, a trained algorithm is used to 

identify the center of each particle. Second, the center of each particle is tracked throughout 

the video, frame by frame, to follow the Brownian motion of the individual particles in the 

field of view. Third, the software determines the average displacement of each particle over 

time (known as mean step size), used to derive the diffusion coefficient. Finally, the size of 

each particle is calculated through the Stokes-Einstein equation (2) and computed into a 

number-weighted size distribution (Maguire C.M. et al., 2017).  

The advantage of both DLS and NTA methods is the description of the nanoparticle behavior 

in suspension, which is often the mean of administration for drug delivery purposes. However, 

as any experimental method, some limitations come with the validation, transferability, and 

comparison of results (Gioria S. et al., 2018). Two main challenges to address when relying on 

these techniques are the possible polydispersity of the sample and particle shape. 

With particles of significantly different sizes in the same suspension, DLS-based methods 

encounter two main drawbacks. First, the point-by-point detection is always read as the total 

scattered intensity, which does not allow backtracking of the individual particles. Second, the 

software often first attempts to fit the size distribution into a Gaussian, which may not be 

adequate in the case of a multi-modal distribution (Maguire C.M. et al., 2018). The 

combination of these intrinsic characteristics of DLS-based methods leads to two possible 

sources of error. First, the resolution of different size peaks in a same sample is known to 

require a factor of three in mean size difference (Bhattacharjee S., 2016). Second, in 

polydispersed samples and according to the detection angle, the bigger particles can 

contribute in a greater manner to the intensity-weighted distribution, causing the mean 
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estimation to exhibit a systematic upward bias (Hassan P.A., et al., 2015). In the case of NTA, 

a single-particle tracking method, the number-weighted distribution that is obtained is often 

considered a more accurate description of the polydispersed sample. However, here the 

challenge lies in the detection of the particles themselves. As the scattering intensities depend 

on the wavelength of the light source and the size of the scattering object (Equations 6 & 7), 

shorter wavelengths would be optimal to induce scattering from the smaller particles. 

However, if bigger particles are also present in the suspension, their high scattering intensities 

may blind the camera, in turn preventing the smaller particles from being detected (Maguire 

C.M. et al., 2018).  

To ensure the validity of these scattering-based measurements, a specific property of size 

distribution needs to be considered: the polydispersity index (PdI). This value is a 

dimensionless estimate of the width of the size distribution, and it is calculated from the 

hypothetical Gaussian distribution which best fits the data. When this value approaches values 

of 0.3 or higher, the Gaussian fitting should start being considered inadequate and 

insufficiently descriptive of the sample (Danaei M. et al., 2018). Moreover, in case of DLS data, 

alternative fittings should be considered, such as the non-negative least squares (NNLS) 

method, the exponential sampling method, or the constrained regularization method for 

inverting data (CONTIN) (Stetefeld J. et al., 2016). On the other hand, for NTA data, a careful 

analysis of the dynamic range of the camera and the laser used should be carefully revised 

(Maguire C.M. et al., 2018). 

As for the second challenge of these methods, the identification of particle shape, it is 

important to remember that both methods determine the hydrodynamic diameter of the 

scattering objects, which is in itself a simplification of spheric particles. In fact, even if the NTA 

can be considered a microscopy technique, the first step in the software analysis is the 

determination of the center of the particle, which will then be considered a spheric object 

(Jarzębski M. et al., 2017). As we have seen earlier (§ 1.1.2), the shape of nanoparticles can 

influence their diffusion and behavior in general (Florence A.T., 2012a), hence for non-spheric 

nanoparticles both these techniques could show errors in the detection of the scattered 

intensities, hindering the predictability of their real behavior. For this reason, additional 

alternative imaging techniques are required to strengthen the characterization of 

nanoparticles (Foulkes R. et al., 2020).  
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1.3.2 Characterization and Imaging of Immobilized Nanocarriers 

1.3.2.1 Background Theory of Microscopy for Nanomedicine 

“Seeing is believing”. 

Our eyes use the light as a probe to sense the world. However, the world of all that is smaller 

than 0.1 mm have been a mystery until the development of microscopes. Since the early 

discovery of compound microscope and over the past four centuries, we have witnessed the 

development of microscopy, finally leading to microscopes being essential tools in every cell 

lab. Whereas earlier scientists were looking up at the universe to find new and exciting big 

things, technological development enabled them to start looking down, at a whole other 

world that they could finally see and actually believe in. In an imaging experiment, there are 

very few requirements to observe a phenomenon. First, we need small objects to appear big 

enough for us to see them (magnification). Then, we want to identify the individual objects in 

space (spatial resolution) and eventually follow their dynamic features over time (temporal 

resolution). Finally, we want our objects to be clearly distinguishable from anything else in the 

background (contrast) (Thorn K., 2016). Although few, these aspects are strictly intertwined, 

generating trade-offs and challenges along the way.  

Historically, to achieve the magnification of an object, a system of lenses was put in place to 

collect light shined through a sample. From the simplified version in Figure 10A, scientists 

developed increasingly smarter microscopes, which can self-correct for intrinsic distortion of 

the light path and allow for magnifications in the order of 103 times. Equation 8 describes the 

meaning of magnification, 

where 𝑔𝑟𝑜𝑢𝑛𝑑 𝑡𝑟𝑢𝑡ℎ  refers to the real dimension of an object, that depends on several 

optical and digital components of the microscope, such as the tube lenses, zoom factors, 

photographic projection lenses, eyepiece or sensor-to-monitor image size ratio, and objective 

lens (DeRose J.A. & Doppler M., 2018). Although all these components add to the final 

magnification, the contribution from the objective lens is generally the only factor reported in 

practice (e.g., 20x, 40x or 60x). This optical component is the closest to the sample, it is easy 

to adjust (generally microscopes mount at least 3 to 5 different objective lenses that can be 

rotated in place), and it directly contributes to both the magnification and the resolution of 

 
𝑀𝑎𝑔𝑛𝑖𝑓𝑖𝑐𝑎𝑡𝑖𝑜𝑛 =

𝑜𝑏𝑗𝑒𝑐𝑡 𝑑𝑖𝑚𝑒𝑛𝑠𝑖𝑜𝑛 𝑖𝑛 𝑡ℎ𝑒 𝑖𝑚𝑎𝑔𝑒
𝑔𝑟𝑜𝑢𝑛𝑑 𝑡𝑟𝑢𝑡ℎ

 (8) 
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an image (Figure 10B). In fact, without considering the stored resolution, increasing the 

magnification alone will not improve indefinitely the quality of the image (Piston D.W., 1998).  

The resolution stored in an image determines our ability to distinguish fine details when the 

image itself is magnified. However, as for the magnification, the resolution of an instrument 

cannot be increased indefinitely. In light microscopy, the lower resolving power achievable is 

determined by a fundamental property of light itself, diffraction. The plane light, when hitting 

a point object, will bend outwards and be converted into spherical wavefronts, gradually 

interfering with each other (Figure 10C). Because of this phenomenon, each point source in 

the sample plane will be represented as an airy disk in the image plane (Figure 10D), which is 

the intensity projection of the tridimensional point spread function (PSF, Figure 10E) (Murphy 

D.B. & Davidson M.W., 2012). 

 
Figure 10. Image formation through the lens system of light microscopes. A) Schematic 
representation of a simplified lens system. B) Cone of light collection from the objective 
lens of a microscope. C) Diffraction of light caused by point objects. D,E) Airy disks of the 
point object as 𝑥𝑦 and 𝑥𝑧 intensity projection of the 3D PSF (images generated on PSF 
generator, plugin for ImageJ). Biorender.com was used to assemble the panels, inspired 
by the video course “Short Microscopy Series” on iBiology.org. 
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Considering two individual point objects, the minimum distance that will allow them to be 

distinguished as separate objects is defined as resolution of the microscope 𝑑 (Figure 11). 

Ernst Karl Abbe, in the late XIX century, demonstrated that resolution is dependent on the 

wavelength of light 𝜆, the refractive index of medium 𝑛 and the half angle of light collection 

𝛼 , where he defined 𝑛 · 𝑠𝑖𝑛 𝛼  as the numerical aperture 𝑁𝐴  (Figure 10B). Through his 

coherent imaging equation, he approximated the resolution limit of light for the image plane, 

as shown in Equation 9. This concept was then extended into Equation 10 for the z-resolution 

of out-of-focus planes (Maznev A. & Wright O., 2017).  

Figure 11. Visual overlapping of the point spread functions (PSF) at Abbe’s resolution limit. 

In optimized conditions, the lateral resolution limit of light (Equation 9, also referred to as 

diffraction limit or Abbe’s limit) approaches 220-250 nm. This is the ideal case scenario; 

however, the practice can involve limitations due to both instrumental and sample dependent 

challenges. Physicists and engineers have worked to optimize instrumental weaknesses such 

as unwanted deviations of the light path (aberrations) and efficiency of detection (e.g., 

complementary metal oxide semiconductor – CMOS, or cameras charged-coupled devices – 

CCD cameras) (Radhakrishna M. et al., 2021), to the point that it is not for the user to worry 

about these aspects anymore. However, even with the best cameras, the detection itself can 

limit the resolution when the sampling of intensities is not performed correctly. According to 

the Nyquist sampling theorem (Equation 11), to capture a function of frequency 𝜈, it should 

be sampled at a frequency at least twice as high: 

𝜈𝑠𝑎𝑚𝑝𝑙𝑖𝑛𝑔 ≥ 2𝜈𝑒𝑣𝑒𝑛𝑡 . (11) 

When referring to digital acquisition of images, the Nyquist sampling defines that the number 

of pixels recording individual information should be at least twice as high as the events to be 

recorded, hence the pixel dimensions should be below half the wanted resolution (DeRose 

J.A. & Doppler M., 2018). This optimization of detection, together with the correct choice of 

magnification according to the resolution needed, can significantly contribute to the quality 

of the imaging. However, the contrast of the structures of interest over their background can 

 
𝑑𝑥,𝑦 =

𝜆
2𝑛 · 𝑠𝑖𝑛 𝛼

=
𝜆

2𝑁𝐴
 (9) 

𝑑𝑧 =
2𝜆

𝑛 · 𝑠𝑖𝑛2 𝛼
=

2𝑛𝜆
𝑁𝐴2 (10) 
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be even more important than the maximum resolution of an instrument, as this will determine 

the real resolution in a specific image of a specific sample (Vijayalakshmi D. et al., 2020). As 

Figure 12 shows, resolving the objects of interest becomes more challenging in two instances. 

On one hand, the intensities deriving from these objects are comparable to the background 

noise, which in most cases cannot be entirely eliminated due to the thermal and electrical 

noise across the detector (Radhakrishna M. et al., 2021). On the other hand, when the 

contribution from out-of-focus planes is recorded as a single signal, as if coming from the focal 

plane, objects that are clearly separated in 𝑧 may not be resolvable in 𝑥𝑦 (Swift S. & Trinkle-

Mulcahy L., 2012). 

 
Figure 12. Effect of low image contrast on resolution. A) Effect of the similarities of the 
signal intensities coming from the objects of interest and the intensities of the 
unavoidable background noise: low signal-to-noise ratio (left) reduces the real resolving 
power of objects at the same distance. B) The collection of light from the full thickness of 
a sample can co-localize objects in the 𝑥𝑦 plane that were actually separated in the 𝑧 
dimension, causing a reduced spatial lateral resolution. The figure was prepared on 
Biorender.com 
 

The “Trade-off Triad”. To increase the quality of the signal (generally expressed as signal-to-

noise ratio, SNR), a first option may be increasing the exposure time. In this case, the sensor 

detects a higher real signal, without substantial increase on the intrinsic noise; however, the 

acquisition time for an image becomes longer, increasing the possibility of phototoxicity on 

live samples and decreasing the time resolution to detect active dynamics. A second option 

could be binning together pixels on the sensors. This method can also maintain the low noise, 
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while increasing the area that collects a single signal; however, as this corresponds to 

increasing the pixel dimension, the result is lower spatial resolution (Swift S. & Trinkle-

Mulcahy L., 2012, Schermelleh L. et al., 2019). Furthermore, the temporal and spatial 

resolution tend to be inversely correlated as well, since a faster acquisition corresponds to a 

lower quality of the stored information. This leaves little to no space for image analysis, which 

is often fundamental to obtain super resolution information, as will be explained in § 1.3.3.3. 

This trade-off between the signal intensity, spatial resolution and temporal resolution is 

crucial for the successful application of microscopy to nanomedicine.  

In the case of nanoparticles in suspension, we would ideally require: i) high temporal 

resolution to follow their fast Brownian motion; ii) high spatial resolution due to their 

nanoscale size; and possibly iii) a way to increase their SNR, as their size could be correlated 

to a low signal.  

To image and characterize both the morphology and size of nanoparticles, one aspect we can 

choose to sacrifice from the trade-off triad is the temporal resolution. To achieve this, 

nanoparticles need immobilization. In this work I have focused on three strategies that can be 

implemented for imaging and characterizing immobilized nanoparticles:  

• exchanging the photon beam used in light microscopy for an electron beam, switching 

over to electron microscopy; 

• increasing the contrast of nanoparticles on background by introducing controllable 

bright molecules such as fluorophores, which specifically respond to light excitation 

and allow for the use of the new super resolution microscopy techniques;  

• adjusting the light source and the detection methods to either reduce the contribution 

from out-of-focus light, or to measure a different property of matter such as the phase 

delay of light.  

In practice, the first of these strategies has become the predominant one in nanomedicine 

research, probably because throughout history, advancement in electron microscopy has 

been the fastest at achieving the highest resolution required to characterize nanomedicine. 

Therefore, techniques such as transmission electron microscopy (TEM) and scanning electron 

microscopy (SEM) are currently considered the gold standards for the complemental 

characterization of nanoparticles (Soares S. et al., 2018), even though the recently advanced 

light microscopy techniques could be considered competitive. 
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1.3.2.2 Gold Standard Imaging Methods and Associated Challenges 

The high spatial resolution achievable in electron microscopy is explainable by the nature of 

the electrons (described by L. de Broglie in 1925, awarded with the Nobel Prize in Physics in 

1929). As for photons (Figure 8, page 18), electrons too possess a particle-wave nature, but 

with wavelengths much shorter than photons. Because the diffraction limit is wavelength-

dependent, shorter wavelengths will correspond to smaller resolvable distances. To make use 

of this dual nature of electrons, a thermal source can be used to produce an electron beam 

(gun), which can be stabilized in high vacuum (10-6 Torr) and focused onto a sample. As a type 

of ionizing radiation, a range of secondary signals can be detected from the sample and 

subsequently utilized in different electron microscopy techniques (Williams D.B. & Carter C.B., 

1996). After a century of developments, electron microscopy, in both transmission (TEM) and 

scanning (SEM) mode, is routinely performed in any laboratory that can afford such 

instruments. TEM offers super high resolution that can be achieved for small field of view, on 

thin samples embedded into electron-transparent base material. SEM provides slightly lower 

resolution but is less sensitive to the thickness of the specimens as it allows to scan the surface 

on wider fields of view (Modena M.M. et al., 2019). 

In nanomedicine, these methods can be utilized for both morphology and size analysis of the 

dry mass of nanomaterials. The fact that these instruments work in high vacuum implies the 

requirement of pre-drying the specimens to image. For solid particles, such as metal 

nanoparticles, the need for dehydration of the specimen is not expected to affect the 

morphology. Furthermore, these particles are electron-dense, hence they are opaque to the 

electron beam and ensure a good contrast over background in the images (Grabar K.C. et al., 

1997). However, for non-rigid particles such as liposomes, the process of dehydration can 

induce shrinkage and/or morphology changes (e.g., Figure 13A) and therefore be poorly 

representative of their morphology in suspension (Bibi S. et al., 2011). Furthermore, lipid-

based nanocarriers, among others, can be transparent to the electron beam. This property 

results in the need of additional pre-treatments of the samples before imaging. In the case of 

TEM, it has become a standard procedure to apply negative staining (e.g., with uranyl acetate) 

to darken the background around the nanoparticles (Ruozi B. et al., 2011, Modena M.M. et 

al., 2019). Although significantly increasing the contrast, this treatment can induce additional 

artifacts on the images, such as faulty multi-lamellarity effects (Bibi S. et al., 2011) or deceiving 
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oval shapes due to partial staining (Figure 13B). In the case of SEM, prior gold/palladium 

coating is necessary to increase the superficial electron conduction and obtain sufficient 

contrast on the image. However, this coating of 5-20 nm can introduce a significant systematic 

error in the determination of the size of nanoparticles (Eaton P. et al., 2017). 

 
Figure 13. Examples of artifacts in TEM imaging of liposomes. A) Squared liposomes show 
altered morphology as drying artifacts. B) Oval and asymmetric liposomes show altered 
morphology as drying and partial staining artifacts. Pilot data to paper IV. 
 

Electron microscopy images can be analyzed to obtain a number-weighted size distribution of 

the nanoparticles within the imaged field of view. This can be easily achieved through different 

methods of segmentation and analysis, which are now widely available in most imaging 

platforms (Saaim K.M. et al., 2022). Nonetheless, there are some important aspects to 

consider when using such methods. First, the diameters of the nanoparticles that are 

measured in the images refer to their dry diameter, which is expected to be smaller than the 

hydrodynamic diameter determined with the scattering-based techniques (as described in § 

1.3.1.) (Modena M.M et al., 2019). Second, although some morphology changes for known 

samples can easily be recognizable (e.g., Figure 13), less evident effects of the sample 

preparation procedures, such as vesicle shrinkage, easily pass the image quality check, 

possibly leading to a downwards bias in the size estimation (Bibi S. et al., 2011). Third, as 

number-weighted distributions, these size estimations cannot be directly compared to 

intensity-based distributions obtained, e.g., in DLS (Kaasalainen M. et al., 2017). 

To avoid such complex sample preparations, newer techniques such as environmental SEM 

(ESEM) have been proposed as suitable alternatives. In ESEM, the sample is maintained at a 

pressure of 0.2-2 Torr in aqueous vapor. This avoids both full drying and pre-coating since the 

signal is amplified through the vapor. However, the limited availability of these instruments 

makes it difficult to implement for routine imaging (Mohammed A. & Abdullah A., 2018).  
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1.3.3 Fluorescence-based Imaging of Nanocarriers 

1.3.3.1 Fluorescence as a Property of Matter 

To achieve imaging in more realistic environments, we can focus on the most powerful tool 

biologists have had since the invention of the microscope: fluorescence. The fluorescence as 

a phenomenon is the result of a specific interaction between light (photons) and matter (here, 

electrons in atoms). It represents a specific emission exclusively triggered by a given excitation 

source (Lichtman J.W. & Conchello J.A., 2005). To describe the interaction of light with matter, 

the Jablonski’s diagram is often utilized as one of the clearest tools (Figure 14). Once a photon 

interacts with an electron, the latter absorbs energy, resulting in an excited singlet state (S1 

or S2), as shown by the blue arrows on Figure 14A. Here, the instability of this excited state 

can be resolved in three ways: 

• Non radiative relaxation (green arrows): the electron returns to its ground state of 

energy through vibrational relaxation, which does not include far-field emission. 

• Fluorescence emission (red arrow): after internal conversion, the electron collapses to 

its ground state, emitting a photon as a far-field electromagnetic wave. 

• Intersystem crossing (yellow arrow): after internal conversion, the electron enters the 

forbidden triplet state (T1) in a slow transition leading to a high reactivity of the 

molecule. Consequently, the electron can relax to ground state through 

phosphorescence (orange arrow) or be forced into delayed fluorescence (violet arrows) 

through the excited singlet state (S1). 

The fluorescence phenomenon can be described by certain physical rules. Kasha’s rule states 

that the emission of photons as far-field radiations is possible only from the lowest excited 

state (0 of S1, in Figure 14A). For this reason, independently of the intensity of absorption, the 

electron will undergo non-radiative vibrational relaxation to 0 of S1, prior to fluorescence 

emission. There are two main corollaries deriving from this rule. First, the emission spectrum 

is independent of the excitation wavelength – Vavilov rule. Second, the vibrational relaxation 

results in energy loss, thereof the emitted photon wave will have lower energy than the 

absorbed one. In turn, the emission spectra will shift towards longer wavelengths if compared 

to the excitation spectra, a phenomenon known as the Stokes shift (Figure 14C) (Jameson 

D.M., 2014). 
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Figure 14. Interaction of light with matter. A) Jablonski’s energy diagram for the 
visualization of the energy state of electrons. The solid arrows represent far-field 
radiations while the wavy arrows refer to non-radiative relaxation. The dotted arrow 
shows internal conversion as a lossless energy transition. B) Atomic model for the 
generation of a fluorescent signal. C) Excitation and emission spectra of a sample 
fluorophore (FITC) showing the red-shifted emission, known as the Stokes shift. Figures 
were independently prepared on Biorender.com as an adaptation from: http://zeiss-
campus.magnet.fsu.edu/articles/basics/fluorescence.html.  
 

How long the electrons stay in each state depends on the chemistry of the molecule, the 

environment in which the molecule is placed in, and the type of excitation used (Lichtman J.W. 

& Conchello J.A., 2005). Molecules that can emit a fluorescence signal are known as 

fluorophores. Their outermost layer of electrons determines the shape of their absorption and 

emission spectra, as well as their efficiency as emitters. Based on the chemistry of the 

molecule, it is possible to predict its fluorescence behavior to some extent. In particular, the 

possibility of a molecule to fluoresce has long been linked to the presence of aromatic rings, 

where the electrons are delocalized in a system of conjugated double bonds. In general, the 

higher the number of double bonds, the higher the efficiency of a fluorophore in converting 

the absorbed photons into fluorescence emission (Lakowicz J.R., 1999). Such efficiency is 

known as quantum yield (φ) of a fluorophore (Equation 12) and is expressed as a ratio of the 

radiative fluorescence relaxation (kf) and the sum of radiative and non-radiative (knr) 

relaxation. This value, expressed in the range from 0 to 1, is the first aspect contributing to 

the final brightness of a fluorophore. The second aspect, known as molar extinction 

coefficient (ε), is accounted for in the Lambert-Beer Law (Equation 5, here expressed as 5’) 
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and measured as a function of absorbance at a given wavelength (Aλ), molar concentration 

(M) and pathlength of light shone through the sample (l). 

𝛷𝑓 =
𝑁(𝑝ℎ𝑜𝑡𝑜𝑛𝑠 𝑒𝑚𝑖𝑡𝑡𝑒𝑑)

𝑁(𝑝ℎ𝑜𝑡𝑜𝑛𝑠 𝑎𝑏𝑠𝑜𝑟𝑏𝑒𝑑)
=

𝑘𝑓

𝑘𝑓 + ∑ 𝑘𝑛𝑟
 (12) 

𝜀 =
𝐴𝜆

𝑀𝑙
 (5’) 

The higher the values for quantum yield and extinction coefficient, the brighter is the 

fluorophore at hand. Herewith, a third factor comes into play when choosing a fluorophore: 

excited-state lifetime. The time the electrons spend in the excited state (generally 1-10 

nanoseconds) reveals the fate of the energy absorbed with the photons. Longer times reflect 

a higher vibrational relaxation, which in turn shows a bigger Stokes shift. This is a useful 

property for the detection of clean fluorescent emission without interference from the 

excitation source (e.g., through band-pass filters, as shown in the striped pattern in Figure 

14C). However, longer excited-state times also hold higher probability of a chemical 

interaction between the fluorophore and molecules in the environment, possibly leading to 

loss of fluorescence (with quenching or photobleaching), or intersystem crossing to the 

forbidden triplet state (Guilbault G.G., 2020).  

1.3.3.2 Use of Fluorescence in Biological Sciences 

Historically, since the discovery and description of the quinine sulfate as the first small organic 

fluorophore (Herschel J.F.W., 1845), several molecules have been studied and exploited for 

their fluorescence. Biologically relevant molecules such as NAD(P)H, amino acids, vitamins and 

flavins were the first used to follow cellular dynamics as intrinsic fluorophores (Monici M., 

2005), although now they are mostly regarded as background autofluorescence. Native 

fluorescent amino acids such as tryptophan (Trp), but also Phenylalanine (Phe) and tyrosine 

(Tyr), have been used to engineer fluorescent proteins, as genetically encoded probes, in the 

line of the well-characterized green fluorescent protein, GFP (Wiedenmann J. et al., 2011). 

Additionally, small organic molecules with aromatic systems have been studied and optimized 

as individual fluorophores (Terai T. & Nagano T., 2013), summarized in Figure 15 (top), or 

covalently bound to the macromolecules of interest (e.g., fluorescently labeled lipids), 

presented in Figure 15 (bottom) (Kyrychenko A., 2015). 
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Figure 15. Examples of small organic fluorescent molecules (top) and fluorescently labeled 
phospholipids. Images adapted from Terai T. & Nagano T., 2013 and Kyrychenko A., 2015, 
with permission from Elsevier and IOP Publishing, respectively. 

 

The predictable behavior of fluorophores in response to a specific excitation has been utilized 

in biological and medical sciences. Subsequently, for a known fluorophore of interest, it is 

possible to adjust the microscope setup to detect the range of wavelengths that are solely 

fluorophore specific, blocking all the non-specific scattered light. The obtained image will then 

exhibit a bright signal over a dark background, allowing high contrast imaging. Furthermore, 

with the same principle of blocking and re-directing specific wavelengths of light, instruments 

can also be tailored for sequential or even simultaneous detection of two or more colors in 

the visible spectra, allowing for multi-color imaging. When the fluorescent moieties of choice 

are used to label biological structures of interest (e.g., through covalent bond or domain 

sequestration), this specificity of labeling permits tracking of biological dynamics, possibly 

over time and space. Furthermore, the introduction of small fluorescent moieties in biological 

systems generally bears low cytotoxicity, having little effect on the cell life cycles and 

potentially enabling long-term experiments (Terai T. & Nagano T., 2013). 



 

34 

For almost a century, scientists have utilized these advantages of fluorescent molecules to 

investigate biological phenomena, down to cellular and sub-cellular level. Starting from the 

autofluorescence of natural molecules, advancing through the specific labeling developed by 

modifying the chemistry of small molecules, to more complex biodistribution studies, that 

enabled following the accumulation of fluorophores as model pharmacological treatments 

(Kasten F.H., 1989), fluorescence has gained more and more attention in biomedical field. 

However, as more and more technological developments were implemented into the 

microscopy field, some limitations started to become evident (Cohen B.E., 2010).  

The choice of the fluorescent molecule affects the outcome of imaging experiments. The 

brightness of a label depends on its chemistry and can significantly vary in different biological 

environments, making quantification rather complex if not relativized with internal and 

external controls (Lakowicz J.R., 1999). Furthermore, the chemistry of the fluorophore and its 

interaction with the environment can also influence its stability. In fact, if the fluorescence 

emission upon excitation happens with a simultaneous chemical modification of the moiety, 

the fluorophore will undergo a progressive loss of fluorescence, which is known as quenching 

(if reversible) or photobleaching (if irreversible, as in the case of a covalent reaction with 

oxygen molecules in the environment). When these phenomena are predominant in the 

experiment, performing and quantifying long-term data becomes difficult (Lichtman J.W. & 

Conchello J.A., 2005). 

To complicate the situation even further, it is important to consider that the biological samples 

often possess intrinsic fluorescent structures, which can vary in composition and distribution 

according to the cell cycle and stress (Surre J. et al., 2018). The emissions from this intrinsic 

autofluorescence can then be detected together with the specific signal of the structures of 

interest if the emission wavelengths overlap. From the instrument point of view, if the 

contribution from out-of-focus light is not excluded, this can decrease the contrast of the 

structures of interest in the focal plane, causing a lower-than-optimal contrast and higher 

background noise (Schermelleh L. et al., 2019). Furthermore, although the fluorescent 

labeling is in general not toxic for live imaging, the necessity to use high power sources and/or 

prolonged imaging times can translate into illumination-induced toxicity, known as 

phototoxicity (Laissue P.P. et al., 2017). 
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Although the disadvantages might sound substantial, the advancements the microscopy field 

have offered solutions to overcome some of the issues, exploiting these very challenges as 

new sources of information. New fluorophores are continuously being developed to tackle 

low brightness and poor physicochemical stability of the emitters (Trinh N. et al., 2020, Cong 

H. et al., 2020), with novel classes being increasingly implemented into practice, such as 2-

photon absorbing organic dyes (Cohen B.E., 2010, Niu G. et al., 2019). Hence, brighter specific 

signal could be better identified over the autofluorescence of the background, while a lower 

illumination power could be sufficient for imaging, reducing the phototoxicity on the live 

samples and allowing for longer imaging timeframes (Tosheva K.L. et al., 2020). The chemical 

interaction of fluorophores with their environment has been harnessed to develop chemical 

probes and concentration indicators for different analytes. This allows non- or weakly-

fluorescent molecules to emit a fluorescent signal after interacting with the molecules of 

interest (Terai T. & Nagano T., 2013). Similarly, the quenching of fluorophores has been 

exploited in super-resolution microscopy (SRM) through specific buffers to induce 

photoactivation and/or photo-switching (Jradi F.M. & Lavis L.D., 2019), but also in well-known 

techniques such as PeT (photoinduced electron transfer) or FRET (Föster resonance energy 

transfer) (Tian X. et al., 2021). In these techniques, the close proximity of two matching 

fluorophores (e.g., FRET pair) causes the first one to quench after external excitation and the 

second one becomes excited by the first (Zu F. et al., 2017). The total fluorescence emission 

in the respective channels is thus an indicator of the distance between the fluorophores. 

Therefore, pre-labeling two structures of interest with a FRET pair makes it possible to follow 

the dynamics of their interaction (Gulin-Sarfraz T. et al., 2019). In parallel, technological 

developments in fluorescence microscopy currently enable several approaches to reduce the 

background noise deriving from out-of-focus light as well as an increase of the signal-to-noise 

ratio (SNR) in the images (e.g., through image processing or manipulation of the light source). 

1.3.3.3 Super Resolution Fluorescence Microscopy 

The sensational development of light microscopy in the last 20 years is linked to the so-called 

super-resolution microscopy (SRM), the importance of which saw the three scientists Eric 

Betzig, Stefan W. Hell and William E. Moerner being awarded the Nobel Prize in Chemistry in 

2014. Although Abbe’s limit is still a valid physical law (Maznev A. & Wright O., 2017), these 

scientists and many others working in the SRM field have developed tricks to play around this 
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limit, allowing us to bring the advantages of light microscopy to resolutions previously possible 

only in electron microscopy (Schermelleh L. et al., 2019). 

The first class of SRM techniques can be collectively defined as single molecule localization 

microscopy (SMLM). Here, the individual emitters which are too close to be resolved in space 

are resolved in time. The main requirement for these techniques is for the individual 

fluorescent molecules to blink, such that at any given time only some emitters are switched 

on, hence being sparse enough to be resolved in space. The acquisition then becomes a multi-

frame imaging that is subsequentially reconstructed into a single image through image 

processing (Figure 16) (Sage D. et al., 2019). The different methods in this class use different 

approaches to achieve the blinking. For example, the use of specific photoswitchable 

fluorophores is needed for the application of fluorescence photoactivation localization 

microscopy (fPALM), while special buffers are required in direct stochastic optical 

reconstruction microscopy (dSTORM) to induce the intermittent emission on conventional 

fluorophores (Li H. & Vaughan J.C., 2018). Resolutions down to molecular level can easily be 

achieved at the expenses of temporal resolution (for the long acquisition times required) and 

easiness of sample preparation (as the spatiotemporal sparsity of the emitters needs to be 

ensured through correct staining and blinking behavior) (Whelan D.R. & Bell T.D., 2015). 

 

Figure 16. Visual schematics of the application of single molecule localization microscopy. 
The blinking of emitters gives them spatiotemporal sparsity such that a repeated 
acquisition of the same field of view over time enables the resolution of close objects 
appearing in different frames. Figure adapted from Möckl L. et al., 2014, with permission 
from John Wiley and Sons publisher. 
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Recently, a new class of methods related to SMLM has shown strong potential for biological 

samples with high labeling density. Collectively, these new methods are known as 

fluorescence fluctuation super resolution microscopy (FF-SRM) and they can be defined as 

computational algorithms for image processing of multi-frame imaging datasets (Schermelleh 

L. et al., 2019). 

Super-resolution optical fluctuation imaging (SOFI) was the first one to be developed. In this 

algorithm, the fluorescence fluctuation per pixel is analyzed over time on a multi-frame 

dataset. After cumulant analysis on each pixel through all the frames, the processed image 

shows only the highly correlated fluctuations (e.g., removing the contributions of emitters on 

neighboring pixels); hence reducing the background noise, increasing the contrast, and 

allowing super-resolution acquisition on a standard diffraction-limited setup. Only 

requirements for this algorithm are: i) two different emission states for the fluorophore (e.g., 

on and off) and ii) this blinking must happen individually and stochastically for each emitter 

(Dertinger T. et al., 2009). 

Super-resolution radial fluctuations imaging (SRRF) is an analytical method which builds on 

the principles of SOFI by accounting for the so-called radiality transform. Herewith, the 

algorithm performs a sub-pixel analysis to quantify local radial symmetry. Assuming that each 

emitter is a symmetric point source, high local symmetry will correspond to the emitter while 

low local symmetry will be interpreted as background and hence suppressed, obtaining higher 

SNR, contrast, and resolution (Gustafsson N. et al., 2016). 

Super-resolution imaging based on auto-correlation two-step deconvolution (SACD) is a 

composite algorithm built on two models, namely the Lucy-Richardson deconvolution and the 

multi-plane autocorrelation. The deconvolution step is performed to remove the systematic 

imaging error due to the PSF of the microscope, hence reducing the background noise on the 

image. The autocorrelation step is similar to the SOFI approach; however, because of the 

deconvolution pre- and post-processing, a lower number of frames can be fed to the algorithm 

to similarly reconstruct a super-resolved image with high degree of background suppression 

(Zhao W. et al., 2018) 

Entropy-based super-resolution imaging (ESI) is an algorithm that interprets fluorescence 

fluctuations in terms of entropy per pixel. High entropy corresponds to high probability of an 

emitter of being localized within the pixel area. Hence, once accounted for the cross-entropy 
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among neighboring pixels, the algorithm will reconstruct the images as a probability function 

(Yahiatene I. et al., 2015). 

Multiple signal classification algorithm (MUSICAL) is a statistical method which combines 

single value decomposition of the image stack and pattern recognition. To each of the 

generated patterns (eigenimages) the algorithm assigns a singular value. The higher the value 

the more prominent is the pattern, hence, the more probable is its correlation to the location 

of emitters. Lower values will then mostly refer to noise background. By selecting a threshold 

between high values (signals) and low values (background noise), the algorithm can analyze 

and compare them in the form of ratio. The subsequent incorporation of the information of 

the PSF allows to locate and super-resolve the position of the labeled structures of interest 

(Agarwal, K. & Macháň R.,2016) 

The advantage of both SMLM and FF-SRM methods is the fact that they can theoretically be 

implemented on any fluorescence microscope at hand, as they do not require modifications 

to the illumination setup. On the other hand, all these methods are very heavy on image 

processing, which can become a disadvantage if the quality of the acquisition does not meet 

the requirements as the algorithms could render artefact-y images (Schermelleh L. et al., 

2019). However, as the potential of these methods is experimentally reviewed in this thesis, I 

will postpone some more details to the dedicated section (§ 4.3.2.). 

An alternative approach to improve the resolution in light microscopy is to modify the 

illumination setup (Tang J. et al., 2019). The conventional widefield illumination shown in 

Figure 17A is the simplest approach where a laser shines light of a specific wavelength through 

the whole thickness of the sample. In widefield mode, the light collection is also coming from 

the whole thickness of the sample; hence the contrast of the images can be lower if the 

structures of interest are well separated in 𝑧, but not in 𝑥𝑦. Changing this illumination mode 

can increase the contrast in the detection of emitted light and therefore increase the effective 

resolution on the images. The first approach historically developed is confocal laser scanning 

microscopy (CLSM, Figure 17B). The light is channeled to a small spot which is moved first in 

𝑥𝑦 and then in 𝑧 for a point-by-point scanning of the sample. This illumination trick allows the 

optical sectioning of the thickness of the sample and therefore reduces the contribution of 

out-of-focus light into the signal detected from the focal plane (Pawley J., 2006). Figure 17C 

shows the total internal reflection (TIR) illumination mode. As the name says, here the light is 
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totally reflected away from the sample creating at the very surface of it a so-called evanescent 

field that can excite the fluorophores in its proximity. Although this illumination cannot 

penetrate through bigger thicknesses than 200-300 nm, it can provide superficial information 

with very high contrast and very low phototoxicity for live samples (Axelrod D., 2013).  

 
Figure 17. Mode of illumination most applied in fluorescence microscopy. A) Widefield 
illumination. B) Confocal laser scanning illumination (cone of light for point scanning on 
the sample). C) Total internal reflection mode. The figure was prepared on Biorender.com. 

The modification of the light collection allowed by CLSM and TIR illumination result in 

increased contrast and effective resolution. However, both these modes are still considered 

diffraction-limited microscopy as Abbe’s resolution limit of light is still the theoretical lower 

bound. To achieve super-resolution information, these illumination modes need to be 

combined with a super-resolution approach. Specifically, CLSM finds its own super-resolution 

method in stimulated emission depletion (STED), while the TIR illumination can be 

implemented in several systems for both SMLM and structure illumination microscopy (SIM) 

(Schermelleh L. et al., 2019).  

Stimulated emission depletion (STED) is the direct upgrade of confocal microscopy for super-

resolution applications. Here, a doughnut-shaped high-power laser is combined to a confocal 

laser to effectively reduce the area of the point that is illuminated at each time in the scanning 

(Figure 18 A). By regulating the intensity of the STED laser, it is possible to control the 

resolution. In fact, higher power corresponds to a smaller region of minimal intensities (center 

of the doughnut). The depletion laser shifts the expected emission of the fluorophores outside 

of the detected range, which means that the fluorophores are still excited and can undergo 

photobleaching. Furthermore, the high power of the STED laser can cause high phototoxicity 

on live samples. However, STED is the only SRM technique which does not require image 

processing per se, hence being the least prone to artifacts (Hell S.W. & Wichmann J., 1994). 
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Lastly, structured illumination microscopy (SIM) plays its strength on a fringe pattern of 

illumination, where the distance between the stripes is close to the resolution limit. The 

interferences deriving from the shifting and rotation of this pattern within a specific field of 

view allow the encoding of high frequency information (hence, smaller objects) into the 

detectable information. A computational trick in the frequency domain (Fourier transform) 

will thus allow the image reconstruction with details previously not resolvable. Hence, the 

resolution of an optimized SIM microscope allows to half the theoretical resolution limit, with 

very little requirements for the sample preparation that in turn opens the possibility to 

optimize live cell imaging (Wu Y. & Shroff H., 2018, Richter V. et al., 2021). 

 
Figure 18. Super-resolution microscopy obtained by modifying the illumination on the 
sample. A) Stimulated emission depletion STED, based on the doughnut depletion laser. 
B) Structure illumination microscopy SIM, based on the stripe-patter illumination which 
determines the Moiré interference. The figure was prepared on Biorender.com. 

The use of these super-resolution techniques in health sciences, and nanomedicine in 

particular, enhances the advantages of the simple use of fluorescence allowing us to localize 

structures of interest down to molecular level with multi-color specificity of labeling (Pujals S. 

& Albertazzi L., 2019). However, as this field of microscopy is still relatively young, to be able 

to believe in what we see in the nanoscale, alternative techniques able to assist in method 

validation are needed.  
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1.3.4 Label-free Light Microscopy on Nanomedicine 

1.3.4.1 Phase Property of Light and Light Sources 

An often-disregarded property of electromagnetic waves resides in their phase information. 

In fact, when illuminating a sample with a light source, the information that is usually recorded 

is the intensity decrease due to absorption, hence the reduction in amplitude of the wave. 

However, objects that show low degree of absorption, such as many cell types and 

biomaterials, will be mostly transparent to the light. In these cases, although not significantly 

affected in amplitude, the light wavefront emerging from a sample is shifted in phase; hence, 

the analysis of this shift can help retrieving information otherwise invisible in intensity 

measurements (Park Y. et al., 2018) 

Physically speaking, the phase of a wave (𝜑) is an angular description of the oscillation period 

(sinusoidal function), which is dependent on the position (𝑥, 𝑦) at all times. This dependence 

on reference spatial coordinates makes the phase information complex to interpret as an 

absolute value. For this reason, experimentally, phase is always evaluated through an internal 

control: the light generated at the source is passed through a beam splitter where half the 

radiations are collected raw (reference beam), and half are first directed towards the sample 

(object beam). As such, the overlapping of the information carried by reference and object 

beams generates an interference pattern (interferogram) that is a visual representation of the 

phase delay that happened at the sample plane. The effect that a sample can have on the 

phase of light depends on the wavelength used 𝜆, the thickness of the sample ℎ and the 

difference in refractive indexes between objects 𝑛2 and medium 𝑛1, as shown in Equation 13: 

𝜑(𝑥, 𝑦) =
2𝜋
𝜆

[𝑛2(𝑥, 𝑦) − 𝑛1(𝑥, 𝑦)] ℎ(𝑥, 𝑦) . (13) 

By applying this formula to the recorded interferograms, it is then possible to obtain point-by-

point quantitative information about the thickness of the sample, usually visualized as a phase 

map. Being able to measure phase shifts of 1 mrad allows the detection of nanometric changes 

in thickness, even with minimal differences in the refractive index (Bhaduri B. et al., 2014). 

However, the trade-off triad between signal intensity, temporal resolution, and spatial 

resolution (§ 1.3.2.1.) can be found also when dealing with phase imaging. 

The choice between temporal and spatial resolution is connected to the choice of the 

geometry of the instrument and the relative processing algorithm needed to extract the phase 
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maps from the recorded interferograms. An off-axis geometry, combined with a CCD camera, 

allows fast acquisition and therefore high temporal resolution, retrievable through the Fourier 

transfer algorithm. However, the interferograms recorded as such tend to lose the high 

frequency information (relative to smaller objects/details), with a consequent reduction of 

spatial resolution. On the other hand, if temporal resolution can be spared (e.g., for 

immobilized samples), the use of an on-axis geometry and the acquisition of interferograms 

with a higher number of frames per phase per field of view would allow the use of the phase 

shifting algorithm, hence maintaining higher spatial resolution (Ahmad A. et al., 2020, 

Balasubramani V. et al., 2021). 

To lower the contribution from the background into the images, which is vital to resolve the 

smallest details on the structures of interest, once again it is possible to manipulate the light 

source to our advantage. In particular, the sensitivity of the instrument is determined by the 

coherence of light source, which can be assessed in time and space. High temporal coherence 

for an electromagnetic wave means that the wave maintains its shape and properties in time. 

High spatial coherence is verified when light that originated from the same point source 

behaves equally in all direction of propagation (Bhaduri B. et al., 2014). 

Lasers are examples of light sources with both high temporal and spatial coherence, which is 

an advantage in many microscopy applications (e.g., fluorescence microscopy), but becomes 

a disadvantage when dealing with interference-based techniques such as phase imaging, as 

they generate high speckle and coherent noise, introducing background artifacts. Opposite to 

lasers, we find the white light generated by sources such as halogen lamps, where the 

combination of all the wavelengths in the visible spectrum and the lower stability of the 

emitting source makes the coherence low both in temporal and spatial terms. This light source 

was shown to produce a more consistent and low background (Bhaduri B. et al., 2012); 

however, white light carries properties of dispersion and chromatic aberrations that can make 

the alignment difficult to implement if not on a small field of view. A third light source often 

used in microscopy labs is the LED light, with a partial increase in both spatial and temporal 

coherence in comparison to the white light from halogen lamps. When using LED light, the 

consistent and low background can be mildly extended over a larger field of view, but the 

difficulties in alignments remain. The fourth, and newest, light source has been recently 

developed as a low spatial and high temporal coherence source, named pseudothermal light 
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source (PTLS). This source combines an easy-to-align laser diode with a rotating diffuser that 

purposely reduces the spatial coherence of the original source, hence reducing the speckle 

noise while maintaining stable illumination over wide fields of view (Ahmad A. et al., 2016). 

1.3.4.2 Quantitative Phase Microscopy (QPM) in Biological Sciences 

The possibility of encoding the phase information into the traditional brightfield imaging has 

worked as a contrast enhancer technique for almost a century, and the father of phase 

microscopy, Frits Zemike, was awarded the Nobel Prize in 1953 for this discovery (Zernike F., 

1955). However, the technological development that now allows to detect minimal pathlength 

shifts, together with the possibility of quantifying such shifts (Equation 13) has guided 

microscopists towards the so-called quantitative phase microscopy (QPM, also known as 

quantitative phase imaging, and closely related to other interferometric methods such as 

digital holographic microscopy) (Bhaduri B. et al., 2014). 

The intrinsic quantitative information that can be retrieved in each image is the first 

advantage of QPM, as it allows the point-by-point direct measurement of the thickness of a 

sample. Specifically, the nanometer sensitivity in 𝑧 is the most valuable information, rather 

unique to this method, as most of the microscopy techniques show much lower resolution in 

𝑧 than in 𝑥𝑦. The versatility of setups for QPM allows to adapt to the needs of the biological 

question, hence on-axis geometry will be chosen for static samples with fine details to resolve 

while off-axis geometries will be preferred to follow dynamic events over time (Mir M. et al., 

2012). Furthermore, the requirements for QPM imaging are very little, if any, which translate 

to easy sample preparation. Theoretically, any support can be adapted on the microscope 

stage and, as for any microscope by now, a stage incubator can be predisposed to maintain 

an optimal temperature and atmosphere for live samples. Live imaging is in fact not only 

possible, but often preferrable to other methods, as QPM does not require high power lasers, 

thus showing low phototoxicity on the sample (Aknoun S. et al., 2021). Last but definitely not 

least, QPM is a label-free technique which avoids all downsides of using fluorescent labeling 

while keeping the advantages of light microscopy (as previously discussed in § 1.3.3.2). 

The potential of this technique has been harnessed in many applications for health sciences. 

QPM was used to follow cell-cell interaction and cell growth (Mir M. et al., 2011), membrane 

fluctuations on red blood cells (Popescu G. et al., 2008), motility of sperm cells for in vitro 

fertilization (Butola A. et al., 2020), dynamics of intracellular transport (Wang Z. et al., 2011), 
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phagocytosis in macrophages (Zuo C. et al., 2013), as well as changes in cell morphology after 

treatment with nanoparticles (Luther E. et al., 2017, Sternbæk L. et al., 2019), among many 

other applications (Park Y. et al., 2020). Although this wide variety of applications explored, 

the use of QPM for the characterization of nanoparticles has been vastly disregarded because 

of the two disadvantages of this method: the diffraction-limited resolution and the poor 

sensitivity to movements in 𝒛. As we all love a good challenge, the potential of QPM for the 

characterization of nanomedicine is addressed in this thesis; hence, we will get back to this in 

§ 4.3.4. 

1.3.5 Fate of Nanocarriers in Biological Environments 

1.3.5.1 In Vitro Models and Cell Selection 

In vitro testing is a crucial step in the development of new pharmaceuticals and 

nanoformulations, as it can and should be a high throughput screening tool that predicts in 

vivo behavior. However, this is often the limiting step in development because, even with the 

best of technologies available, the correlation between in vitro testing and in vivo behavior is 

still suboptimal (Soares S. et al., 2018). Failing in vitro predictions can bring forward unsuitable 

candidates doomed to fail in clinical testing but also discard valid options. In both cases, the 

money and time invested in animal testing, as well as the unnecessary use of animals can 

directly slow the drug development process (Fontana F. et al., 2021). This cascade of 

unwanted (and ethically controversial) research waste should be addressed already at early 

developmental stage.  

One could argue that the importance of reliable in vitro models has never been higher. Recent 

years witnessed numerous novel and smarter models being developed and validated in drug 

development, comprising organs-on-chip (Azizipour N. et al., 2020), body-on-a-chip (Sung J.H. 

et al., 2019), scaffold-based 3D cell cultures (Badekila A.K. et al., 2021), or spheroids and 

organoids (Liu D. et al., 2021), among others. These novel models offer the possibility of 

following cell behavior under physiological flow (e.g., microfluidic chips) or in co-culture with 

multiple cell types (e.g., organoids). However, the complexity of the sample preparations and 

the batch-to-batch variability explain some skepticism and still limited spread of these 

techniques in practice. While many are working to improve in vitro models to eventually 

discard the use of animal experimentation (Jensen C. & Teng Y., 2020), the routine cell testing 

still relies on the 2D static culture on plasticware (glass-bottomed for imaging purpose). This 
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gold standard is far from ideal; the results can depend on the model cell line chosen and even 

on the pipetting style used for drug administration (Ahmad Khanbeigi R. et al., 2012). 

Especially when developing new formulations with rather unknown behavior, the choice of 

cell model will affect the testing outcome; hence, the current and most effective strategy is to 

test the nanocarriers on more than one cell type. 

Different cells can respond differently to nanoparticles in their proximity. Furthermore, once 

administered in vivo, nanoparticles have high probability to encounter different cell types than 

the designated target (Meng H. et al., 2018). As we have seen in § 1.2.1, the RES system is 

involved with the clearance of nanoparticles, therefore at least one of these cells should be 

included in routine testing (Halamoda-Kenzaoui B. et al., 2019). Murine macrophages 

represent a good standard as they are generally easy to culture, they can be maintained for a 

long time, and they express several internalization pathways (including pinocytosis and 

phagocytosis) which could recognize nanoparticles, specifically or non-specifically (Ahmad 

Khanbeigi R. et al., 2012). However, immortalized cell lines could show biased results. Hence, 

it is often considered good practice to include testing on freshly isolated primary cells. Liver 

sinusoidal endothelial cells (LSECs) are queens of primary cells for this purpose, as their 

scavenger function through clathrin mediated endocytosis could be the responsible for the 

clearance of nanoparticles from the blood, as it is for many pharmaceutical ingredients 

(Sørensen K.K. et al., 2012, Szafranska K. et al., 2021). Furthermore, epithelial and endothelial 

cells should be included according to the administration route of choice; moreover, other 

cancer cells could show cell-specific behaviors and targeting possibilities. In this thesis, 

macrophages were chosen as main model; however, aiming to showcase the potential of 

different microscopy techniques for nanomedicine, the selection of alternative cell models 

was also driven by the compatibility with the method of choice.  

1.3.5.2 Tracking Nanomedicine Fate In Vitro 

When applying a nanoparticle treatment to a cell culture, all the challenges we have seen for 

their localization and characterization are instantly amplified. The complex medium used to 

sustain the cells is a new source of possible interactions, such as the well-known protein 

corona (Münter R. et al., 2022). These new interactions can directly affect the integrity of the 

nanocarrier, e.g., in the case of fluorescently labeled nanoparticles, a displacement of the 

fluorophore can cause loss of tracking specificity (Münter R. et al., 2018). Furthermore, the 
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efficacy of targeting strategies can be limited by the protein corona covering the targeting 

ligands and preventing their specific recognition (Fan Z. et al., 2020). Adding salt to the wound, 

the culture medium is an unbeatable source of background noise (and often also 

autofluorescence) that can compromise the use of several standard techniques. 

The most straightforward approach to analyze the behavior of nanoformulations is based on 

indirect approaches, which can include studying the activity of the payload (e.g., effect of 

antimicrobials on the proliferation of bacteria, Gao W. et al. 2018) or quantifying metabolites 

or byproducts of the cell cycles, before and after treatment (e.g., inflammatory mediators, 

Giordani B. et al. 2020, Hemmingsen L.M. et al., 2021). Although highly informative on the 

behavior of the payload, the results from these methods are difficult to generalize for the 

nanocarriers since the observed effect could be due to internalization or local release (Wu L.-

P. et al., 2020). Similarly to the indirect methods, where the fate of a treatment is compared 

to an untreated control, electron microscopy can be used to analyze changes in intracellular 

morphology such as organelles shape and distribution, utilizing the conventional TEM for 2D 

imaging (Malatesta M., 2016) or techniques of volume electron microscopy (such as serial 

blockface imaging or focused ion beam scanning electron microscopy, FIB-SEM, Peddie C.J. & 

Collison L.M., 2014). 

To add specificity on the information of nanoparticles internalization, fluorescence tagging 

can be implemented in several techniques. Nanoformulations can be fluorescently labeled in 

a specific color (with careful considerations discussed in § 4.2.), while non-overlapping colors 

can be used for specific labeling of cellular structures of interest (e.g., nucleus, cell membrane, 

mitochondria, and/or lysosomes). Historically, flow cytometry (FCM) and confocal microscopy 

have been the go-to techniques for tracking fluorescence (Ducat E. et al., 2011). 

Flow cytometry, and the complementary method of fluorescence activated cell sorting (FACS), 

can be considered a batch mode analysis. Once a cell suspension is injected into a flow 

cytometer, a finely tuned microfluidic system directs the cells into a one-by-one flow towards 

the so-called interrogation point. Here, the selected lasers illuminate the sample while the 

detector registers the total fluorescence intensity emitted by each cell, allowing population 

analyses from tens to hundreds of thousands of events within minutes (Bonner W. et al., 1972, 

Agarwal A. et al., 2020). In advanced flow cytometry systems, multiple colors can be read 

simultaneously, allowing the screening of dual labeling or combined treatments (Truneh A. et 
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al., 1987, Škalko N. et al., 1998), treatments in co-cultures (Susewind J. et al., 2016, Alhussan 

A. et al., 2021), or toxicity assays (Arbab A.S. et al., 2003). 

Fluorescence microscopy, often performed in confocal mode (CLSM), is accounted as a single-

cell method and it is often combined with flow cytometry as it can provide more detailed 

information of the cellular distribution of a certain fluorescent signal while analyzing a small 

number of cells. Although the diffraction limited resolution does not allow single-particle to 

single-cell imaging, this technique is widely available and can give information on treatment-

dependent toxicity, intracellular accumulation, and/or colocalization with other structures of 

interest (Jonkman J. et al., 2020). 

The monitoring of live cells is a complex challenge and introducing nanoparticles in the system 

adds another layer of complexity. Nonetheless, the development of novel imaging methods 

and the optimization of older ones is constantly widening the available options (Pantanowitz 

L. et al., 2019). Ultimately, the best strategy to address the limitations of the individual 

methods is to combine them. By introducing a reference system with coordinates in the 

sample, it is possible to image the same area under different instruments (e.g., fluorescence 

and electron microscopes) and perform correlative microscopy. The overlay of these images 

thus brings different types of information into the same picture. However, the sample 

preparation required to accommodate different imaging methods can be challenging 

(Loussert Fonta C. & Humbel B.M., 2015) and will be further addressed in § 4.4.4.  
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2 Aims 
The success stories in nanomedicine research have drawn ever-growing attention and 

fundings to the research field. However, the expectations surrounding magic bullet 

formulations are yet to be met. To improve in vitro predictions and reduce failures at later 

stages of developments, the field is urging for improvement and standardization of methods. 

For this reason, the main aim of this thesis was to comprehend the nanocarriers features by 

updating the toolbox of methods enabling us to understand the properties and behavior of 

nanocarriers in biological environments. To gain a deeper insight on back-to-basics research, 

liposomes were chosen as model nanocarriers for their versatility, biocompatibility, and 

clinical relevance. The specific aims, divided by project focuses, are: 

Paper I 

• To formulate and characterize trackable liposomes using fluorescently labeled lipids. 

• To assess how fluorophore and nanoformulations affect each other’s properties. 

• To evaluate the biological activity of labeled and unlabeled formulations. 

• To derive the internalization profile of nanocarriers using their fluorescence signal. 

Paper II 

• To explore and optimize the use of fluorescence-fluctuation based super resolution 

microscopy techniques for biologically relevant samples, namely nanocarriers, fixed 

cells, live cells, and tissues. 

• To assesses the reliability of size estimation, reduction of background noise and 

resolution of fluorescently labeled immobilized liposomes. 

Paper III 

• To explore the downsides of conventional batch-mode characterization of liposomes 

(e.g., DLS) and fluorescent labeling. 

• To validate quantitative phase microscopy (QPM) as an alternative label-free method 

for the characterization of nanoparticles. 

Paper IV 

• To combine the strength of fluorescence and electron microscopy and recognize 

potential downsides. 

• To showcase the use of correlative microscopy for nanomedicine research. 
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3 Summary of Papers 

3.1 Paper I 
Following the Fate of Dye-Containing Liposomes in vitro 

Following the fate of liposomes in vitro should help us to predict and screen the efficacy of 

delivery as well as cytotoxicity of nanoformulations at early stages of development, allowing 

early optimization interventions. However, due to their small size and dynamic nature, 

liposomes are difficult to track per se in biological environments. For this reason, in paper I, 

the focus was put on formulating trackable liposomes through the incorporation of 

fluorescently labeled phospholipids in liposomal bilayers.  Incorporating the fluorescent 

moieties into liposomes, especially when they are chemically linked to the lipid structural units 

of the vesicles, provides a powerful tool for tracking the nanocarriers, even possibly 

individually. However, to be able to infer any fluorescence-based result to the nanocarrier 

itself, a deep insight on the behavior of the labeled formulations is necessary. 

In this work, two lipid dyes were chosen among the marketed dyes, specifically Cy5-DSPE (C) 

as a surface lipid dye – for its labeled polar head, and TopFluor®-PC (T) as a lipid dye – for its 

labeled hydrophobic tale. Each dye was individually incorporated in the bilayer in four 

different concentrations and the size of liposomes adjusted to approximately 150-200 nm. To 

assess if and how the presence of a fluorophore affects the properties of the nanocarrier, size 

and zeta-potential were evaluated in comparison to the unlabeled control, over 60 days and 

at different storage temperatures, namely 4 °C (fridge) and 25 °C (RT). While no variations 

could be seen for the formulations stored in the fridge, the increased storage temperature 

showed a direct effect on the stability of all labeled formulations, where at the 30 days 

endpoint a thick sediment was found. Furthermore, as expected, the trend of increased 

negativity of the zeta-potential over time, due to low degree of lipid oxidation, was more 

evident for the formulations containing a surface lipid dye (C), especially in high concentration. 

To assess how the formulation affects the fluorescence stability of the dyes, all labeled 

formulations were aliquoted and stored at 4, 25 and 37 °C. The quantitative fluorimetry was 

performed daily over the course of a week. The surface lipid dye (C) showed significant 

decrease in fluorescence emission, more relevant for lower concentrations of dye and for 

higher storage temperatures, while the lipid dye (T) exhibited higher fluorescence stability 
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during both fridge and RT storage. Interestingly, the T-labeled liposomes with higher 

concentrations of dye showed lower fluorescence stability at 37 °C, hinting at a saturation of 

the bilayer that causes more fluorescent moieties to be exposed to the water-based medium. 

Based on the behaviors observed, the choice of suspension medium for the liposomes was 

inferred to directly affect the fluorescence stability of the dyes. In fact, media rich in strong 

electron acceptors will faster inactivate the fluorescent moieties by removing their delocalized 

electrons, which are responsible for the fluorescence emission itself. 

Finally, to assess the potential cytotoxicity and pharmacological response of the labeled 

formulations in comparison to their unlabeled control, high throughput in vitro treatments of 

murine macrophages RAW 264.7 and keratinocytes HaCaT were performed. No variations 

were observed between labeled and non-labeled formulations in terms of cell proliferation. 

Furthermore, after treating LPS-inflamed macrophages with liposomes, a concentration-

dependent reduction in NO production was observed for all the formulations, with limited 

variations of behavior between labeled and unlabeled liposomes. 

The T-labeled formulation with lowest concentration of fluorescent dye (T1) was then selected 

for the investigation of internalization profiles. Internalization was quantified at different 

endpoints within 24 h of treatment utilizing flow cytometry; the quantitative population 

analysis was validated by visualizing the positive live cells in flow imaging. After 4-6 h, almost 

all cells were found positive for internalization; however, a linear increase of fluorescence 

intensity was observed, showing no saturation withing the timeframe of the experiment. 

Fluorescent images revealed that the fluorophore was condensed into intracellular organelles, 

such as phagosomes and phagolysosomes, and not uniformly distributed in the cytosol. This 

visual information, combined with the non-saturation of internalization, suggested that the 

phagocytosis was the most probable internalization pathway. 

Although this work did not give definitive mechanistic proof, it showed that combining 

different techniques, especially the powerful fluorescence-based ones, can be useful in the 

screening phase of formulation optimization. However, it is only a robust characterization of 

how fluorescent moiety and nanocarrier affect each other’s properties that validates these 

kinds of findings. We therefore identified the time, temperature, medium, choice of dye, dye 

concentration and localization in the bilayer as main experimental conditions that can affect 

the outcome of internalization experiments.  
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3.2 Paper II (Manuscript) 
Fluorescence Fluctuations-Based Super-Resolution Microscopy Techniques: 

An Experimental Comparative Study 

The development of super-resolution microscopy (SRM) has driven fluorescence microscopy 

into the nanoscale world, finding applications in all kinds of fields, from material to biological 

sciences. An emerging class of SRM techniques is based on image processing and referred to 

as fluorescence fluctuations-based super resolution microscopy (FF-SRM). The methods 

comprise computational algorithms which reconstruct a single super-resolved image by 

analyzing the fluctuations of fluorescence signal across sequential frames in multi-frame 

(video-like) imaging datasets. Although validated on fluorescence beads and some optimized 

samples, these methods have remained widely unchallenged regarding their possible 

application for biologically relevant specimens, with commonly used staining techniques. 

In this paper, the focus was put on assessing the performance of five of these FF-SRM 

methods, namely super-resolution optical fluorescence imaging (SOFI), entropy-based super-

resolution imaging (ESI), multiple signal classification algorithm (MUSICAL), super-resolution 

imaging with autocorrelation two-step deconvolution (SACD), and super-resolution radial 

fluctuations (SRRF). Being computational algorithm, and often referred to as statistical 

imaging, all FF-SRM methods require the input of several parameters prior to image 

reconstruction. The performance of the individual methods was assessed throughout a 

relevant range of values for several crucial parameters, namely number of frames (#fs), order 

of processing (method-specific for SOFI, ESI, and SACD), threshold (method-specific for 

MUSICAL), additional options/settings (method-specific for SRRF), and Haar wavelet kernel 

(HAWK) pre-processing (additional algorithm for the enhancement of data sparsity). 

The methods were utilized to characterize four biologically relevant samples with increasing 

complexity. First, liposomes were chosen as a sub-diffraction nanoparticle sample, with 

expected higher variability than fluorescence beads in terms of both uniformity of labeling 

and size distribution of the particles. Second, fixed cells were selected as easiest biological 

sample for the analysis of super-resolution cellular ultrastructures such as filopodia and actin 

filaments (macrophages). Third, tissue samples were used as model for densely labeled thick 

samples (here, from placenta and heart tissue). And finally, live cells were imaged to observe 
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the highly dynamic organelle motion (here, in cardiomyoblast transiently transfected to 

fluorescently tag mitochondria and endoplasmic reticulum).  

A common aspect of all four biologically relevant samples is the absence of a ground truth, 

which, even in the simplest case of liposomes, corresponds only to possible particle size range, 

without any information on the actual size of the particles in the field of view. Hence, to tackle 

the challenging aspects of these samples, simulation studies were performed to assist the 

experimental image processing, explain the results obtained, and eventually predict the 

optimal imaging and processing conditions to choose on the different samples and techniques. 

The performance of the different techniques, with different parameter selection, in the 

different samples, was visually assessed in terms of i) background signal, ii) 

recognizable/repeated patterns of unlike biological origin (reconstruction artifacts), and iii) 

resolution enhancement for closely localized structures. In spite of the rather wide range of 

conditions considered in the project, all methods visually underperformed in most cases. Size 

estimations demonstrated high variability in a technique-dependent manner (more than 

sample-dependent). Moreover, several background artifacts were recognized and described. 

However, the potential of these techniques is not to be underestimated as the current state-

of-the-art requires a manual choice and input of parameters, which can introduce user-

dependent biases. A more comprehensive pre-analysis (e.g., based on artificial intelligence) 

for the automatic determination of the most suitable image processing would optimize the 

image processing, possibly predicting the suitability of a given multi-frame acquisition for a 

specific FF-SRM method. 
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3.3 Paper III 
Characterization of Liposomes Using Quantitative Phase Microscopy (QPM) 

The behavior of liposomes in biological environment depends closely on their physicochemical 

properties, such as their size, membrane fluidity and surface charge. Being small and almost 

transparent dynamic vesicles, liposomes are very complex to detect and especially image. 

Recurring to the use of fluorophores can help the visualization aspects; however, fluorescent 

molecules are known for their high sensitivity to the experimental conditions and possible loss 

of tracking specificity over time (e.g., leakage and photobleaching). To tackle the downsides 

of conventional and fluorescence-based techniques, the focus of this paper was put on the 

assessment of quantitative phase microscopy (QPM) as a complementary label-free technique 

for the visualization and characterization of liposomes. 

Liposomes of three different sizes (N1 – 1 µm, N3 – 200 nm and N4 – 100 nm as aimed 

diameters) were considered for the validation. Dynamic light scattering (DLS) was used as a 

conventional characterization technique for the estimation of size distribution of liposomes in 

suspension, as a function of backscattered light and speed of the Brownian movement. Single 

particle optical sensing (SPOS) was used for such estimation in the case of liposomes outside 

the available DLS range of detection (0.01-1 µm). For imaging purpose, liposomes were 

immobilized on PLL-coated silicon wafers within an adherent PDMS frame. A coverslip was 

sealed on top to prevent evaporation and therefore to allow imaging in non-dried conditions. 

A fluorescent phospholipid (14:0-06:0 NBD-PC, N) was included for validation purposes of the 

newly developed QPM setup. The combination of the low-spatial and high-temporal 

coherence of the light source (pseudothermal light source – PTLS), the on-axis geometry of 

the microscope and the corresponding phase shifting algorithm used for image reconstruction 

allowed for the preservation of high spatial resolution.  

First, the method was used to localize immobilized liposomes, showing direct correlation with 

the fluorescence images taken in parallel. In particular, the technique was proven effective 

not only in the detection of sub-diffraction sized liposomes, but also in distinguishing the sizes 

from N3 and N4, respectively close to and below the resolution limit of light. Furthermore, 

prolonged phase and fluorescence imaging showed the potential of QPM over fluorescence 

for long-term tracking of liposomes. The persistent laser illumination of the sample induced a 
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complete photobleaching, while little to no changes were seen in the phase map retrieved in 

QPM, confirming the integrity of the vesicles. 

Full field of view images were then recorded for the N3 – 200 nm sample, comparing the 

retrieved phase map with the correspondent fluorescence image. The phase map showed high 

capability of locating liposomes, even the smallest ones, with little to no fluorophore 

incorporated, difficult to locate in fluorescence. The refractive index difference between 

liposomes and medium was set to 0.4, and the thickness of each liposome within the field of 

view was plotted into a number-weighted size distribution, which resulted in a peak at around 

100 nm diameter size. The underestimation of the QPM distribution, in comparison to the DLS 

one, was expected for several reasons. First, intensity-based distributions (DLS) tend to show 

an upwards bias in size estimation as bigger particles contribute more to the overall scattering 

detected. Second, the QPM distributions tend to show a downwards bias in size estimation 

for the possible loss of high frequency information (smaller details) in the light detection. 

Third, the size estimated in DLS refers to the hydrodynamic radius, which in the case of 

charged particles can include a strongly stabilized layer of medium on the surface. 

Furthermore, the choice of refractive index difference used for the size estimation was in itself 

an estimate, which can be a source of error, as demonstrated in a simulation of size variance 

as a function of refractive index. 

The successful immobilization of liposomes and the QPM imaging in their hydrated state, 

which was firstly achieved in this work, confirmed the potential of this technique to compare 

formulation morphology (e.g., sphericity) and vesicle size in early stages of development. The 

independence of phase measurements from fluorescence signals further endorses the 

applicability of this technique to track the liposome integrity over time. Furthermore, it was 

postulated that for known vesicle sizes the analysis of refractive index variations could be 

implemented to visualize the composition of nanoformulations and their interactions with the 

environment. 
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3.4 Paper IV (Manuscript) 
Correlative microscopy provides insights on localization, internalization, 

and subcellular trafficking of liposomes 

To predict the behavior of nanocarriers within relevant biological environments prior to actual 

in vivo experiments, one should perform reliable characterization of those nanocarriers, 

follow their localization in vitro, especially their intracellular trafficking, while understanding 

the cellular response/toxicity as a consequence of the nanocarrier treatment. The aim of this 

work was to optimize an integrated methodology that allows to gather this bulk of information 

on the same specimens. Hence, correlative microscopy was the chosen approach due to its 

potential to localize a fluorescently labeled nanocarrier (by fluorescence microscopy) and to 

visualize the cellular response to treatment, in terms of organelle morphology and stress (by 

electron microscopy). Confocal laser scanning microscopy (CLSM) was the fluorescence-based 

technique of choice, while for the electron microscopy side of the experiment, different 

samples were imaged utilizing different techniques, namely scanning electron microscopy 

(SEM), focused ion beam SEM (FIB-SEM), and transmission electron microscopy (TEM). 

First, a final formulation of liposomes in dry form was used for correlative CLSM-SEM. 

Fluorescently labeled liposomes were incorporated in nanofibers. For such specimen (dry 

form), only the step of confocal imaging was added to the conventional characterization 

performed through SEM; hence, without further need of sample preparation. By applying 50% 

transparency on the fluorescence image, a perfect overlay as a direct linear correlation was 

obtained, with no distortions required. A partial integrity of liposomes could be thus verified, 

as a fluorescence gradient in intensity decrease could be detected surrounding the brightest 

spots. 

For biological specimens, PEGylated and non-PEGylated liposomes were compared in terms 

of their internalization and cellular response, on macrophages and glioblastoma cells, at 4 and 

24 h of treatment incubation. Confocal microscopy, with airy scan detection and fixed settings, 

was first performed on all conditions and controls. Clear differences in internalization behavior 

were seen depending on the conditions. Macrophages displayed, already after 4 h, a higher 

overall internalization, slightly reduced in the case of PEGylated liposomes. Interestingly, 

glioblastoma cells exhibited the opposite trend, with PEGylated liposomes being more 

internalized vesicles. At the 24 h endpoint the intensities were reduced and rather diffused 
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for both macrophages and glioblastoma, possibly suggesting degradation taking place. 

However, in the case of non-PEGylated liposomes exposed to glioblastoma cells, possible signs 

of exocytosis could be seen instead. 

The glioblastoma samples were further imaged in FIB-SEM to obtain volumetric correlative 

information, while macrophages were resin embedded, sectioned, and imaged in TEM, as 

their thickness is incompatible with reasonable imaging times (each cell could take up to a 

week of image acquisition). The signs of cell stress could be seen through the presence of huge 

intracellular bodies of irregular shape, suggesting massive degradation mechanisms in place. 

Furthermore, the mitochondrial morphology exhibited altered shape and unexpected lipid 

accumulations. 

Further confirmations of these findings may be obtained through on-section correlative light 

and electron microscopy, i.e., performing the confocal imaging step after the laborious sample 

preparation for electron microscopy. However, although yielding a higher performance 

regarding the correlation itself, the effect that this harsh processing would have on the 

liposomal localization would have to be separately assessed. 
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4 Results and Discussion 
In this section, I present and discuss the main results obtained throughout this project, 

contextualizing the different findings in the relevant literature. I structure the results 

according to the methods used, together with some methodological considerations. 

4.1 Choice and Preparation of Nanocarriers 
Lipid-based nanocarriers were chosen as model formulations for their biocompatibility, 

biosafety, and clinical relevance (Gadekar V. et al., 2021). Among them, liposomes were used 

throughout the project (Paper I to IV) because of their versatility and non-rigid structure. Their 

vesicular nature serves as a model for non-rigid nanoparticles which generally are more 

difficult to stabilize for imaging purposes.  

Different preparation methods were used according to the properties of the lipid ingredients 

and the required characteristics of the nanocarrier. Initially, all lipids and hydrophobic 

ingredients were deposited as a thin film in low pressure rotary evaporation. This allowed for 

a uniform dispersion in the solvent of choice. The film was then directly re-dispersed in a 

water-based medium (e.g., water or phosphate buffer) to obtain multi-lamellar/multi-

vesicular structures, according to the film hydration method (Xiang B. &Cao D.-Y., 2021). 

When considering intravenous administration, the target size of liposomes was deemed 

acceptable when < 200 nm, aiming for 100 nm whenever possible. To ensure these sizes, three 

size reduction methods were considered and compared in terms of PdI and entrapment of the 

molecule of interest (Figure 23). Of the three methods, two are widely available and 

commonly used in nanomedicine laboratories, namely extrusion and probe sonication. The 

first method consists of a sequential extrusion of the multi-lamellar/multi-vesicular 

suspension obtained after film hydration. This sieving causes the liposomal membranes to be 

rearranged into smaller and smaller vesicles at each passage, with a consequential reduction 

in PdI to a monodispersed system (often PdI < 0.1) (Ong S.G. et al., 2016). The second method 

consists of introducing a sonication probe deep into the sample. The direct contact of the 

probe and the sample enables high-energy radiations to penetrate the suspension and 

stimulate rearrangements of the lipid bilayers into smaller vesicles (Paini M. et al., 2015). 

Despite being fast and easy to perform, probe sonication induces local temperature increase 

which cannot be finely tuned and can represent an issue in the case of temperature-sensitive 
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ingredients. Furthermore, sterility cannot be ensured and possible metal contaminations from 

the probe are known (Khadke S. et al., 2018). The third method, microfluidization, is the link 

between small- and large-scale production. Devices such as the Microfluidizer LM20 

(Microfluidics International Corporation, Westwood, Massachusetts) can process 20 to 300 

mL of liposomal suspensions, in few seconds per pass. This technology is a form of high-

pressure homogenization as it pushes the formulation through a diamond chamber of 

microchannels, where the high pressure and the shear forces between the liposomal 

membranes and the walls of the channels cause the lipid rearrangement and size reduction 

(Mayhew E. et al., 1984, Barnadas-Rodrıǵuez R. & Sabés M., 2001). Notwithstanding the high 

throughput of this technology, to be effective it requires both high volumes and high initial 

concentrations of lipids (Yadav K.S. & Kale K., 2020), which can be costly to achieve for 

optimization purposes. Hence, for lab-scale production of highly concentrated liposomes, 

alternative methods such as the dual asymmetric centrifugation (DAC) are more advisable 

(Massing U. et al., 2008), maintaining the scalability potential and several advantages of the 

small-scale production (Ingebrigtsen S.G. et al. 2017). 

Figure 23 presents the comparison between the same formulation of liposomes processed 

through the hand-extrusion, probe sonication and microfluidization to a final size of 100-200 

nm. Soy phosphatidylcholine (SPC, 20 mg/mL) was used for the formulation of simple 

liposomes, as commonly reported in literature (Jøraholmen M.W. et al., 2020, Hemmingsen 

L.M. et al., 2021), and rhodamine B was chosen as fluorescent dye (4 mg/mL). Although often 

used as a bilayer marker (Ternullo S. et al., 2017), the partial water solubility of rhodamine B 

can explain its distribution in the hydrophilic liposomal compartment (Kuznetsova D.A. et al., 

2021), especially when used in high concentrations. To remove the unentrapped molecules, 

membrane dialysis was performed prior to quantifications. 

The microfluidization technique was associated, on average, to higher polydispersity values, 

lower entrapment than the extruded formulation, and lower reproducibility. The increased 

number of passes of the formulation through the microfluidizer chamber resulted in a 

progressive decrease in the polydispersity index (PdI) (Figure 23B); however, a drastic 

decrease of the entrapment was also noted (Figure 23D). These trends were found coherent 

with sonication experiments previously described in literature (Jøraholmen M.W. et al., 2014). 

Furthermore, the high polydispersity and the intra-batch variability of the microfluidized 
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samples can be attributed to the low initial concentration of all ingredients, which causes the 

shear forces in the chamber to be non-uniform (Barnadas-Rodrıǵuez R. & Sabés M., 2001).  

 

Figure 23. Comparison of size reduction methods (hand-extrusion, sonication and 
microfluidization) in terms of PdI (A,B) and entrapment (C,D). The same initial formulation 
was used for all the cases: 20 mg/mL of soy phosphatidylcholine (SPC) and 4 mg/mL of 
rhodamine B. The label “extrusion” refers to a sample processing of 4 x 800 nm + 4 x 400 
nm + 4 x 200 nm + 4 x 100 nm. The label “sonication” refers to a sample processing of 
10x3 seconds. B and D specifically refer to the total amount of passes (P) through the 
microfluidizer. Pilot data not included in the manuscripts. 
 

To maintain the lipid concentration within an optimal range for optimization purposes, the 

focus was kept on the hand extrusion method, combined with short sonication in case the 

smallest vesicle sizes could not be achieved with the former technique. Furthermore, the 

localization of rhodamine B at the high concentrations of interest was found to carry poor 

labeling specificity. Its presence in the bilayer, hydrophilic core, and possibly in the dispersant 

medium (consequence of the osmotic equilibration through the liposomal membrane) was 

found inadequate for single-particle imaging experiments, and thus the focus was shifted onto 

covalently labeled phospholipids.  

4.2 Formulation of Trackable Liposomes 
Including a fluorescent molecule in the formulation of liposomes can be a powerful tool for 

their characterization and trackability, especially when covalently attached to lipid moieties. 

The high contrast, the possibility to obtain multi-color imaging, the generally low cytotoxicity 

and the labeling specificity are the main advantages (Terai T. & Nagano T., 2013). However, 

different labeling strategies can lead to different results, even for the same nanocarrier 

(Snipstad S. et al., 2017). Brightness, quantum yield and fluorescence lifetime of a specific 
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fluorophore can influence not only the applicability of certain methods (e.g., where high-

power lasers are required), but also any quantitative analysis on the images (Lichtman J.W. & 

Conchello J.-A., 2005). Furthermore, the affinity of certain fluorescent molecules for other 

macromolecules present in biological environments may induce fluorophore leakage from the 

nanocarrier (Münter R. et al., 2018, Snipstad S. et al., 2017). For these reasons, the deep 

characterization of labeled nanoparticles is a fundamental step to ensure the specificity of 

tracking. 

Four fluorescently labeled lipids were selected over the course of the project, with a 

fluorescent molecule covalently bound to the lipid head (for C and R) or tail (for T and N), as 

shown in Figure 24. 

 

Figure 24. Fluorescently labeled formulations and chemical structures of the lipids used 
in the project. From the top) Sample phosphatidylcholine lipid in SPC as main lipid 
ingredient in liposomes, C-lipid: Cyanine5-labeled phosphatidylethanolamine. T-lipid: 
TopFluor®-labeled phosphatidylcholine. N-lipid: NBD-labeled phosphatidylcholine. R-
lipid: Rhodamine-labeled phosphatidylethanolamine. Abbreviation: Lip: liposomal 
formulation. The figure was prepared with Adobe Illustrator CS6. Molecules were drawn 
using ACD/ChemSketch 2019 2.1. 

The similarity of these molecules to the main lipid ingredient (soy phosphatidylcholine, SPC) 

ensured the best description of the liposomal bilayer. However, the presence of the 

fluorescent moieties inside the bilayer, or on its surface, can influence the properties of the 

unlabeled nanocarriers, specifically the processing required to achieve the size target and final 
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surface charge of the particles. Table 1 shows a direct comparison between an unlabeled 

control (Lip) and four labeled formulations, where each fluorophore was individually 

incorporated in liposomes. 

Table 1. Comparison of formulations with different lipid labeling at the concentrations of 
10 mg/mL SPC and 0.03 mg/mL of fluorescent lipid. Processing, size, PdI and ζ-potential 
are indicated for each formulation. Lip refers to the unlabeled control. The percentage in 
parenthesis in the size column refers to the intensity-weighted most relevant peak. Data 
obtained in the optimization steps for paper I, II and IV. 

 Processing 
Size 
[nm] 

PdI 
ζ-potential 

[mV] 

Lip 
Sonication (8 x 15 s) + 

Extrusion (4 x 400,200,100 nm) 
135±20 
(88%) 

0.23±0.02 -1.4±5 

T-Lip 
Sonication (8 x 15 s) + 

Extrusion (4 x 400,200,100 nm) 
158±40 
(96%) 

0.16±0.01 -3.6±4 

C-Lip 
Sonication (8 x 15 s) + 

Extrusion (4 x 400,200,100 nm) 
161±42 
(89%) 

0.24±0.01 -1.2±5 

N-Lip Extrusion (4 x 400,200,100 nm) 
122±20 
(100%) 

0.12±0.01 -7.2±3 

R-Lip Extrusion (4 x 400,200,100 nm) 
152±22 
(100%) 

0.08±0.01 -31±7 

 

In terms of processing, when utilizing the T and C fluorophores, a sonication step prior to 

extrusion needed to be included to achieve the wanted sizes (< 200 nm). The T-lipid exhibits 

a multi-ring structure which places itself inside the bilayer, simulating a cholesterol effect of 

stiffening the membranes (Regan D. et al., 2019). Therefore, the extrusion through the 100 

nm membrane sieving size was difficult to perform and resulted in ineffective size reduction. 

Similarly, the incorporation of the C-lipid resulted in difficulties in size reduction, although as 

surface lipid label an interference with the bilayer itself is not expected. This behavior is 

comparable to the one known for some polymer coatings (e.g., PEG and chitosan, Jøraholmen 

M.W. et al., 2014). The incorporation of the N-lipid in liposomes resulted in rather opposite 

behavior. The hand extrusion achieved the best size reduction, even more easily than the 

unlabeled control, such that the sonication step was removed as it merely increased the 

polydispersity of the system, without an effective influence on its size reduction. The backflip 

of the fluorescent moiety towards the polar head of the N-lipid molecule explains a certain 

degree of disruption in the bilayer, hence increasing its fluidity (Kay J.G. et al., 2012). Lastly, 

the R-lipid was successfully incorporated in liposomes, which were easily reduced in size 
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without the need of a sonication step. Although rhodamine (in R-Lip) and cyanine (in C-Lip) 

have a similar molecular weight, the steric volume of the rhodamine is not as elongated, 

preventing it from reaching the high degree of organized (Rokitskaya T.I. et al., 2018).  

In terms of surface charge, the effect that the presence of fluorescence moieties has on the 

liposomes is dependent on the nature of the molecule, its position in/on the bilayer, and its 

concentration. The SPC unlabeled liposomes tend to exhibit neutral (or slightly negative) ζ-

potential as the polar heads show zwitterionic behavior in aqueous media (Khandelia H. & 

Mouritsen O.G., 2009). At the tested concentrations of labeled lipid (0.01 to 0.1 mg/mL), the 

T- and C-lipid molecules did not demonstrate a relevant change in the ζ-potential of the 

formulations. The N-lipid contributed to a slight increase in negativity (likely due to the 

backflip of the fluorescent moiety towards the surface of the bilayer; Kay J.G. et al., 2012), and 

the R-lipid was associated with a high increase in negativity (possibly caused by the 

deprotonated state of the rhodamine moiety on the surface, Kuznetsova D.A. et al., 2021). 

The surface charge of nanoparticles has long been linked to their internalization and behavior 

in biological environments (Frӧhlich E., 2012, Kamali S.M. et al., 2021); therefore, the choice 

of fluorescent molecule and its concentration are fundamental to disguise the fluorescent 

dyes in the formulation and fully describe its behavior. 

Since the presence of a fluorescence marker can affect the properties and behavior of a 

formulation, the formulation can also affect the expected properties of the fluorophore, 

particularly its fluorescence stability.  Figure 25 (top row) shows the progressive loss of 

fluorescence the formulations demonstrate over time (5 days) and storage temperature (4 °C, 

usual fridge storage, 25 °C, room temperature for handling formulations, and 37 °C, usual 

temperature for cell work incubation). This behavior of overall decreased fluorescence when 

increasing the storage temperature would not be expected when observing the fluorescent 

behavior of the fluorescent lipids freely dissolved in their native organic solvent (Figure 25, 

bottom row). In fact, the conjugated system of electron delocalization, typical of fluorescent 

moieties, tends to interact differently with non-polar organic solvents, such as methanol, and 

polar ones, such as water or saline buffers. As the aromatic delocalization is often responsible 

for the emission of fluorescence signals, chemical disruptions can cause significant a loss of 

fluorescence (Stennett E.M. et al., 2014). 
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Figure 25: Fluorescence stability of liposomal formulation (Top) over time (5 days) and at 
three different storage temperatures (4, 25 and 37°C), compared to the native fluorescent 
lipid dissolved in methanol (Bottom). The temperature exhibited a direct effect on the 
fluorescence stability of the fluorophores in liposomes to an extent that depends on the 
formulation itself. All fluorescent lipids freely dissolved in methanol showed no evident 
reduction in fluorescent intensity over the course of the experiment. Data merged from 
paper I, and pilot data for paper II, III and IV.  
 

In terms of fluorescence stability, it is not surprising to see that the fluorescent moiety that is 

tightly packed inside the bilayer (T, yellow) is the most stable over time and temperature 

range, closely followed by R (pink) and N (green). Both the R and N fluorescent moieties 

directly interact with the medium, as the first is a surface lipid label and the second shows 

backflip towards the surface. The explanation of the higher stability of R over N is found in the 

chemistry of the molecules themselves, as the rhodamine contains a bigger aromatic system 

that can ensure delocalization even after partial interruption/disruption (Demchenko A.P., 

2020).  In this experiment, the C-lipid (blue) showed the highest incompatibility with the 

medium, and a dramatic decrease of fluorescence in the formulation, even at the lowest 

storage temperature. In water, and especially in buffer, the cyanine itself can easily undergo 

covalent modifications, which can quickly bleach the fluorophore (Valdes‐Aguilera O. et al., 

1987). This progressive loss of fluorescence can be interpreted as a massive loss in specificity 
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of tracking, and in early stages of formulation development this could easily lead to false 

negative in targeting experiments. However, the knowledge of this phenomenon can be 

utilized in specific methods and/or labeling strategies. For example, the fact that cyanines 

display low fluorescence in water makes them perfect candidates for labeling hydrophobic 

compartments such as the cell membrane (e.g., DiD, DiI or DiO), as the unentrapped 

fluorophore will not significantly contribute to the background noise (Terasaki M. & Jaffe L.A., 

2004). Furthermore, surface labeling of structures, such as that in the C-Lip formulations 

prepared in this project, can be considered for highly specialized chemical imaging methods 

such as FRET (Yang G. et al., 2021) and SMLM (Matikonda S.S. et al., 2020).  

4.3 Characterization of Liposomes 

4.3.1 Conventional Characterization 

There is always a good reason for a technique to become gold standard in the field. Scattering-

based analyses of nanocarriers in suspension are high throughput, fast and easy methods that 

can be implemented potentially in any lab (Maguire C.M. et al., 2017). However, it is important 

to separate what can be interpreted from these results from what cannot (Bhattacharjee S., 

2016). Figure 26 shows the output of a size analysis of the same sample through DLS (Zetasizer 

Nano – ZS, Malvern, Oxford, UK) and NTA (Zetaview® NTA, Particle Metrix GmbH, Germany). 

The direct data output of DLS is an intensity-based distribution (green), while for NTA the 

direct output is a number-based distribution. The consequence of this very first difference in 

data output is that results can be complex to compare. The software of both DLS and NTA 

devices offer the possibility of converting distributions from intensity-weighted to number- 

(black) and volume-weighted (blue), and from number-weighted to volume-weighted 

distributions. Although two of these options appear to be a common ground between the two 

techniques, at each conversion of a fitted distribution the measurement error is enhanced, 

with the biggest effect in the conversion of intensity to number (Eaton P. et al., 2017). 

Furthermore, as previously introduced (§ 1.3.1.2), DLS and NTA are subjected to different 

errors (Gioria S. et al., 2018). Converting each distribution to the volume-weighted one results 

in the propagation of different kinds of errors, which can drift the distributions farther apart, 

as seen in Figure 26 (data table).  
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Figure 26. Direct comparison of data output from A) dynamic light scattering (DLS), and 
B) nanoparticle tracking analysis (NTA) size measurements for an unlabeled formulation 
of liposomes (Lip). The data table shows the mean ± st.dev calculated from each fitted 
curve. Pilot data for paper IV. 
 

Although software development is constantly improving to account for the intrinsic errors of 

the measurements (Stetefeld J. et al., 2016), the chosen strategy to deal with results from 

different techniques was to keep the mathematical analysis to the minimum. Hence, in this 

project, if not otherwise specified, DLS data was expressed as intensity-weighted distribution 

(mean ± st.dev) of the hydrodynamic diameter and used as a reference for validation of the 

new techniques. 

4.3.2 Nanoparticle Immobilization for Imaging 

To image nanoparticles with the highest spatial resolution, the samples require 

immobilization. The standard immobilization method consists of drying and fixing the particles 

on a polymer base (Ruozi B. et al., 2011). This is necessary when aiming for electron 

microscopy, as the measurements are generally performed in high vacuum. Although easy and 

fast, this method becomes difficult to perform and interpret for non-solid particles, such as 

liposomes (Bibi S. et al., 2011). Figure 27 shows the two alternative strategies utilized 

throughout the project, with the immobilization on agarose patch (Figure 27A) and poly-L-

lysine, PLL (Figure 27B), optimized in paper II and III, respectively. Both tricks are based on 

previous cell work; sperm cells have been successfully immobilized on agarose for super 

resolution imaging (Opstad I.S. et al., 2018) and PLL is a positively charged biocompatible 
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polymer which is commonly used to achieve cell adhesion on non-ideal supports (e.g., glass 

and metal). In the first case, a patch of solid agarose prepared in thin sheets (approx. 2 mm) 

was laid on top of the liposome suspension, which was previously pipetted directly onto a 

coverslip, for imaging on an inverted microscope. In the second case, it was the liposome 

suspension to be applied on top of the PLL coating, consequently sealed with a coverslip, for 

imaging on a modified upright microscope. After setting the sample on stage, few minutes of 

equilibration time were allowed for the liposomes to be stably immobilized prior to imaging.  

 
Figure 27. Schematics of sample preparation to immobilize nanoparticles for imaging. A) 
Immobilization on agarose patch (paper II). B) Immobilization on Poly-L-Lysine, PLL (paper 
III). The figure was prepared on Biorender.com. 

4.3.3 Fluorescence-Based Characterization 

The inclusion of a fluorescent label into a nanoparticle formulation for tracking purposes can 

be exploited also for the characterization of the nanocarrier itself. Several methods that use 

fluorescence to measure the size of nanocarriers have been already established, such as 

spectroscopic techniques (Zhou J. et al., 2020), fluorescence-based NTA (Dlugolecka M. et al., 

2021), flow cytometry (Simonsen J.B. et al., 2019) and single particle imaging (Mortensen K.I. 

et al. 2018). Within this last category, the sub-diffraction sizes of nanocarriers require the use 

of super-resolution approaches, such as SMLM, SIM, and STED (Schermelleh L. et al., 2019). 

Although new fluorescence microscopy techniques are always first tested utilizing 
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fluorescence beads, which can themselves be classified as nanoparticles, the information 

obtained, and/or the optimizations of the methods cannot be directly translated to real 

formulations used in nanomedicine. Fluorescence beads are specifically designed for 

validating and calibrating imaging techniques in ideal conditions, as they are solid particles in 

monodisperse systems with homogeneous fluorescence, but also with close to no other 

practical use. In nanomedicine, to follow complex formulations of nanoparticles, the addition 

of a fluorophore should not significantly affect the intrinsic properties of the unlabeled carrier. 

Hence, contrary to fluorescent beads, the fluorescent moiety is usually not the star of the 

show.  Common suboptimal conditions in these samples are non-uniform distribution of the 

labeling (Andrian T. et al., 2021) and/or the chemical instability of the fluorophore in the 

formulation, which can be responsible for reduced brightness and photo-instability (as seen 

in § 4.2, paper I). These very suboptimal properties of real formulations make nanoparticles a 

good sample to test the performance of super resolution imaging techniques, bridging the 

ideal case of fluorescent beads to more complex biological samples (e.g., fixed cells, live cells 

and tissues). This still uncharted territory for the newly developed fluorescence fluctuation 

super resolution microscopy techniques (FF-SRM) was investigated in paper II by comparing 

the performance of 5 different methods, namely ESI (Yahiatene I. et al., 2015), SOFI (Dertinger 

T. et al., 2009), SRRF (Gustafsson N. et al., 2016), SACD (Zhao W. et al., 2018), and MUSICAL 

(Agarwal, K. & Macháň R.,2016), with or without HAWK image pre-processing (Marsh R.J. et 

al., 2018). 

Fluorescently labeled liposomes are a good example of real nanoformulations; relatively little 

can be precisely known before actual imaging. The hydrodynamic diameter described by DLS 

distributions is the only estimation of a size range for the set of particles, where the accuracy 

depends on the sample polydispersity (Bhattacharjee S., 2016) and with no precise size 

estimate for each individual particle. Fluorescently labeled lipids are included in the initial 

mixture of lipids and are therefore randomly interspersed among the individual liposomes. 

Additionally, the fluorophores are chosen among the currently used (Münter R. et al., 2018) 

and not according to the ideal requirements of a given microscopy technique.  

N-labeled liposomes (green fluorescent) were immobilized on agarose patch, which was a 

good background noise model as it possesses a low degree of green autofluorescence. Figure 

28 shows the data overview of the two samples of interest of about 100 nm (DLS: 117±30 nm, 
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A) and about 250 (DLS: 240±80 nm, B). The 1st frame closeup (bottom-left corners) shows that 

the background signal is much more comparable to the liposomes signal in the case of smaller 

particles (A), where the same total concentration of fluorophore is distributed over a larger 

number of particles, making the overall signal/particle lower. The standard deviation closeup 

(STD, bottom-right corners) is a visual 2D projection of the signal deviation per pixel across 

the image stack (200 frames) and it gives an initial indication on the fluctuations of the 

fluorescence per pixel. Again, the dotted background seen in sample A anticipates that the 

fluctuations of the background fluorescence might significantly interfere with the image 

processing, while for sample B the fluctuations deriving from the liposomes demonstrate a 

clear difference over the background. As all figures are shown with linear autocorrection of 

brightness and contrast (B&C, performed automatically in ImageJ), these differences in the 

quality of the image stack are less evident from the simple sum images.  

 
Figure 28. Dataset overview for immobilized liposomes of size A) around 100 nm and B) 
around 250 nm. From the full field of view (top) a region of interest (ROI) was selected for 
further image processing. On the bottom row the 1st frame, sum image projection and 
standard deviation (STD) image projection are presented for each sample. All images 
underwent autocorrection of brightness and contrast by selecting the Auto function on 
ImageJ. 
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After screening for several reconstruction parameters for the different algorithms, Table 2 

shows the best reconstructed images for both samples, with a technique-specific description 

of the images. To give all the techniques the same opportunity to shine and reconstruct an 

image that looks good, the visualization is hereby based on the linear autocorrection of 

brightness and contrast (auto function in ImageJ). In the special case of ESI, a further non-

linear gamma adjustment (γ=0.5) was used, prior to B&C adjustment, to achieve higher 

contrast on the image, as typically done in microscopy for better visualization of dark images 

(Georgieva V. et al., 2019). However, all quantitative analyses (e.g., size determination and 

resolution profiles) were performed on raw reconstructed images, with no B&C adjustments 

and especially no gamma corrections, whilst ensuring no pixel saturation.  

Table 2. Size characterization of liposomes based on FF-SRM image reconstruction 
algorithms. For each algorithm, the best reconstructed image is presented for the 
diffraction-limited sample (A) and the one at the resolution limit (B).  

Approx. 100 nm 
A 

Approx. 250 nm 
B Technique-specific comments 

  

The sum image is a projection in 2D of the sum of the 
intensities per pixel throughout the stack acquired at 
the microscope, without any image processing. As 
expected, the sample below resolution (A) and close to 
the resolution limit of light (B) do not appear 
significantly different and their sizes (full width half 
max, FWHM) are widely overestimated in both cases. 

  

The performance on background suppression for ESI 
shows dependance on the sample, as it is more 
effective for bigger particles (B). The smaller the 
particles, the more similar is the fluctuation of their 
signals to the background fluorescence. Reading this in 
terms of entropy, the algorithm reconstructs the image 
with less-defined edges of the liposomes. 

  

SOFI shows different background suppression on the 
different samples. The autocorrelation function, 
characteristic of this algorithm, recognizes fluctuations 
at high intensity as point emitters (surrounded with a 
dark donut). If the fluctuations in the background are 
recognized as signals, they will be reconstructed as 
high-density of emitters (grey areas, A).   
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In both cases, SRRF shows an artefactual background, 
excluding the very proximity of the liposome signal 
(high intensity signal surrounded by a dark donut). The 
symmetry of the emitter signal, which is assumed by 
the algorithm, is also recognized in the agarose 
background fluorescence, and reconstructed as a 
series of low intensity point emitters.  

  

The Lucy-Richardson deconvolution, which in SACD is 
combined with the SOFI-like autocorrelation function, 
demonstrates a higher-than-SOFI degree of 
background suppression. However, a mesh-like artifact 
in the background could still be recognized, and only 
slightly lowered when reducing the number of 
processed frames (especially in the case of sample B).  

  

MUSICAL shows excellent background suppression, 
due to the complete removal of out-of-focus signals. In 
fact, this algorithm first decomposes the acquired 
image stack into individual patterns. Hence, once 
selected a threshold, only the liposomes perfectly lying 
in the same plane will be recognized as prominent 
patterns and maintained in the reconstructed image. 

Considering the overall performance of the FF-SRM techniques, they all provided efficient 

reconstruction and localization of the liposomes in the focal plane, with possible increased 

resolution for particles closely localized. However, from the quantitative point of view, the 

size estimation (from the FWHM of the image line profile) showed rather unexpected size 

values in comparison to the ranges obtained in DLS. The sizes determined from the images 

appear to be technique-dependent more than sample-dependent. Furthermore, when 

changing the parameters of the image processing, a considerable degree of variation was 

found on the size measurements of the same particle, making it complex to identify the most 

accurate estimation (if not by choosing the set of parameters that renders the image that 

visually looks better). 

To reliably use this set of statistical imaging techniques, the selection of the technique-specific 

parameters is fundamental. However, for all the techniques, the selection currently needs to 

be manually performed, which makes the image processing laborious and can induce 

operator-based biases. The introduction of a pre-analysis for the automatic determination of 
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the most suitable parameters could be the key to match in practice the great potential that 

these techniques have shown in the last decades. In the meantime, it is worth having a closer 

look into label-free imaging to circumvent some of the disadvantages related to the 

fluorophore (e.g., chemical instability and photobleaching). 

4.3.4 Label-Free Characterization 

The development of any microscopy technique is continuously attempting to improve 

contrast, as the lack of contrast results in failure to achieve the theoretical highest resolution 

(Schermelleh L. et al., 2019). In nanomedicine, choosing not to use fluorescent molecules for 

light microscopy means removing the biggest source of contrast. For example, in the case of 

liposomes, the transparency of the lipid bilayers and the sub-diffraction sizes of the vesicles 

makes them invisible in common light microscopy. This challenge was visualized through 

coherent laser imaging of a liposome sample of approx. 120 nm (Figure 29A), where the 

scattering signal from the liposomes could not be localized over the background. To increase 

the contrast, it was then necessary to modify the illumination setup, such as shown in Figure 

29B, where a partially coherent light source (PTLS with low spatial and high temporal 

coherence) was used to reduce the known speckle noise caused by the coherent laser source 

(Ahmad A. et al., 2019).  

 
Figure 29. Label-free imaging of immobilized liposomes performed with A) epi-
illumination with coherent laser source (660 nm), or B) dynamic speckle illumination with 
partially coherent pseudo-thermal light source (PTLS, 660 nm). The scale bars refer to 2 
µm.  Raw images from (Jayakumar N., et al., 2021). 
 

Being able to localize the liposomal vesicles over the noisy background is the first step towards 

their characterization. However, the images obtained as such are still strongly subjected to 

the diffraction limit of light (Jayakumar N., et al., 2021). To obtain quantitative information on 

the sample, the partially coherent PTLS was used in quantitative phase microscopy (QPM), 

switching the focus of the detection from intensity of the scattered light to phase delay of the 

light reflected through the sample (Paper III). By using the Linnick interferometer in reflection 
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mode, in a nearly on-axis geometry, it was possible to maintain high spatial resolution, 

encoded in the recorded interferogram (Figure 30A). In the case of immobilized liposomes 

(not needing high temporal resolution), it was possible to acquire 5 frames per phase per 

image, and utilize the phase-shifting algorithm for high-resolution phase recovery (Figure 

30B,C). Finally, the obtained phase map could be translated into a thickness map (as phase 

and thickness are directly proportional), giving the possibility to measure the size of liposomes 

in terms of height. 

 

Figure 30. Quantitative phase microscopy on liposomes (N3 – 200 nm sample, paper III). 
A) Example of raw interferogram recorded at the QPM microscope. B) Phase map 
retrieved from a large field of view. C) Phase maps prior to numerical background 
suppression shown in top view (top) and lateral tridimensional view (bottom) to visualize 
the height of liposomes. D) Overlay of the size distribution obtained from QPM images 
(light green) and the one obtained in DLS (dark green). E) Simulation of the variation in 
liposome size (in terms of height) according to the refractive index difference ∆𝑛 chosen.   
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A noticeable size underestimation was noticed in the number-weighted distribution derived 

from the QPM data in comparison to the range measured in DLS (Figure 30D). When 

comparing a number- and an intensity-weighted distribution, a perfect overlap is never 

expected (§4.3.1). However, three causes were identified as possibly contributing to the QPM 

underestimation, namely i) choice of refractive index, ii) comparison of particle diameter 

(QPM) vs hydrodynamic diameter (DLS), and iii) loss of high-frequency information in the 

recording of the interferogram. To retrieve the height measurements, the required factor is 

the refractive index difference between the object of interest and the surrounding medium 

∆𝑛. Figure 30E shows a simulation of how deeply the value given to this factor can affect the 

size determination in terms of height. On the nano and molecular level, which is the case of 

the samples analyzed in this work, the refractive index for the different components of the 

system becomes an estimation, which could be the first source of error. Second, although the 

particles are immobilized in their hydrated state, the diameter measured in QPM is refractive-

index dependent, therefore it refers to the actual particle diameter and does not include the 

hydration layers. Third, although the modification to the light source in this PTLS-QPM permits 

high contrast imaging and localization of nano-objects, QPM is not a proper super-resolution 

technique as both light source and detection are still diffraction limited. Considering this, 

some degree of loss of high-frequency information (referring to the smaller details) is 

expected in the detection of the interferogram (Butola A. et al., 2020). 

Overall, these label-free results show many similarities with the fluorescence-based 

determinations (§4.3.4); both strategies are faced with the same limitations of low contrast 

and diffraction limit of light. However, QPM exhibited superior capability of localizing and 

following the integrity of liposomes over time, in comparison to the quick loss of fluorescence 

signal under laser illumination. As for the FF-SRM techniques, to reach the full potential of 

QPM at the current state-of-the-art, calibration systems with available ground truth could be 

set in place to quantify the underestimation and correct for it. Furthermore, further increasing 

the contrast on the images could still provide better localization for a more reliable estimation 

of the distribution. E.g., Figure 31 compares a fluorescence-based imaging method (in TIR 

mode, A), a wide-field PTLS imaging (B) and a decoupling of illumination and detection with 

on-chip label-free optical microscopy (cELS, C), where the latter identifies more individual 

signals over a significantly suppressed background (Jayakumar N. et al., 2021) 
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Figure 31. Imaging of immobilized liposomes performed in A) fluorescence TIR mode (488 
nm laser), B) dynamic speckle illumination with partially coherent pseudo-thermal light 
source (PTLS, 660 nm), and C) decoupled illumination and detection system through chip-
based evanescent light scattering (cELS). The scale bars refer to 2 µm. Raw images from 
(Jayakumar N. et al., 2021). 

4.3.5 Combination of Fluorescence and Label-Free Imaging 

The availability of both fluorescence-based and label-free methods, and their continuous 

technological developments, open doors for the combination of these powerful tools for the 

determination of different properties within the same sample. For nanomedicine purposes, 

the field of correlative microscopy is very young and still of limited accessibility because of the 

challenges related to the sample preparation and optical imaging of diffraction-limited low-

scattering objects (e.g., liposomes). A recent paper from Andrian T. et al. (2021) has first 

demonstrated the correlation of super-resolution microscopy (specifically, SMLM) and TEM 

images for the determination of heterogeneity in nanoparticles labeling and ligand 

distribution, on a single-nanoparticle level. The implementation of these kinds of studies in 

early stages of development can bring highly specific information on the outcomes of the 

preparation methods, which can be significantly more informative than bulk analyses and 

averaged results. 

Figure 32 shows an example of correlative microscopy for nanomedicine purposes (paper IV), 

utilizing widely available instruments (confocal microscope and SEM microscope). This 

example refers to a liposomes-in-nanofibers formulation, where a primary carrier (liposomes) 

is incorporated into a secondary vehicle (polymeric nanofibers), which acts as a scaffold for 

the easy-to-handle topical administration of drugs. In the technological optimization of these 

nanoformulations, SEM imaging is the conventional method used for the visualization of the 

fiber morphology (Širc J. et al., 2012). By adding a fluorescent labeling on the primary 

nanocarrier, it is then possible to obtain an indication on the uniformity of the distribution of 

liposomes throughout the nanofibers (Chandrawati R. et al., 2017). Hence, simply mounting 
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the formulation on a coordinate system for imaging (e.g., MatTek dishes with #1.5 gridded 

coverslip), a direct correlated image can be obtained without the need for non-linear 

distortions in either of the original microscopy images (CLSM: Figure 32A, and SEM: Figure 

32B). 

 
Figure 32. Direct correlation of confocal imaging and SEM imaging on a liposomes-in-
nanofibers formulation. A) Confocal image performed in airyscan mode and visualized 
with the intensity-based fire lookup table (LUT), available in ImageJ. B) SEM image. C) 
Correlated overlay of images A and B, with no distortions applied. The bottom row shows 
blow-ups from the top images. Data from paper IV. 
 

The examined specimen of liposomes-in-nanofibers revealed that the presence of liposomes 

in the spinning solution did not affect the integrity of the nanofibers (as previously shown in 

literature (Zylberberg C. & Matosevic S., 2017), although bigger-than-expected fibers could be 

identified in the sample. As for the liposomes, a clear non-uniform distribution could be 

recognized. In fact, the confocal imaging in airyscan mode allowed to distinguish areas with 

high fluorescence intensity (brighter spots in Figure 32A), low intensity (blue areas), and zero 

intensity (black areas, corresponding to both the background where no fibers were present, 

but also to some areas within the fibers). This gradient of fluorescence intensities could be 

interpreted as a partial integrity of the liposomes in the fibers, which is consistent with earlier 

studies on liposomes-in-nanofibers preparations by needle-free electrospinning (Mickova A. 

et al., 2012).  
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As nanofibers are intrinsically dried formulations, liposomes-in-nanofibers represent a perfect 

specimen for correlative microscopy and could potentially be benchmarked for the calibration 

of such experiments. Furthermore, the combination of information on the nanofibers 

morphology (SEM) and liposomes localization/agglomeration (confocal) is particularly 

important in the technological development of liposomes-in-nanofibers formulations. The 

integrity of both liposomes and nanofibers directly affects the kinetics of API release and 

therefore can be a predictor of the treatment outcome (Luraghi A. et al., 2021). Hence, this 

methodology could provide quick and easy insights on the efficiency of the preparation 

method when screening e.g., for different polymers, concentrations of the different 

ingredients, or other environmental parameters. 

4.4 Internalization of Liposomes 

4.4.1 Indirect Approaches 

Indirect approaches refer to the various methods which follow the cellular response to a 

certain treatment in comparison to an untreated control, whilst allowing to screen a large 

number of conditions, e.g., different formulations in different concentrations (Collins A.R. et 

al., 2017). 

A first approach is to test cell proliferation with and without treatment, which can promptly 

allow to define the therapeutic range of a formulated API and/or measure the degree of 

cytotoxicity of the formulations (Ternullo S. et al., 2018). Figure 33A presents an example of 

how the proliferation study was used to ensure that inclusion of fluorescently labeled 

phospholipids within the liposomal bilayers does not impair liposomes safety. No significant 

difference was noted between the untreated control, the unlabeled liposomes and the 

fluorescently labeled formulations, even at increasing lipid concentration (1-50 µg/mL). 

A second approach to evaluate the cellular response to treatments is to measure cellular 

metabolites of interest. In the case of macrophages, the elected cell line for this study, the 

inflammatory response to the environment is a signature biological activity. Hence, the nitric 

oxide (NO) production is a good indicator of the cellular performance under inflammatory 

stress (Jøraholmen M.W. et al., 2017). Furthermore, as lipid-based formulations, liposomes 

are known to have a positive effect in reducing the inflammatory response on activated (LPS-

triggered) macrophages (Giordani B. et al., 2020, Hemmingsen L.M. et al., 2021). Therefore, 
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the NO production of activated cells becomes an indirect measure of how the presence of the 

liposomal fluorophore affects the biological activity of the unlabeled liposomes. Figure 33B 

shows an example of such comparison, where it is possible to see a higher variation of 

performance for both N- and R-labeled formulations, possibly due to the fluidity of the bilayer 

in N-Lip (Kay J.G. et al., 2012) and the negative surface charge in R-Lip (Fröhlich E., 2012). The 

T-labeled formulations exhibited a higher degree of overall disguise and therefore were 

further investigated in terms of uptake through fluorescence-based batch-mode analyses. 

 

Figure 33. Biological activity of fluorescently labeled liposomal formulations in 
comparison to untreated cell control and unlabeled liposomes. Murine macrophages 
RAW264.7 were used as model cell line. CTRL refers to the untreated cell control. Lip 
refers to the unlabeled formulation of liposomes. The labeled formulations comprise 10 
mg/mL of SPC and 0.03 mg/mL of labeled lipid, prior to dilution to the final lipid 
concentrations of 1, 10 or 50 µg/mL as indicated in the legend. A) Cell proliferation assay 
performed with the Cell Counting Kit-8 (from Sigma Aldrich Chemie). B) NO production on 
LPS-activated cells, measured with the Griess reagent. Data merged from paper I, and 
pilot data for paper II, III. 
 

4.4.2 Fluorescence-Based Batch-Mode Approach 

Flow cytometry (FCM) is considered one of the fluorescence-based techniques with highest 

possible throughput. In a matter of minutes, hundreds of thousands of cells are individually 

screened in terms of i) forward scattering (FSC), ii) side scattering (SSC), and iii) specific total 

fluorescent emission (Collins A.R. et al., 2017). When the cell flow passes in front of the laser 

(interrogation point), each cell will show a contribution in FSC and SSC according to its 

dimensions. Bigger objects exhibit bigger forward scattering, while smaller objects are 

associated with more relevant side scattering. In the case of macrophages, both values of FSC 

and SSC were considerably high, such that an additional filter to dim the scattered light was 
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added to avoid saturation of the detector. This earlier reported behavior (Wayne E.C. et al., 

2019) was expected due to the big cellular dimensions (20-30 µm), which resulted in high FSC. 

In addition, the complexity of the cells in terms of small organelles and granules was detected 

as high SSC. This analysis, in terms of FSC and SSC, can be used to identify and select/gate the 

cell population of interest, as these values are reproducible among different samples and 

experiments. Furthermore, in addition to the scattering analysis, up to four different 

fluorescent labels can be individually quantified as a total emission per cell (Adan A. et al., 

2017). 

Figure 34 presents an example of FCM results, with the specific detection of the T fluorophore 

(from the T-Lip treatment) and propidium iodide (PI), a dead-cell marker. Specifically, Figure 

34A displays the scatterplot of fluorescence readings from a negative control, freshly stained 

with PI. This fluorescent marker intercalates DNA, forming a complex that emits a bright 

orange signal (𝜆𝑒𝑚 = 617 nm). However, the double positive charge on the molecule makes it 

strictly membrane-impermeable, implying that live cells will not internalize the molecule. This 

intrinsic property of the molecule allows for the visual separation of two clouds in the 

population analysis, where the one shifted upwards (high PI intensity in quadrant Q1) marks 

all dead cells with damaged plasma membranes (King M.A., 2000). The 𝑦-axis histograms 

exhibit two recognizable features of the PI labeling. First, the peak corresponding to the live-

cell population (marked as 1 in the figure below), is slightly shifted upwards from the zero 

level. This phenomenon is due to unspecific binding of fluorophores to the cell membrane, 

often reported in immunolabeling and experienced in practice with any sort of fluorescent 

treatment (Ahlers M. et al., 1991). Second, the peak corresponding to the dead-cell population 

(peak 2), is a double peak, which inherently distinguishes the cells that died before and after 

DNA replication in the S phase of the cell cycle (King M.A., 2000). 

Once gates and quadrants of interest are specified, the same population analysis is repeated 

on all the samples and can be visually overlayed as shown in Figure 34B. In respect to the 

untreated control (gray), the cells that were exposed to T-labeled liposomes (orange) 

exhibited a shift to the right of the cloud and corresponding top histogram (high T intensity in 

Q3). The extent of this shift is an indication of the liposomes’ internalization; the brighter the 

cell signals, the bigger the associated shift (Collins A.R. et al., 2017). 
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Figure 34. Data visualization of flow cytometry population readings. This 2-color analysis 
shows, simultaneously, live cells (with low intensity of the propidium iodide PI channel, y-
axis) and cells which have internalized the nanoparticle of interest (with high intensity on 
the T channel, x-axis). Each dot represents an event; hence, a single cell at the 
interrogation point. A) Full population analysis on untreated cells (negative control). The 
color code on the cloud of events is a density map, where red corresponds to the peak on 
the count histograms on both axes (here shown on the top and right borders). B) Overlay 
of full population analyses of untreated (gray) and treated cells (here treatment with T-
labeled liposomes for 18 h, orange). The figure was prepared on FlowJoTM v10 software 
(BD biosciences) utilizing sample data from paper I. 
 

The presence of dead cells in all analyzed samples can be explained by the experimental 

choices. The cell line utilized for the experiment was murine immortalized macrophages 

RAW264.7, a well-known adherent cell line (Kuriyama T. et al., 2021). After seeding in 6-well 

plates, cells were grown overnight to 80% confluent monolayer before applying the stepwise 

treatments. At the final endpoint, cells were washed and re-suspended in low volume of 

phosphate buffer (1 mL) by gentle scraping on the plastic bottom. The cell suspensions were 

consequently stored in ice bath for the remaining processing and transportation time. Each 

step of the sample preparation represents a disturbance in the cell growth: 

• Prolonged culture in confluence and temporary suspension in DPBS are both causes 

for nutrients depletion in cell growth; nonetheless, these procedures allowed for high 

concentration of cells per sample and low background fluorescence, which are 

requirements for efficient analyses in flow cytometry (Kalina T., 2020). 
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• The storage on ice (short-term hypothermic preservation) reduces the cell 

metabolism; moreover, its extent of reversibility is often incomplete, with time and 

temperature dependence (Rubinsky B., 2003), but it allows buffer time to process all 

the samples and transport them to the flow cytometer. 

• The scraping method has been shown to induce physical stress on the cells (Kuriyama 

T. et al., 2021). However, with adherent cells such as macrophages, which did not 

respond to the available trypsin-based method, the use of cell scrapers was considered 

the most suitable alternative to allow fast processing of a high number of samples, 

reducing the time of DPBS suspension and storage in ice. 

As Figure 35A indicates, the percentage of live cells did not significantly vary between controls 

and treatments, in agreement with the proliferation assay done in parallel (§4.4.1). Hence, the 

cloud of dead cells was considered to be linked to the experimental procedure and excluded 

in the gating tree for quantification purposes. 

 
Figure 35. Live and dead cells analysis. A) Quantitative population analysis of PI-negative 
cells in the different samples analyzed in flow cytometry (n=3). B,C) Qualitative analyses 
in flow imaging of untreated live and dead cells, respectively. BF1 and BF2 are bright fields 
of the available cameras. T (Ch02, 528/65) is the channel for the visualization of T-labeled 
liposomes. PI (Ch04, 610/30) marks dead cells. SSC (Ch6, 762/35) is a visual representation 
of the side scattering from the granularity of the cells (note: this is not a fluorescence 
channel; the bright pink is a pseudo-color solely assigned for visualization purposes). The 
scale bars correspond to 7 µm. Data from paper I. 
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Further analyses on the cell suspension were then performed in flow imaging to obtain 

additional qualitative information about the fluorophore distribution (Figure 35B and 35C). 

Both available cameras were activated to record bright fields (BF1 and BF2) of the single cells 

at the interrogation point. Furthermore, the fluorescence channel of interest (T: Ch02, 

528/65), the PI-channel (PI: Ch04, 610/30) and the side scattering channel (SSC: Ch6, 762/35) 

were activated to detect, respectively, the internalization of liposomes, the internalization of 

PI (dead cells) and the granularity of the cells (typical of macrophages). Interestingly, dead 

cells (with bright PI fluorescence, orange) would often show a bright signal in the green 

fluorescence channel as well (Figure 35C). This phenomenon corroborated the decision of 

gating out dead cells for the quantitative analysis. In fact, dead macrophages have been shown 

to have higher green autofluorescence intensity than the correspondent live cells (Kozlova 

A.A. et al., 2020), in a manner that is independent on the fluorophore of interest. 

The internalization kinetic in live cells was then analyzed through cell count and fluorescence 

intensity obtaining two different curve shapes (Figure 36). In the first 2 h of incubation, a 

notably small shift in the fluorescence spectra of the population showed a low number of cells 

having internalized liposomes (Figure 36A) and little to no change in the overall fluorescence 

intensity of the population (Figure 36B). This behavior, previously reported in the literature 

for plain neutral liposomes (Raz A. et al., 1981), was explain as unspecific binding and early 

internalization. Between 4 and 6 h, most live cells were screened positive to the T-label, with 

a sharp rise in the count curve in Figure 36A, while showing increasing fluorescence intensity 

of the population as a linear trend in figure 36B. The delayed start and the non-saturation of 

internalization capacity, in the observation period, pointed at a correlation with phagocytosis 

pathways, previously acknowledged in literature (Ahsan F. et al., 2002, Manzanares D. & Cena 

V., 2020). Qualitative analyses in flow imaging confirmed these internalization profiles, 

confirming a non-uniform distribution of the fluorophore in organelles, such as phagosomes 

and phagolysosomes, where the recognition of liposomes is known to be facilitated by the 

presence of a phospholipid receptor (Conrad K.S. et al., 2017). 
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Figure 36. Internalization of T-labeled liposomes. A) Internalization profile as count of live 
cells that have internalized fluorophore. B) Internalization profile as peak fluorescence 
intensity in the T channel on the population analysis of live cells. C) Visualization of the 
internalization in flow imaging. One representative live cell is shown for the incubation 
times of 0 h (negative control), 4, 6, 12, 18 and 24 h. BF1 is bright field (Channel Ch01 in 
the instrument), T (Ch02, 528/65) shows the granular internalization of T-labeled 
liposomes, and SSC (Ch6, 762/35) is a visualization of the side scattering. The scale 
corresponds to 7 µm. Data from paper I. 
 

In this case, flow imaging served as a qualitative validation of the population analysis 

performed in FCM, as an alternative method to the conventional confocal microscopy. The 

short acquisition time and the wide-field image detection allowed to circumvent some issues 

encountered with the fluorophore of choice (T). In fact, despite having shown the highest long-

term stability to the aqueous environment (§4.2), the T-label was quickly associated to poor 

photostability under laser illumination. As a consequence, significant photobleaching was 

detected through the acquisition of image stacks, making it progressively more complex to 

identify the specific signals over the autofluorescence of macrophages (particularly relevant 

in the green channel, Kozlova A.A. et al., 2020). 

To further investigate the intracellular fate of liposomes in more conventional microscopy 

setups, a change of fluorophore was considered, shifting the focus towards higher 

photostability and emission in a different channel. Rhodamine B was chosen as the second in 

line in terms of stability to the environment, its orange emission (𝜆𝑒𝑚 = 583 nm), and favorable 

photochemistry (Grimm J.B. et al., 2020). 
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4.4.3 Fluorescence-Based Single-Cell Approach 

To follow the internalization of liposomes in cells, the ideal scenario includes live-cell imaging. 

However, the need for high temporal resolution to image fast dynamics requires short 

acquisition times, which are often not compatible with scanning techniques such as the 

conventional CLSM (Lemon W.C. & McDole K., 2020). Furthermore, the real dynamics of 

nanocarrier interaction with the cell membranes are particularly difficult to visualize in 

fluorescence microscopy, as most fluorescent probes have been shown to deeply affect the 

functionality of the membranes (Specht E.A. et al., 2017). Figure 37 displays an example of 

live-cell imaging of an unstained cell, after 30 min incubation with R-labeled liposomes. A 10-

frame video acquisition was performed in fast confocal scanning of a small ROI at the edge of 

a cell. A single z plane was chosen to avoid further delays in the acquisition time of a z-stack 

and the scan speed was adjusted to obtain acquisition time of 2 s per frame. Both 

characteristic motion artifacts of scanning imaging can be recognized in the short span of 20 

seconds. The line-like structures, visible on the right side of each frame (area outside the cell), 

are the visual representation of the fast Brownian motion of liposomes in suspension. In fact, 

with such small objects, by the time the confocal reading scans back the same area, the 

liposome has moved and therefore its intensity will be shifted. On the other hand, the ring-

like structures, well visible for example at 00.18-00.20 seconds, represent the PSF of out of 

focus structures, referring to the movement of objects on the 𝑧 -direction. Interestingly, 

liposomes interacting with cells exhibit a slower motion which enables their clear localization 

in the frame. In fact, according to the Stokes-Einstein equation, when increasing the viscosity 

of the medium (e.g., cytoplasm of cells), the diffusion of particles slows down proportionally 

to their radius (Florence A.T., 2012a). This explains a certain use of confocal live imaging for 

the description of intracellular trafficking (Watson P. et al., 2005, Foroozandeh P. & Aziz A.A., 

2018). However, with this kind of dataset for unstained cells, it was not possible to determine 

whether the round-like signals came from internalized vesicles or simply referred to surface 

contact of liposomes with the cell membranes. Furthermore, the diffraction-limited imaging 

does not allow to resolve whether these signals come from a single vesicle or are the co-

localization of more nanocarriers, e.g., pre- or post-internalization. 
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Figure 37. Live cell imaging of unstained cell sample (A549, human lung cancer cells) after 
30 min of incubation with T-labeled liposomes. The region of interest was chosen as a 
single z-plane at the right edge of a cell (as shown with the cell drawing in the first frame). 
The scan speed was adjusted to a frame acquisition time of 2 seconds. Note: the cell 
localization was confirmed with post staining. The video-acquisition was processed with 
ImageJ and the figures were assembled using Biorender.com. 
 

Super-resolution imaging was widely considered throughout the project, especially through 

STED and SIM. Both techniques require relatively long acquisition times and, although not 

impossible, are complex to implement on live cell imaging (Lemon W.C. & McDole K., 2020). 

The high laser power required on STED easily induces phototoxicity on cells, other than 

photobleaching of common dyes, if not properly adjusted for small areas and specific 

conditions (Kilian N. et al., 2018). The illumination pattern utilized in SIM partially solves the 

problem of phototoxicity (such that SIM is still considered the go-to super-resolution 

techniques for live-cell imaging, Sandmeyer A. et al., 2021). However, the need for repeated 

frame acquisition (while shifting and rotating the illumination pattern) and the finely tuned z-

stacking is often correlated with photobleaching of the fluorophores, which is a major cause 

of artifact reconstruction if not recognized and (if possible) corrected for (Fan J. et al., 2019). 

The fluorescently labeled lipids which were stabilized in liposomes throughout this project 

were found chemically unsuitable for either of these techniques, as they are prone to 

photobleaching in SIM and incompatible with the fluorescence depletion mechanism on which 

STED is based. 

The focus was therefore put on optimizing the confocal imaging. After verifying that cell 

fixation does not compromise the samples readings in fluorescence, cells were imaged in 
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airyscan detection mode (which is considered a pseudo-SRM, Huff J., 2015), with pixel 

oversampling (hence, aiming for the theoretical resolution of 200 nm). Figure 38 shows the 

type of information obtainable with confocal datasets. With the highest available 

magnification (60x/1.4 oil immersion objective), 20-40 cells can be imaged in one field of view, 

and the average intensity projection can show the overlay of the different colors to address 

possible co-localization of different structures of interest. By maintaining constant the 

acquisition parameters (e.g., laser power, scan speed, and pinhole size), and the B&C 

adjustments on the different channels, it is then possible to visually compare the overall 

intensities between untreated and treated samples. Furthermore, a 3D rendering of the 

confocal stack can give volumetric information on the stained structures on interest, although 

the evident lower z resolution which can become challenging to interpret. 

 
Figure 38. Examples of confocal stacks in 𝑥𝑦 multi-channel intensity projection (top) and 
3D volumetric rendering (bottom). The cells are murine macrophages RAW264.7. The 
magenta color refers membrane staining (WGA640), the cyan color highlights the nucleus 
(stained with Hoechst 33342) and the yellow localizes the rhodamine-lipid signal.  A) 
Untreated control. B) 24 h treatment endpoint with T-labeled plain liposomes. C) 24 h 
treatment endpoint with PEGylated T-labeled liposomes. Data from paper IV. 
 

To combine the specificity of the fluorescent information with more general knowledge on 

the cell morphology and stress condition, correlative light and electron microscopy was 

pursued as ultimate approach. 
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4.4.4 Combination of Fluorescence and Label-Free Imaging 

First rule of thumb to perform correlative microscopy is to prepare the sample on a coordinate 

system, such that a specific area can be imaged in two different microscopes. Figure 39 

represents the development of a grid of coordinates for correlative microscopy (CLSM and 

SEM), utilizing a cell culture as a sample. The easiest approach that can be implemented on 

any sample and lab is to scratch the surface of the sample using a sterile pipette tip (Figure 

39A). Although easy and fast to perform, this method showed poor reproducibility as the 

visibility of the lines depended on the density of the plated sample (i.e., cell confluence). A 

second direct approach was to adhere the copper finder grid (routinely utilized for correlative 

CLSM-TEM) on the bottom of the plastic/glass support and apply a PLL coating on top of the 

grid, prior to addition of the sample (Figure 39B). Although quick, easy, and reproducible, the 

PLL coating could not completely isolate the copper, which showed significant cytotoxicity on 

live samples (Cortizo M.C. & Lorenzo de Mele M.F., 2004). To maintain the coordinate system 

typical of the copper finder grid without leaving residual copper into the sample, the grid was 

used as a mask on the support. On the first attempt, a thick carbon coating was applied to the 

glass support prior to grid removal (Figure 39C), which showed good biocompatibility 

(Barkhudarov E.M. et al., 2020) but low visibility of the coordinates and low contrast in SEM. 

On the second attempt, methacrylate glue was used for grid printing onto glass support, 

removing the grid prior to full solidification of the methacrylate (Figure 39D). This was 

considered the most successful grid print and used further for correlative experiments. 

However, the poor reproducibility of the print and the need to use a new TEM grid mask for 

each sample required reverting back to commercially available gridded MatTek dishes.  

 

Figure 39. Optimization of a coordinate system for correlative CLSM-SEM imaging. A) Tip 
printing by scratching the surface of a cell culture. B) Copper finder grid (used for CLSM-
TEM correlation) embedded in PLL coating. C) Carbon coating using the finder grid as 
mask. D) Methacrylate grid print using the finder grid as mask. Pilot data to Paper IV. 
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A successful example of CLSM-SEM correlation on methacrylate grid is shown in Figure 40, 

focusing on nuclear staining and T-labeled liposomes internalization. The peculiar 

combination of these techniques, only seldom found in literature (de Waal G.M. et al., 2018, 

Luckner M. & Wanner G., 2018, Jeong D. & Kim D., 2022), allows for the simultaneous 

visualization of the specific signals from the internalized liposomes and the surface 

morphology/condition of the cells. In the example shown, the roughness of the membrane 

was higher in the liposome-treated sample (Figure 40B) when compared to the untreated 

control (Figure 40A). Furthermore, the co-incubation of liposomes (red) with cell-penetrating 

peptides (unstained) showed the expected increase in liposomal internalization (Khan M.M. 

et al., 2021) and was linked to more evident membrane roughness (Figure 40C).   

 
Figure 40. Example of CLSM-SEM on methacrylate printed grid. The blue color refers to 
DAPI nuclear staining while the red refers to the internalization of T-labeled liposomes. 
The correlation was performed by overlay with 50% transparency using the coordinates 
visible both in SEM and in the transmission image recorded with the confocal stack. A) 
Untreated control of human lung carcinoma A549. B) 24 h endpoint after T-Lip treatment. 
C) 24 h endpoint after co-treatment of T-Lip and cell-penetrating peptides. The scale bar 
refers to 10 µm. Pilot data to paper IV. 
 

A final remark is now due. When resorting to electron microscopy in imaging protocols, 

sample preparation becomes particularly important to optimize and assess, as the fixation, 

dehydration, and even the imaging itself can induce artifacts in the specimen, especially if 

biological (Loussert Fonta, C. & Humbel B.M., 2015). Figure 41 shows examples of such 

artifacts, namely membrane bubbles (Figure 41A, fixation artifact), cell shrinkage and 

distortion (Figure 41B, fixation/drying artifact), stitching mismatch (Figure 41C, imaging 
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artifact due to tile acquisition in TEM), and charging artifacts (Figure 41D, imaging line artifact 

typical of thick samples imaged in SEM). 

 
Figure 41. Examples of image artifacts. A) Membrane bubbles as fixation artifact. B) Cell 
shrinkage and distortions as fixation/drying artifact. C) Stitching mismatch as imaging 
artifact in TEM tile acquisition. D) Charging artifacts as typical SEM imaging artifact of 
gold/palladium-coated thick samples. 

 

Considering the harsh processing that biological samples often require to be suitable for 

election microscopy, the presence of some of these artifacts can never be fully eliminated. 

However, as for any method, the knowledge on its limitations is most valuable, not only to 

avoid false claims but also to confirm the truth.  
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5 Conclusions 
This work actively expands the toolbox of available techniques for the characterization and 

tracking of nanocarriers, specifically considering advanced microscopy methods. 

The use of fluorescence, often applied for nanocarrier tracking, was here harnessed for the 

characterization of nanocarriers, first in terms of physicochemical stability of the fluorescently 

labeled formulation (paper I), and then in terms of size estimation based on the image analysis 

of the fluorescence fluctuations in the sample (paper II). Furthermore, label-free imaging 

(here, quantitative phase microscopy) was first applied for the localization and 

characterization of sub-diffraction liposomes (paper III). The performance of the new 

techniques was compared to well established standards, indicating that the information 

obtained through new methods is complementary to the conventional methods. Finally, 

fluorescence-based and label-free imaging (here, confocal microscopy and scanning electron 

microscopy, respectively) were directly correlated to determine the integrity of liposomes in 

a dry secondary vehicle (nanofibers) used for topical administration (paper IV). 

The internalization of liposomes in cells was followed by flow cytometry, as a high throughput 

technique, to derive the internalization kinetic and screen the relevant incubation endpoints 

(paper I). To determine the intracellular localization, both flow imaging and confocal 

microscopy were utilized. Furthermore, to contemporary assess the cell response to 

treatment in terms of organelles stress, transmission electron microscopy was used on the 

same samples imaged in confocal microscopy. Finally, volume correlation was attempted to 

directly correlate the fluorescence-based information on liposomal localization with the 

cellular ultrastructure morphology imaged in electron microscopy, discussing the benefits and 

limitations of the methods involved (paper IV). 
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6 Future Perspectives 
Within the aim of expanding the toolbox of available methods for nanomedicine development, 

the results presented in this work are encouraging. The exponential method development, 

happening in different fields, can provide strong support for the characterization and in vitro 

testing of nanomedicine formulations, to better face in vivo challenges and clinical translation. 

As this work modeled nanomedicine of vesicular nature, these results could first be 

transferred to other types of nanocarriers, especially to more rigid structures. In fact, the 

higher stability of these samples for imaging could potentially allow further morphological 

investigations, which are particularly relevant for the newer generations of nanomedicine. 

To be able to reliably predict the in vivo fate of nanomedicine from in vitro settings, the 

implementation of the emerging technologies of organoids and organs-on-chip could be 

considered for more comprehensive preclinical studies. In fact, these cell culture models 

would allow for nanomedicine testing in co-culture and/or under flow conditions. The 

methods applied in this thesis could enable the evaluation of both nanocarrier and cellular 

state before and after treatment. 

Furthermore, the expected next development in microscopy is based on the photonic chip 

technology, which is translating potent microscopes into small and widely affordable chips. As 

this thesis shows the important role of microscopy in understanding nanomedicine, achieving 

widespread availability of advanced microscopy would set the path for both scale-up within 

industrial settings and personalized medicine in hospital settings. 

Each step brings us closer to the future; advanced microscopy offers us the lenses to see it. 
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Cost-effective live cell structured illumination microscopy with video-rate imaging. ACS 
Photonics, 8(6), 1639-1648. doi:10.1021/acsphotonics.0c01937 

Sato, Y., Nakamura, T., Yamada, Y., & Harashima, H. (2021). The nanomedicine rush: New 
strategies for unmet medical needs based on innovative nano DDS. J Control Release, 330, 
305-316. doi:10.1016/j.jconrel.2020.12.032 

Schermelleh, L., Ferrand, A., Huser, T., Eggeling, C., Sauer, M., Biehlmaier, O., & Drummen, 
G. P. C. (2019). Super-resolution microscopy demystified. Nat Cell Biol, 21(1), 72-84. 
doi:10.1038/s41556-018-0251-8 

Selby, L. I., Cortez-Jugo, C. M., Such, G. K., & Johnston, A. P. R. (2017). Nanoescapology: 
progress toward understanding the endosomal escape of polymeric nanoparticles. Wiley 
Interdiscip Rev Nanomed Nanobiotechnol, 9(5), e1452. doi:10.1002/wnan.1452 

Simonsen, J. B., Larsen, J. B., Hempel, C., Eng, N., Fossum, A., & Andresen, T. L. (2019). 
Unique Calibrators Derived from Fluorescence-Activated Nanoparticle Sorting for Flow 
Cytometric Size Estimation of Artificial Vesicles: Possibilities and Limitations. Cytometry A, 
95(8), 917-924. doi:10.1002/cyto.a.23797 

Širc, J., Hobzova, R., Kostina, N., Munzarová, M., Juklíčková, M., Lhotka, M., . . . Michálek, J. 
(2012). Morphological characterization of nanofibers: methods and application in practice. 
J Nanomater, 2012. doi:10.1155/2012/327369 

Skalko, N., Peschka, R., Altenschmidt, U., Lung, A., & Schubert, R. (1998). pH-sensitive 
liposomes for receptor-mediated delivery to chicken hepatoma (LMH) cells. FEBS Lett, 
434(3), 351-356. doi:10.1016/s0014-5793(98)00984-3 

Skotland, T., Iversen, T. G., & Sandvig, K. (2021). Cellular uptake of nanoparticles: 
Involvement of caveolae? Precis Nanomed, 4, 782-786. doi:10.33218/001c.22201 

Snipstad, S., Hak, S., Baghirov, H., Sulheim, E., Morch, Y., Lelu, S., . . . Aslund, A. K. O. (2017). 
Labeling nanoparticles: Dye leakage and altered cellular uptake. Cytometry A, 91(8), 760-
766. doi:10.1002/cyto.a.22853 

Soares, S., Sousa, J., Pais, A., & Vitorino, C. (2018). Nanomedicine: Principles, Properties, and 
Regulatory Issues. Front Chem, 6, 360. doi:10.3389/fchem.2018.00360 

Sørensen, K. K., McCourt, P., Berg, T., Crossley, C., Le Couteur, D., Wake, K., & Smedsrod, B. 
(2012). The scavenger endothelial cell: a new player in homeostasis and immunity. Am J 
Physiol Regul Integr Comp Physiol, 303(12), R1217-1230. doi:10.1152/ajpregu.00686.2011 

Souto, E. B., Dias-Ferreira, J., Lopez-Machado, A., Ettcheto, M., Cano, A., Camins Espuny, A., . 
. . Sanchez-Lopez, E. (2019). Advanced Formulation Approaches for Ocular Drug Delivery: 



 

109 

State-Of-The-Art and Recent Patents. Pharmaceutics, 11(9), 460. 
doi:10.3390/pharmaceutics11090460 

Specht, E. A., Braselmann, E., & Palmer, A. E. (2017). A Critical and Comparative Review of 
Fluorescent Tools for Live-Cell Imaging. Annu Rev Physiol, 79(1), 93-117. 
doi:10.1146/annurev-physiol-022516-034055 

Stennett, E. M., Ciuba, M. A., & Levitus, M. (2014). Photophysical processes in single 
molecule organic fluorescent probes. Chem Soc Rev, 43(4), 1057-1075. 
doi:10.1039/c3cs60211g 

Sternbæk, L., Kimani Wamaitha, M., Gawlitza, K., Janicke, B., Alm, K., & Wingren Gjörloff, A. 
(2019). Digital holographic microscopy: Macrophage uptake of nanoprobes. Imaging and 
Microscopy(1), 21-23.  

Stetefeld, J., McKenna, S. A., & Patel, T. R. (2016). Dynamic light scattering: a practical guide 
and applications in biomedical sciences. Biophys Rev, 8(4), 409-427. doi:10.1007/s12551-
016-0218-6 

Strebhardt, K., & Ullrich, A. (2008). Paul Ehrlich's magic bullet concept: 100 years of progress. 
Nat Rev Cancer, 8(6), 473-480. doi:10.1038/nrc2394 

Sung, J. H., Wang, Y. I., Narasimhan Sriram, N., Jackson, M., Long, C., Hickman, J. J., & Shuler, 
M. L. (2019). Recent Advances in Body-on-a-Chip Systems. Anal Chem, 91(1), 330-351. 
doi:10.1021/acs.analchem.8b05293 

Surre, J., Saint-Ruf, C., Collin, V., Orenga, S., Ramjeet, M., & Matic, I. (2018). Strong increase 
in the autofluorescence of cells signals struggle for survival. Sci Rep, 8(1), 12088. 
doi:10.1038/s41598-018-30623-2 

Susewind, J., de Souza Carvalho-Wodarz, C., Repnik, U., Collnot, E. M., Schneider-Daum, N., 
Griffiths, G. W., & Lehr, C. M. (2016). A 3D co-culture of three human cell lines to model the 
inflamed intestinal mucosa for safety testing of nanomaterials. Nanotoxicology, 10(1), 53-
62. doi:10.3109/17435390.2015.1008065 

Swift, S., & Trinkle-Mulcahy, L. (2012). To bin or not to bin. infocus Magazine, 4-14. 
doi:10.22443/rms.inf.1.82 

Swinehart, D. F. (1962). The Beer-Lambert Law. J Chem Educ, 39(7), 333. 
doi:10.1021/ed039p333 

Szafranska, K., Kruse, L. D., Holte, C. F., McCourt, P., & Zapotoczny, B. (2021). The wHole 
Story About Fenestrations in LSEC. Front Physiol, 12, 735573. 
doi:10.3389/fphys.2021.735573 

Tang, J., Ren, J., & Han, K. Y. (2019). Fluorescence imaging with tailored light. Nanophotonics, 
8(12), 2111-2128. doi:10.1515/nanoph-2019-0227 

Terai, T., & Nagano, T. (2013). Small-molecule fluorophores and fluorescent probes for 
bioimaging. Pflugers Arch, 465(3), 347-359. doi:10.1007/s00424-013-1234-z 

Terasaki, M., & Jaffe, L. A. (2004). Labeling of cell membranes and compartments for live cell 
fluorescence microscopy. Methods Cell Biol, 74, 469-489. doi:10.1016/s0091-
679x(04)74019-4 

Ternullo, S., Basnet, P., Holsaeter, A. M., Flaten, G. E., de Weerd, L., & Skalko-Basnet, N. 
(2018). Deformable liposomes for skin therapy with human epidermal growth factor: The 



 

110 

effect of liposomal surface charge. Eur J Pharm Sci, 125, 163-171. 
doi:10.1016/j.ejps.2018.10.005 

Ternullo, S., de Weerd, L., Holsaeter, A. M., Flaten, G. E., & Skalko-Basnet, N. (2017). Going 
skin deep: A direct comparison of penetration potential of lipid-based nanovesicles on the 
isolated perfused human skin flap model. Eur J Pharm Biopharm, 121, 14-23. 
doi:10.1016/j.ejpb.2017.09.006 

Tewabe, A., Abate, A., Tamrie, M., Seyfu, A., & Abdela Siraj, E. (2021). Targeted Drug Delivery 
- From Magic Bullet to Nanomedicine: Principles, Challenges, and Future Perspectives. J 
Multidiscip Healthc, 14, 1711-1724. doi:10.2147/JMDH.S313968 

Thorn, K. (2016). A quick guide to light microscopy in cell biology. Mol Biol Cell, 27(2), 219-
222. doi:10.1091/mbc.E15-02-0088 

Thottacherry, J. J., Kosmalska, A. J., Kumar, A., Vishen, A. S., Elosegui-Artola, A., Pradhan, S., . 
. . Mayor, S. (2018). Mechanochemical feedback control of dynamin independent 
endocytosis modulates membrane tension in adherent cells. Nat Commun, 9(1), 4217. 
doi:10.1038/s41467-018-06738-5 

Tian, X., Murfin, L. C., Wu, L., Lewis, S. E., & James, T. D. (2021). Fluorescent small organic 
probes for biosensing. Chem Sci, 12(10), 3406-3426. doi:10.1039/d0sc06928k 

Tosheva, K. L., Yuan, Y., Matos Pereira, P., Culley, S., & Henriques, R. (2020). Between life 
and death: strategies to reduce phototoxicity in super-resolution microscopy. J Phys D Appl 
Phys, 53(16), 163001. doi:10.1088/1361-6463/ab6b95 

Trinh, N., Jolliffe, K. A., & New, E. J. (2020). Dual-Functionalisation of Fluorophores for the 
Preparation of Targeted and Selective Probes. Angew Chem Int Ed Engl, 59(46), 20290-
20301. doi:10.1002/anie.202007673 

Truneh, A., Machy, P., & Horan, P. K. (1987). Antibody-bearing liposomes as multicolor 
immunofluorescence markers for flow cytometry and imaging. J Immunol Methods, 100(1-
2), 59-71. doi:10.1016/0022-1759(87)90173-6 

Ulrich, A. S. (2002). Biophysical aspects of using liposomes as delivery vehicles. Biosci Rep, 
22(2), 129-150. doi:10.1023/a:1020178304031 

Valdes-Aguilera, O., Cincotta, L., Foley, J., & Kochevar, I. E. (1987). Photobleaching of a 
cyanine dye in solution and in membranes. Photochem Photobiol, 45(3), 337-344. 
doi:10.1111/j.1751-1097.1987.tb05384.x 

van de Hulst, H. (2012). Light Scattering by Small Particles. New York: Dover Publications; 
Illustrated edition. 

Van Leeuwen, S. R., & Baranoski, G. V. G. (2018). Elucidating the contribution of Rayleigh 
scattering to the bluish appearance of veins. J Biomed Opt, 23(2), 1-17. 
doi:10.1117/1.JBO.23.2.025001 

Vanić, Ž., & Škalko-Basnet, N. (2017). Nanoformulations for vaginal therapy. In Rai, M. and 
dos Santos C. A. (Eds) Nanotechnology Applied To Pharmaceutical Technology (pp. 183-221) 
Cham, Springer. 

Vu, M. N., Kelly, H. G., Kent, S. J., & Wheatley, A. K. (2021). Current and future nanoparticle 
vaccines for COVID-19. EBioMedicine, 74, 103699. doi:10.1016/j.ebiom.2021.103699 



 

111 

Wang, Y., & Kohane, D. S. (2017). External triggering and triggered targeting strategies for 
drug delivery. Nat Rev Mater, 2(6), 17020. doi:10.1038/natrevmats.2017.20 

Wang, Z., Millet, L., Chan, V., Ding, H., Gillette, M. U., Bashir, R., & Popescu, G. (2011). Label-
free intracellular transport measured by spatial light interference microscopy. J Biomed 
Opt, 16(2), 026019. doi:10.1117/1.3549204 

Watson, P., Jones, A. T., & Stephens, D. J. (2005). Intracellular trafficking pathways and drug 
delivery: fluorescence imaging of living and fixed cells. Adv Drug Deliv Rev, 57(1), 43-61. 
doi:10.1016/j.addr.2004.05.003 

Wayne, E. C., Long, C., Haney, M. J., Batrakova, E. V., Leisner, T. M., Parise, L. V., & Kabanov, 
A. V. (2019). Targeted Delivery of siRNA Lipoplexes to Cancer Cells Using Macrophage 
Transient Horizontal Gene Transfer. Adv Sci (Weinh), 6(21), 1900582. 
doi:10.1002/advs.201900582 

Wei, Y., Quan, L., Zhou, C., & Zhan, Q. (2018). Factors relating to the biodistribution & 
clearance of nanoparticles & their effects on in vivo application. Nanomedicine, 13(12), 
1495-1512. doi:doi.org/10.2217/nnm-2018-0040 

Whelan, D. R., & Bell, T. D. (2015). Image artifacts in single molecule localization microscopy: 
why optimization of sample preparation protocols matters. Sci Rep, 5(1), 7924. 
doi:10.1038/srep07924 

Wiedenmann, J., D’Angelo, C., & Nienhaus, G. U. (2011). Fluorescent proteins: Nature’s 
colorful gifts for live cell imaging. In Fluorescent Proteins II (pp. 3-33): Springer. 

Williams, D. B., & Carter, C. B. (1996). The Transmission Electron Microscope. In 
Transmission Electron Microscopy (pp. 3-17). Boston: Springer US. 

Wu, I. Y., Skalko-Basnet, N., & di Cagno, M. P. (2017). Influence of the environmental tonicity 
perturbations on the release of model compounds from large unilamellar vesicles (LUVs): A 
mechanistic investigation. Colloids Surf B Biointerfaces, 157, 65-71. 
doi:10.1016/j.colsurfb.2017.05.062 

Wu, L. P., Wang, D., & Li, Z. (2020). Grand challenges in nanomedicine. Mater Sci Eng C 
Mater Biol Appl, 106, 110302. doi:10.1016/j.msec.2019.110302 

Wu, Q., Miao, W. S., Zhang, Y. D., Gao, H. J., & Hui, D. (2020). Mechanical properties of 
nanomaterials: A review. Nanotechnol Rev, 9(1), 259-273. doi:10.1515/ntrev-2020-0021 

Wu, Y., & Shroff, H. (2018). Faster, sharper, and deeper: structured illumination microscopy 
for biological imaging. Nat Methods, 15(12), 1011-1019. doi:10.1038/s41592-018-0211-z 

Xiang, B., & Cao, D.-Y. (2021). Preparation of drug liposomes by thin-film hydration and 
homogenization. In W.-L. Lu & X.-R. Qi (Eds.), Liposome-based drug delivery systems (pp. 
25-35). Singapore: Springer Nature. 

Yadav, K. S., & Kale, K. (2020). High Pressure Homogenizer in Pharmaceuticals: 
Understanding Its Critical Processing Parameters and Applications. J Pharm Innov, 15(4), 
690-701. doi:10.1007/s12247-019-09413-4 

Yahiatene, I., Hennig, S., Müller, M., & Huser, T. (2015). Entropy-Based Super-Resolution 
Imaging (ESI): From Disorder to Fine Detail. ACS Photonics, 2(8), 1049-1056. 
doi:10.1021/acsphotonics.5b00307 



 

112 

Yang, G., Liu, Y., Teng, J., & Zhao, C. X. (2021). FRET Ratiometric Nanoprobes for Nanoparticle 
Monitoring. Biosensors, 11(12), 505. doi:10.3390/bios11120505 

Zahednezhad, F., Saadat, M., Valizadeh, H., Zakeri-Milani, P., & Baradaran, B. (2019). 
Liposome and immune system interplay: Challenges and potentials. J Control Release, 305, 
194-209. doi:10.1016/j.jconrel.2019.05.030 

Zernike, F. (1955). How I discovered phase contrast. Science, 121(3141), 345-349. 
doi:10.1126/science.121.3141.345 

Zhao, W., Liu, J., Kong, C., Zhao, Y., Guo, C., Liu, C., . . . Li, H. (2018). Faster super-resolution 
imaging with auto-correlation two-step deconvolution. arXiv preprint. 
doi:10.48550/arXiv.1809.07410 

Zhou, J., Chizhik, A. I., Chu, S., & Jin, D. (2020). Single-particle spectroscopy for functional 
nanomaterials. Nature, 579(7797), 41-50. doi:10.1038/s41586-020-2048-8 

Zuo, C., Chen, Q., Qu, W., & Asundi, A. (2013). Noninterferometric single-shot quantitative 
phase microscopy. Opt Lett, 38(18), 3538-3541. doi:10.1364/OL.38.003538 

Zylberberg, C., & Matosevic, S. (2016). Pharmaceutical liposomal drug delivery: a review of 
new delivery systems and a look at the regulatory landscape. Drug Deliv, 23(9), 3319-3329. 
doi:10.1080/10717544.2016.1177136 

Zylberberg, C., & Matosevic, S. (2017). Bioengineered liposome-scaffold composites as 
therapeutic delivery systems. Ther Deliv, 8(6), 425-445. doi:10.4155/tde-2017-0014 

 

  



 

113 

 

 

 

 

 

 

 

 

 

 

 

Paper 1 
  



 

114 

  



 International Journal of 

Molecular Sciences

Article

Following the Fate of Dye-Containing Liposomes

In Vitro

Jennifer Cauzzo
1

, Mona Nystad
2,3

, Ann Mari Holsæter
1
, Purusotam Basnet

2,4

and Nataša Škalko-Basnet
1,

*

1 Drug Transport and Delivery Research Group, Department of Pharmacy, Faculty of Health Sciences,
University of Tromsø The Arctic University of Norway, N-9037 Tromsø, Norway;
jennifer.cauzzo@uit.no (J.C.); ann-mari.holsater@uit.no (A.M.H.)

2 Women’s Health and Perinatology Research Group, Department of Clinical Medicine, Faculty of Health
Sciences, University of Tromsø The Arctic University of Norway, N-9037 Tromsø, Norway;
mona.nystad@uit.no (M.N.); purusotam.basnet@uit.no (P.B.)

3 Department of Medical Genetics, University Hospital of North Norway, N-9038 Tromsø, Norway
4 Department of Obstetrics and Gynecology, University Hospital of North Norway, N-9038 Tromsø, Norway
* Correspondence: natasa.skalko-basnet@uit.no

Received: 18 June 2020; Accepted: 7 July 2020; Published: 9 July 2020
!"#!$%&'(!
!"#$%&'

Abstract: The rather limited success of translation from basic research to clinical application has
been highlighted as a major issue in the nanomedicine field. To identify the factors influencing the
applicability of nanosystems as drug carriers and potential nanomedicine, we focused on following
their fate through fluorescence-based assays, namely flow cytometry and imaging. These methods
are often used to follow the nanocarrier internalization and targeting; however, the validity of the
obtained results strictly depends on how much the nanosystem’s fate can be inferred from the fate of
fluorescent dyes. To evaluate the parameters that a↵ect the physicochemical and biological stability of
the labeled nanosystems, we studied the versatility of two lipid dyes, TopFluor®-PC and Cy5-DSPE,
in conventional liposomes utilizing well-defined in vitro assays. Our results suggest that the dye
can a↵ect the major characteristics of the system, such as vesicle size and zeta-potential. However,
a nanocarrier can also a↵ect the dye properties. Medium, temperature, time, fluorophore localization
and its concentration, as well as their interplay, a↵ect the outcome of tracing experiments. Therefore,
an in-depth characterization of the labeled nanosystem should be fundamental to understand the
conditions that validate the results within the screening process in optimization of nanocarrier.

Keywords: liposomes; nanomedicine; cellular uptake; fluorescent dye; stability

1. Introduction

Nanomedicine has been proposed as the superior approach within advanced drug therapy,
able to respond to the ever growing demands of various diseases. However, the past decades did
not fully confirm its translational significance [1,2]. The reasons for this limited success rate are
numerous and often interconnected, however, the heterogeneous physicochemical characteristics of
nanomedicine formulations have a large influence on their biological performance [3]. In general,
cellular uptake of drug-containing nanocarriers, including liposomes, will determine both the e�cacy
of drug delivery and toxic e↵ects of carrier-associated drugs or active molecules. Liposomes made
of natural phospholipids o↵er reassuring safety profiles [4] and become one of the most studied
nanomedicines. Their versatility o↵ers opportunities to tailor their features to enhance specific
interactions with the target site. Optimizing liposomal features involves predicting/controlling their
fate in vivo. The first step in optimization should, therefore, focus on determining the cellular uptake

Int. J. Mol. Sci. 2020, 21, 4847; doi:10.3390/ijms21144847 www.mdpi.com/journal/ijms

http://www.mdpi.com/journal/ijms
http://www.mdpi.com
https://orcid.org/0000-0002-4440-5101
https://orcid.org/0000-0002-0555-6951
https://orcid.org/0000-0001-8612-9558
https://orcid.org/0000-0002-4301-2840
http://www.mdpi.com/1422-0067/21/14/4847?type=check_update&version=1
http://dx.doi.org/10.3390/ijms21144847
http://www.mdpi.com/journal/ijms


Int. J. Mol. Sci. 2020, 21, 4847 2 of 17

in rather simple in vitro conditions. There are various methods to follow and quantify the cellular
uptake; probably, the most commonly applied methods are flow cytometry and imaging [5]. The fate
of nanocarriers is often followed by tracing one or more fluorescent dyes associated with carriers.
Based on the results, the formulations will be modified/tailored to achieve the desired cellular uptake.
However, it is important to consider that the findings are based on two assumptions: i) the dye does
not alter the interactions of nanocarriers with cells/tissues; ii) the dye encapsulated/incorporated in the
nanocarrier is stable and remains associated with the carrier throughout the process. Unfortunately,
these assumptions are not always correct [6]. Rodriguez-Lorenzo et al. [7] first described the possibility
of the dye a↵ecting the properties of the carrier, regarding gold nanoparticles. The change in surface
charge due to the covalent link of a fluorescent dye had great e↵ect on the cellular internalization.
Considering liposomes as nanocarriers, liposomes are most often labeled by the fluorescent dye lipids
incorporated within liposomal bilayers. Recently, Münter et al. [8] validated the assumption that dye
remains associated with the liposomes throughout the experiment and found that the choice of labeled
lipid can influence the conclusions on uptake of liposomes, as well as their localization within the cell.
Many of the commonly used lipid dyes dissociate prior or upon exposure to biological environment.
Moreover, the dye dissociations are not detected in the commonly applied in vitro assays used to
determine dye leakage. For both (i) dye-induced modification of cellular fate and (ii) dye leakage,
the dye loses its primary function of tracking the system behavior; as a result, the fate of the dye is
followed rather than the fate of the dye-labeled nanocarrier.

Rather than searching for an ever superior nanomedicine formulation, we propose to go back to
basics and start rechecking the widely accepted dogmas. In an attempt to do so, we have focused on
following the fate of liposomes as a model nanosized system in in vitro cell culture settings. Therefore,
as the first step, we assessed the system’s stability in respect to both the e↵ect that the dye might have
on the physicochemical properties of the carrier, as well as the e↵ect that the formulation might have
on the dye stability. Finally, we investigated the biological properties of the new labeled nanocarrier.

Our hypothesis was that the dye-labeled nanocarrier can be considered as a new system,
which needs to be compared to the dye-free delivery system and the free dye. To confirm
our hypothesis, we chose to label our liposomes using fluorophores that resemble the chemical
structure of the phospholipids building liposomes, and investigated their interference on the
intrinsic behavior of the bilayer. Hence, we selected two commonly used fluorescent lipids [9],
namely 1-palmitoyl-2-(dipyrrometheneboron difluoride)undecanoyl-sn-glycero-3-phosphocholine
(TopFluor®-PC, T) and 1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-(Cyanine 5) (Cy5-DSPE,
C) [6,8] as labels for our nanocarrier. Both dyes in four di↵erent ratios were individually incorporated
in liposomes, and their stability, as well as impact on in vitro liposomal cellular uptake, were evaluated
and compared.

2. Results

2.1. Liposome Characterization and Stability

Composition, vesicle size, ⇣-potential and fluorescence spectra for all freshly prepared formulations
(Day 0) are summarized in Figure 1 and Table 1. The liposomes comprising the lipid dye (T,
TopFluor®-PC) are presented as T1, T2, T3 and T4 (Lip-T), with increasing concentration of dye
(T1 the lowest and T4 the highest ratio). Similarly, the liposomes comprising the surface lipid dye (C,
Cy5-DSPE) are referred to as C1, C2, C3 and C4 (Lip-C), respectively. The T dye (MW= 909.97) is a fatty
acid-labeled phospholipid that is expected to accommodate its fluorescent moiety within the bilayer,
without significantly altering its structure [10,11]. The C dye (MW= 1266.20) is a headgroup-labeled
phospholipid that is expected to expose the fluorescent moiety on the surface (Figure 1).

All labeled liposomes were in the size range below 200 nm, to assure that vesicles could be
administered intravenously [12]. Since NICOMP distributions permit the presentation of bimodal size
distributions (vesicle populations), rather than conventional Gaussian distributions, we set up the
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internal quality parameters to be i) polydispersity index (PdI) below 0.25 and ii) vesicle intensity above
80% for the most representative size peak. Both parameters, therefore, indicate the clear dominance
of one vesicle population over the other. The Gaussian ⇣-potential distribution estimated the surface
charge to be mostly neutral for all formulations, confirming that the presence of either dye was
not significantly interfering with the surface property of the liposomes. Furthermore, all liposomal
suspensions were visually inspected before any analysis to assure that no precipitates were detected.
The low values of polydispersity index indicated that all labeled liposomes were rather homogenous
in size, with the majority of the vesicles of very similar size. Moreover, the incorporation of dye within
the liposome did not a↵ect the vesicle size (Table 1).

Figure 1. Molecular formulae of the lipid ingredients, postulated dye localization in the liposomal bilayer
and fluorescence spectra of all dye-containing liposomal formulations (Day 0). The molecular formula
of the most representative lipid in soy phosphatidylcholine (SPC) is provided (panel A) for comparison
with the structures of the labeled phospholipids C and T (panel B and C, respectively). ACD/ChemSketch
(Freeware) 2019 2.1 was used to draw the molecules and highlight the fluorescent moieties. All lipids
ingredients are insoluble in water and highly soluble in methanol (respectively, >10000 and <1 mass
parts of solvent required to dissolve 1 mass part of solute; according to Pharmacopeia’s definition).
The liposome model (panel D) shows the expected localization of the labeled phospholipids according
to their chemical structure and previous studies [10,11]. Panel E and F show the spectra for T-Lip
and C-Lip formulations. The gray background spectrum represents the absorbance (primary y-axis),
the solid colored lines refer to the fluorescent emission for all labeled formulations after normalization
on the maximum values for T4 and C4 (secondary y-axis). Abbreviations: Lip refers to empty liposomes;
T-Lip and C-Lip to the labeled formulations.
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Table 1. Characteristics of freshly prepared liposomal suspensions.

Type of Liposomes

Fluorescent Dye Vesicle Size ⇣-Potential

T

[mg/mL]

C

[mg/mL]

Peak 1

[nm (%)]

Peak 2

[nm (%)]
PdI [mV]

Lip - - 135 ± 1 (88%) 38 ± 1 (12%) 0.23 ± 0.01 -1.4 ± 0.1

T1 0.015 - 167 ± 2 (95%) 39 ± 11 (5%) 0.17 ± 0.01 �2.0 ± 0.2
T2 0.030 - 158 ± 7 (96%) 35 ± 12 (4%) 0.16 ± 0.01 �3.6 ± 0.3
T3 0.060 - 160 ± 4 (95%) 35 ± 4 (5%) 0.20 ± 0.04 �1.2 ± 0.1
T4 0.120 - 168 ± 4 (89%) 42 ± 3 (11%) 0.22 ± 0.01 �1.8 ± 0.0

C1 - 0.015 163 ± 8 (94%) 35 ± 1 (6%) 0.21 ± 0.01 �1.2 ± 0.1
C2 - 0.030 161 ± 4 (89%) 40 ± 1 (11%) 0.24 ± 0.01 �1.2 ± 0.1
C3 - 0.060 156 ± 1 (93%) 37 ± 1 (7%) 0.22 ± 0.01 �2.0 ± 0.1
C4 - 0.120 157 ± 7 (89%) 39 ± 8 (11%) 0.22 ± 0.01 �1.5 ± 0.1

Values are expressed as mean ± SEM (n = 2). To describe the bimodal size distribution, the intensity-weighted
percentage of each population peak is indicated in brackets. The vesicle size was measured after dilution in isotonic
bu↵er, whereas ⇣-potential after dilution in distilled water. The concentration of neutral (zwitterionic) SPC (>94%
purity) was 10 mg/mL. Abbreviations: SPC refers to soy phosphatidylcholine; T represents TopFluor lipid dye
whereas C represents Cy5-DSPE surface lipid dye; PdI is polydispersity index; SEM, standard error of the mean.

The next step was to determine the vesicle stability to assure that the experiments, performed with
either fresh or week-old labeled liposomes, would not di↵er due to the freshness of their preparation.
As evident in Figure 2A, no significant variations in size were detected (over 60 days) in liposomal
suspension stored at 4 �C. Despite the initially neutral ⇣-potential, the rather small size and narrow
polydispersity of the liposomal suspension assured the stable size distribution over the tested timeframe.
However, a progressive lowering of the ⇣-potential over time was identified for all formulations,
more evidently for the C-containing liposomes, suggesting that this increased surface charge could
help stabilize the suspension at the later time points [12]. As expected, the long-term storage at
25 �C (Figure 2B) resulted in great instability of all dye-containing formulations as compared to their
respective no-dye control. We were able to follow the size distributions for formulations stored at 25 �C
for only 15 days; when measuring the formulations stored for 30 days, a dense sediment was observed
in the vials and the suspension was not stable enough throughout the duration of the measurements.
We could only measure the dye-free liposomes which were stable in size. Although the stability issue
for storage at room temperature was expected, it also indicated that leaving the samples at room
temperature could a↵ect the vesicle aggregation and consequently, the cellular uptake, and it is one of
the parameters which needs to be considered in the experiments.

After identifying the stability issue with dye-containing liposomes, we went a step further
to evaluate the e↵ect of storage temperature on the stability of the dye-containing formulations,
focusing on the stability of fluorescence, namely the loss of fluorescence over time. As shown in
Figure 3, the overall fluorescence stability of all T-containing formulations in bu↵er was higher than
the corresponding C-containing liposomes. The trend was observed at all tested storage temperatures
(4, 25 and 37 �C). Nevertheless, when the same dyes were dissolved in methanol and their stability
was tested under the same storage conditions, the dyes remained stable. The medium of the liposomal
suspension, thus, directly a↵ected the fluorescence stability of the fluorophores in the formulations,
and the degree of instability was dependent on the fluorophore and its localization in the bilayer.
In our case, the greater instability of the C-lip formulations supports the expected localization of the
fluorescent moiety onto the surface, as the carbocyanine group is known to be prone to photobleaching
in bu↵er [13] when not protected by the lipid bilayer [14]. This finding has a significant impact
and should raise concerns when explaining the biological fate of liposomes based on the measured
intensities of liposome-associated dyes.
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Figure 2. Stability of liposomal suspensions upon storage at 4 �C (panel A) and 25 �C (panel B).
The stability is expressed as changes in original liposomal size and ⇣-potential. Each bar cluster
represents a suspension over time (Day 0, 15, 30 and 60, when measurable). The size is presented on
the positive y-axis, where the bars refer to the main peak (primary y-axis), together with the associated
SD (half width of the peaks) and the mean of the single replicates (small dots, n = 2). The diamonds
correspond to the PdI (secondary y-axis) mean, with associated SD. The ⇣-potential stability is displayed
on the negative y-axis, with corresponding SD and single replicates. Isotonic phosphate bu↵er was used
in pre-dilutions for size measurements, while distilled water was used for the ⇣-potential determination.
Abbreviations: Lip refers to empty liposomes (gray); T (yellow) and C (blue) refer to the lipid dye and
the surface lipid dye, respectively; PdI is the polydispersity index; SD is the standard deviation.
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Figure 3. E↵ect of storage temperature on the fluorescence stability of liposomal dyes. The stability of
T-containing formulations (panels A–C) and C-containing formulations (panels D–F) are compared
to their respective dye solutions in methanol after daily sampling at the temperatures of 4 �C (A,D),
25 �C (B,E) and 37 �C (C,F). All formulations were pre-diluted in isotonic bu↵er to fit in the detectable
range of the instrument. The fluorescence is expressed as mean (%) ± SD (n = 3), where 100% is the
initial fluorescence value of each formulation (Day 0). Abbreviations: T refers to the lipid dye; C to the
surface lipid dye; MeOH is short for methanol; SD is standard deviation.

2.2. Biological Activity In Vitro

Another important parameter to be considered when choosing the dye to be incorporated in
liposomes is the potential toxicity and pharmacological response of dye-in-liposomes. We tested the
cytotoxicity and anti-inflammatory responses of all liposomal suspensions.

2.2.1. Cytotoxicity

Cytotoxicity of labeled liposomes were studied on macrophages (RAW 264.7) and keratinocytes
(HaCaT) at lipid concentrations of 1, 10 and 50 µg/mL. None of the formulations exhibited any cytotoxic
e↵ect on the selected cell lines up to the lipid concentration of 50 µg/mL. Moreover, the behavior of
the dye-containing liposomes did not significantly di↵er from the control represented by dye-free
liposomes (Figure 4). The colorimetric reduction in the tetrazolium salt WST-8 was used as an indicator
of cell viability, since this reaction requires an active dehydrogenase catalysis to be completed [15].
Hence, cell proliferation was expressed as a function of this enzymatic activity, setting 100% as the
viability of the untreated control. Overall cell growth after the treatment was similar to the untreated
controls, however, a tendency of increased keratinocytes proliferation was noticed for cells treated
with liposomes in increasing lipid concentrations (Figure 4B).
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Figure 4. Cytotoxicity of liposomal suspensions tested on RAW 264.7 macrophages (panel A) and
HaCaT keratinocytes (panel B). Cell proliferation was expressed in percentage, referencing the untreated
control (mean ± SD, n = 3). Each cluster refers to the same liposome formulation, applied in three
di↵erent concentrations indicated in the legend. Concentration values correspond to the concentration
of lipids per well (1, 10 and 50 µg/mL, complete RPMI-1640). Stars of significance indicate the increased
proliferation over cell control (white bar): * p < 0.05; ** p < 0.01; *** p < 0.001. All dye-containing
liposomes a↵ected the cell proliferation in a similar manner as empty liposomes. Abbreviations:
Lip refers to liposomes; T and C refer to the lipid dye and the surface lipid dye, respectively; Lip-T and
Lip-C denote the dye-containing formulation; SD is standard deviation.

2.2.2. Anti-Inflammatory Assay

Anti-inflammatory responses related to liposomal formulations were expressed by measuring
the inhibition on nitric oxide (NO) production in LPS-induced macrophages. The anti-inflammatory
activity was expressed as percentage of NO production inhibition calculated with respect to control
(untreated cells as shown in Figure 5, white bar).
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Figure 5. E↵ect of liposomes on the intrinsic inflammatory activity of RAW 264.7 macrophages. Intrinsic
nitric oxide production was expressed in percentage from 0% (non-inflamed cells) to 100% (1 µg/mL
LPS-inflamed cell as control, white bar). Bars represent mean ± SD (n = 3) and separate clusters refer to
di↵erent liposomes in three concentrations of lipids (1, 10 and 50 µg/mL per well). Tags of significance
show deviance from the cell control (white bar) for all the lowest lipid concentration applied (1 µg/mL):
#: p < 0.05; ###: p < 0.001. All liposomes at the lipid concentration of 10 and 50 µg/mL showed the
highest significance of p < 0.001 (not marked in the figure). Stars of significance indicate deviance from
the respective empty liposome control (Lip, gray cluster): *: p < 0.05; ***: p < 0.001. Abbreviations:
Lip refers to liposomes; Lip-T and Lip-C refer to the dye-containing liposomes with T (lipid dye) and C
(surface lipid dye) respectively; NO is nitric oxide; SD is standard deviation.

All liposomal formulations showed lipid concentration-dependent inhibition of NO production
in LPS-activated macrophage (Figure 5) and the results were in agreement with the literature [16,17].
Liposomal formulations at the concentration of 50µg/mL inhibited approximately 50% of NO production
as compared to the non-treated control.

After the cells were exposed to liposomal suspensions, an evident reduction in the inflammatory
activity was measured and validated by a significant concentration-dependency (p < 0.01).
As Figure 5 shows, within each cluster, the increasing lipid concentration resulted in a decreased NO
production. The pattern for the anti-inflammatory e↵ect of non-labeled liposomes was similar to the
fluorescently-labeled liposomes (Figure 5). Slight deviations (mostly not on significant level) were
observed for both dye-containing liposomes when liposomes comprised higher dye to lipid ratios (T3,
T4 and C3, C4, respectively).

2.2.3. Flow Cytometry and Imaging

After confirming the safety and retained biological activity of the liposomal suspensions,
we proceeded to follow their cellular uptake. Based on the stability data, we have selected the
T1 liposomes as model dye-in-liposomes suspension. T1 liposomes comprise the lowest dye-to-lipid
ratio, which would be highly advantageous considering both cost and possible interference. Liposomal
uptake was quantified and imaged by flow cytometry at di↵erent time points over 24 h. According to
the number of cells screened as T-positive (T-A +), the uptake was proven in almost all cells within the
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first 6 h of incubation (Figure 6A). On the other hand, the total uptake—quantified as mean peak of
fluorescence—did not reach a plateau in the 24 h of analysis, thus, indicating that no saturation took
place in the tested timeframe (Figure 6B).

 244 
Figure 6. Uptake of T1 liposomes by RAW 264.7 macrophages. Liposomal uptake was expressed as
percentage of fluoresce-activated live cells (panel A) and mean fluorescence (panel B). Each point
represents mean ± SD on the y-axis (n = 3). A standard error of ± 5 min was given as default on the
incubation time for the practical handling of the samples. Abbreviations: T refers to the lipid dye;
T-A+, PI-A- represent the gate for fluorescence-activated live cells; SD is standard deviation.

The flow imaging analysis confirmed the cellular uptake, indicating a non-homogeneous
distribution of the fluorescent signal within the cell. As expected, the highly lipophilic dye neither was
able to reach the nucleus nor did it dissolve uniformly in the cytoplasm (Figure 7).

Figure 7. Cont.
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Figure 7. Uptake of T1 liposomes by RAW 264.7 macrophages presented by flow imaging.
Four representative pictures are selected for the incubation time of 4 (panel B), 6 (C), 12 (D), 18 (E)
and 24 h (F) after adjusting auto-fluorescence on the negative control (A: two upper rows). Ch01 and
Ch09 exhibit bright field images, Ch02 detects the fluorophore T, Ch4 represents the PI fluorescence
and Ch6 visually expresses the side scattering. A ch04-positive control is included for comparison
(A: two bottom rows). The scale bar (black bar, bottom right) is 15 µm. Abbreviations: Ch refers to
channel; PI to Propidium Iodide; T to the lipid dye.

3. Discussion

Nanomedicine was expected to o↵er means to revolutionize diagnostics and targeted drug
therapies, while improving the cost-e↵ectiveness of health care. Although many of the promises
remain to be fulfilled, success stories, even limited in numbers, confirmed its potential. Therefore,
focus on addressing the challenges and current limitations might lead to a faster translation from
laboratory into clinic [2,18]. There are various means to approach the challenges, from in vitro
conditions to more complex in vivo studies. Recently, the intracellular delivery of nanomaterials as
well as nanomaterial-associated drugs have attracted increasing attention due to the ever growing
interest in subcellular drug targeting [19]. To be able to confirm the intracellular fate of nanoparticles,
and optimize their properties to achieve subcellular delivery, we aimed to focus on a rather simple
yet often neglected interplay between the nanocarrier and the dye used to follow its fate. To do
so, we selected a simple liposomal composition based on the neutral (zwitterionic) phospholipid
phosphatidylcholine. Vesicular size, surface charge and modifications, as well as lipid composition,
are widely known to a↵ect the liposome internalization rate and mechanism, with a consequent e↵ect
on intracellular dispatch [20–24]. However, it is the interplay of these features that determines the
biological outcome. Thus, this work intended to provide deeper insight on the e↵ects a fluorophore
associated with liposomes can have on the dye-in-liposome system.

To avoid the known e↵ect of size on the internalization behavior [25], all liposomal suspensions
were thereby prepared to be of similar size, namely below 200 nm (Table 1). Plain (dye-free) liposomes
remained stable in size over a period of 60 days when stored at 4 �C (Figure 2). The zeta-potential,
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originally slightly negative or neutral for both plain and dye-in-liposomes, indicated that neither of the
dyes was interfering with the surface charge of the liposome (Table 1). However, the surface charge
changed, exhibiting an increased negativity as observed over time at 4 �C storage, and potentially
prolonging the stability of the suspension.

The findings were in agreement with previously reported low degree of lipid oxidation.
Plain conventional liposomes are known to exhibit a slight oxidation tendency over time [26], which has
been correlated to a decrease in zeta-potential [27]. Oxidation is indeed known to cause rearrangements
of atoms and ions with steric changes of the orientation of lipid polar heads; the computational analysis
even proposed the possibility of complete chain reversal of the oxidized phospholipids [28]. Since the
zeta-potential measures the interaction of the liposomal surface with counter-ions in the medium,
changes in the orientation of the choline zwitterion would result in di↵erent ⇣-average values [29,30].

In this dynamic model, the presence of a fluorophore in the bilayer thus a↵ects the behavior of the
system according to its chemistry and location (Figure 1). The lipid dye (T) exhibited a low superficial
interference and better stability against ionic changes in the environment, since this fluorescent moiety
is known to reside stably within the core of the lipid bilayer [10]. The surface lipid dye (C), although
not charged per se, exhibited a more relevant deviation from the control. This may be explained by the
presence of an aromatic group with delocalized charge for interaction with the medium [14].

Interestingly, the characterization of all labeled formulations stored at 25 �C indicated a denser
sedimentation over time in comparison to the plain liposomes control. This temperature-dependent
physicochemical instability corresponded to the fluorescence instability of the dye in the formulations.
The storage at higher temperatures (25 and 37 �C) yielded a progressive decrease in fluorescent signal
for all of the dye-containing liposomes. This decrease was not observed to the same extent in the
controls, namely the dyes dissolved in methanol, suggesting a direct e↵ect of the medium on the
fluorescence stability of the formulation. In the case of the carbocyanine derivative (C), the lower
stability in the intact formulation is explained by its known quenching and lower fluorescence in
phosphate-bu↵ered saline PBS [13]. When comparing the observed behavior with previously published
works on correspondent hydrophilic cyanines, our results are similar to the findings on cyanines
freely dissolved in PBS, compared to the cyanines inside the bilayer [14,31]. Although we do not
have precise evidence, the findings further corroborate the postulation on the surface localization of
the fluorescent moiety in our C dye (Figure 1D). On the contrary, the lipid dye (T) showed a limited
reduction in fluorescent signal over time and with increased temperature, which suggested an overall
better fluorescence stability, in agreement with published research [11,32]. Remarkably, for both dyes,
the fluorophore concentration did a↵ect the (in)stability of the formulation. It was expected that the
higher the dye-to-lipid ratio was, the greater the chance to retain a relevant fluorescent signal after
storage/incubation would be. This was not verified for the lipid dye (T) as the highest ratio dye-to-lipid
exhibited a higher loss of fluorescence signal over time. Hence, the bilayer exerts a physicochemical
protection on the fluorophore from the environment (here, in T1, T2 and T3) but a spatial saturation
(here, reached in T4) can reduce this protective e↵ect, increasing the exposure of the fluorescent
moieties [14,28].

The small radical NO was used as an indicator of the inflammatory response in macrophages as it
is a potent inflammatory mediator [33]. Specifically, the LPS used in the present study activated the
conversion of L-arginine into L-citrulline with the production of NO as a major byproduct. This unstable
radical was quickly converted into NO3

� and NO2
�, molecule that the Greiss reagent can quantify

through a colorimetric reaction. Hence, the quantification of the colored product was first correlated to
the NO initial concentration through a NaNO2 standard curve, and then, correlated to the inflammatory
activity of the macrophages [34].

The presence of dye within liposomes did not a↵ect their cytotoxicity, as indicated in Figure 4.
Moreover, no di↵erence in cell proliferation was detected when the cells were treated either with
dye-containing or dye-free liposomes. Our findings were in full agreement with earlier studies involving
keratinocytes with a concentration-dependent increase in cellular proliferation [15]. Keratinocytes are
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responsible for the maintenance of the skin barrier where extracellular lipids play a major role [35] and
are, therefore, a good model to test potential toxicity. As a second type of cells, we selected macrophages
due to their role in interacting with nanocarriers and wide variety of inflammatory diseases [36].
We could not detect liposome-induced proliferative e↵ects in non-inflamed cells (Figure 4A), however,
we confirmed a concentration-dependent reduction in NO production after liposomal treatment of
LPS-inflamed cells (Figure 5) [16,17]. Although no toxicity was determined for the dye-containing
liposomes, we observed larger variability in the readings for NO production in activated macrophages.
This was more pronounced for the surface lipid dye (C) and at the highest labeling ratios.

T1 was selected as most suitable formulation for a time-course internalization assay. Our rationale
was that if we could successfully follow the fate of liposomes with the least dye content, we would
limit possible interference of the dye with biological processes. A weaker fluorescent signal was
already registered in the first two hours of incubation, as expected for neutral plain liposomes [37],
but almost all cells were screened as positive to the fluorophore after 6 h. In spite of the sharp rising in
the number of cells that had internalized liposomes within 2 and 6 h, the progressive linear increase in
mean fluorescence confirmed that the internalization capacity of the macrophages was not saturated.
These internalization profiles were confirmed in flow imaging and, as expected, the fluorophore did not
uniformly distribute in the cytosol and was condensed to intracellular organelles, such as phagosomes
and phagolysosomes. Phagocytosis has long been considered the main internalization pathway for
liposomes encountering macrophages [20]. Moreover, the presence of a protein phospholipid receptor
on the lysosomal membrane is known to facilitate the liposomal recognition by these organelles [38].

When characterizing a labeled nanoscale system such as dye-in-liposomes, the interplay of the
di↵erent components and the environment can a↵ect not only the leakage of the dye, but also the final
biological activities of the system. Therefore, fluorophores that have shown lower tendency to detach
from their system (e.g., Cy5-DSPE, [8]) could have unwanted biological e↵ects and/or higher instability
of the fluorescent signal, which could explain lack of internalization [6] as possible false-negative
results. On the contrary, higher physicochemical stability of the components in the nanosystem
(e.g., TopFluor®-PC [32]) can then show higher leakage of the fluorophore, with a consequent loss of
tracking confidence over time [8].

To summarize, a deep characterization of the nanosystems can be performed by addressing the
interplay between its di↵erent components. In fact, not only the presence of the dye can a↵ect the
physicochemical properties of the system (such as size and zeta potential), the di↵erent components
within the system can also a↵ect the properties of the dye. Additionally, the fluorescent signal and
behavior of the fluorophore in a system can a↵ect both its physicochemical, as well as its biological
properties, modulated by a consequent variation of the experimental conditions.

A trade-o↵ has to be considered when choosing a fluorescent dye for a formulation. As a general
consideration, time and temperature are the first in line to a↵ect the system stability. Only then,
once the e↵ect of di↵erent sizes and zeta-potentials are removed, can the steric organization on the
nanoscale and the compatibility of the fluorophores with the medium become the predictors of the
usability of the system. Leakage information will then be fundamental when designing experiments
over selected time frames. This full assessment is necessary for the validation of fluorescence-based
assays in the screening of targeting e�ciency not only to avoid false-positive results but also not to
disregard false-negative promising strategies.

4. Materials and Methods

4.1. Materials

Soy phosphatidylcholine (Lipoid S100, SPC) was generously provided by
Lipoid GmbH (Ludwigshafen, Germany). The 1-palmitoyl-2-(dipyrrometheneboron
difluoride)undecanoyl-sn-glycero-3-phosphocholine (TopFluor®-PC, T) and
1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-(Cyanine 5) (18:0 Cy5-PE, C) were purchased
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from Avanti Polar Lipids, AL, USA. Methanol, naphthylethylenediamine, potassium phosphate
monobasic, sodium chloride, sodium phosphate dibasic dodecahydrate, sulfanilamide, phosphoric
acid (H3PO4), RPMI-1640 medium, Dulbecco’s phosphate bu↵er, lipopolysaccharide (LPS, Escherichia
coli, 055:B5) and propidium iodide (PI) were obtained from Sigma-Aldrich, Steinheim, Germany.

4.2. Liposome Preparation

The film hydration method was used to prepare liposomes in aqueous medium [39]. Briefly, lipids
were dissolved in methanol in a round-bottomed flask. To form a thin lipid film, low-pressure rotary
evaporation was performed on a Büchi Rotavapor R-124 with vacuum pump V-700 (Büchi Labortechnik,
Flawil, Switzerland). The film was then resuspended in 8 mL of isotonic phosphate bu↵er (pH 7.4,
290 mOsm) by hand-shaking and 10 min bath sonication (Bransonic® ultrasonic 5510, Vlierberg,
Holland). A concentration of 10 mg/mL of neutral SPC S100 (with over 94% of pure phosphatidylcholine
from soybean) was used for all formulations. Fluorescent dyes (T and C) were separately incorporated
in the initial lipid mixture at the concentrations of 0.015, 0.030, 0.060 and 0.120 mg/mL, respectively.

The e↵ective size reduction of the multilamellar dispersions was achieved by combining 2 min
sonication (Ultrasonic processor 500 W, Sigma-Aldrich, MO, USA) and a stepwise hand extrusion
through Nucleopore® polycarbonate membranes (with sieving sizes of 400 and 200 nm, respectively).
Overnight stabilization was allowed in between the steps and prior to the characterization. All liposomal
suspension were then stored in the fridge (4 �C) and at room temperature (25 �C), respectively.

4.3. Liposome Characterization

4.3.1. Size Analysis

Photon correlation spectroscopy was used for the size distribution analysis of liposomes in
suspension, as previously described [40]. Submicron particle sizer model 370 (Nicomp Santa Barbara,
CA, USA) was set on the vesicle mode and intensity-weighed distribution. All suspensions were
diluted in isotonic phosphate bu↵er to obtain a particle intensity of 400–500 kHz for 15 min/cycle.
The sample measurement was repeated on day 0, 15, 30 and 60 to follow the size stability dependency
on the storage temperature (4 or 25 �C).

4.3.2. Zeta-Potential Analysis

The zeta-potential distribution was derived from a Gaussian distribution analysis of the
electrophoretic mobility, as an indication of liposomal surface charge [39]. Laser Doppler Electrophoresis
was applied utilizing a Malvern Zetasizer Nano—ZS (Malvern, Oxford, UK) in the General Purpose
mode. All suspensions were diluted 1:20 in deionized water and measured after 15 min equilibration
time. Deionized water was chosen over bu↵er and tap water to ensure the reliability of the
measurements, as the presence of the fluorophore tends to interfere with the instrument sensitivity [41].
To further stabilize the measurements, individual runs were performed with a 1 min pause in between
to allow the electrodes not to be overheated for high mobility samples. Stability measurements were
conducted on day 0, 15, 30 and 60, respectively.

4.4. Fluorescence Analysis

Fluorescence stability of all dye-containing formulations was assessed as a function of storage
temperature. All suspension were diluted 1:100 in isotonic phosphate bu↵er and stored separately in
the fridge (4 �C), at room temperature (RT, 25 �C) and in the incubator (Termaks, Bergen, Norway) at
37 �C. Sampling for top fluorescence intensity reading was performed with a recurrence of 24 h for
7 days (Tecan SPARK spectrofluorometer, Tecan, Switzerland). Gain and wavelength (�) of excitation
(ex) and emission (em) were optimized on the full scan of the formulations, on Day 0, and maintained
throughout the experiment (T: �ex = 430 nm, �em = 510 nm, C: �ex = 600 nm, �em = 665 nm; gain = 90).
The same procedure was used to read each dye’s own stability in methanol.
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4.5. Biological Activity In Vitro

Murine macrophages RAW 264.7 (ATCC® TIB-71TM, ATCC, Manassas, USA) and human
immortalized keratinocytes HaCaT (ATCC, Manassas, USA) were cultured in flasks and incubated at
37 �C with 5% CO2. RPMI-1640 medium was used to culture the cells, supplemented with the addition
of 10% (v/v) fetal bovine serum and antibiotics (penicillin-streptomycin). Complete medium was also
used to pre-dilute all liposomal formulations right before treating the cells [15,39].

4.5.1. Cytotoxicity Assay

Cell toxicity of all formulations was evaluated using the Cell Counting Kit-8 (Sigma-Aldrich
Chemie) as a function of dehydrogenase activity, directly proportional to cell viability in macrophages
(RAW 264.7) and keratinocytes (HaCaT) [15]. To 90 µL/well of cell suspension (1 ⇥ 105 cells/mL,
pre-incubated overnight in 96 wells), 10 µL of either medium (control) or liposomes were added.
Three concentrations of liposomes (1, 10 and 50 µg/mL of lipids), each in triplicates, were exposed to
the cells to observe the cytotoxic e↵ect. At the 24 h endpoint, CCK-8 reagent (10 µL/well) was applied
and plates were further incubated for 4 h. The detection of the absorbance was set on 450 nm and
referenced at 650 nm (Tecan SPARK spectrophotometer, Tecan, Switzerland).

4.5.2. Anti-Inflammatory Activity

The anti-inflammatory e↵ects of all liposomal formulations were analyzed on LPS-activated
macrophages (RAW 264.7) by measuring the inhibition on the nitric oxide production [39]. Cells were
cultured in RPMI-1640 supplemented medium until the formation of a confluent monolayer.
The homogenous cell suspension (5 ⇥ 105 cells/mL) was plated into a 24-well plate (1 mL/well)
and incubated for 24 h. The old medium was replaced with 990 µL of LPS-containing medium (1 µg/mL
of LPS) in order to induce inflammation. All formulations (10 µL each) were applied in triplicates for
three di↵erent concentration of lipids (1, 10 and 50 µg/mL per well, respectively). After 24 h incubation,
the anti-inflammatory response was quantified by measuring NO production in the medium by
the cells with the Greiss reagent (1% sulfanilamide, 0.1% naphthylethylenediamine, 2.5% H3PO4).
Spectrophotometric endpoint measurements were performed at 540 nm and evaluated through a
NaNO2 standard curve (Single Cuvette UV Vis Spectrophotometer, SpectraMax 190 with SoftMax Pro
v5 software, Molecular devices, CA, USA).

4.5.3. Flow Cytometry

The time dependency of liposomal uptake in macrophages was quantified by flow cytometry
(FACSAriaTM with FACSDiva software version 8.0.1, BD Biosciences, San Jose, CA, USA) Macrophages
(RAW 264.7) were seeded on 6-well plates 24 h prior to the treatment (3 mL/well). Liposomes (T1)
were freshly pre-diluted in complete RPMI-1640 (50 µg/mL per well) and the suspension was used to
change the medium in each well. At the endpoints of 1, 2, 4, 6, 12, 18 and 24 h, cells were washed with
Dulbecco’s phosphate bu↵er and suspended in 800 µL of fresh RPMI-1640 by pipetting. Propidium
iodide (PI) was added to the filtered cell suspensions to single out live cells, which were gated as
PI-negative (PI-A-). Ten thousand events were recorded and liposomal uptake was measured on
the correspondent channel (T-A) after adjusting for cell/medium auto-fluorescence of the untreated
control [42].

4.5.4. Flow Imaging

Fluorescence-activated cell sorting was performed on the T-A+, PI-A- population, which was
concentrated and visualized with a flow imaging system (ImageStreamX®with IDEAS software version
6, Amnis, Seattle, WA, USA). Cells were gated in the forward vs. side scattering diagram to exclude the
signal from running calibration beads. Live cells were then located as low Channel 4 intensity (Ch4,
610/30 nm) and 100 pictures were recorded with 60X magnification and max sensitivity. Both cameras
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were activated to obtain bright field images and confirm the presence of a cell in the stream (Ch1 and
Ch9). Furthermore, side scattering was recorded to confirm the granularity of macrophages (Ch6,
762/35). The liposome uptake was imaged in green fluorescence (Ch02, 528/65 nm) after 4, 6, 12, 18 and
24 h. Untreated live and dead cells were also imaged, as negative and positive controls, respectively,
to adjust for auto-fluorescence and validate the gating tree [43].

4.6. Statistical Analysis

One-way ANOVA with Bonferroni’s multiple comparisons post test was used to assess statistical
significance. Significance was assigned for p value < 0.05 (GraphPad Prism version 8.1.2 for Windows,
GraphPad Software, La Jolla CA, USA).

5. Conclusions

A thorough physicochemical and biological characterization of dye-containing nanosystems is
required to fully benefit from the enormous potential of the fluorescence-based techniques in tracing
the fate of nanocarriers. When introducing a fluorescent dye, the individual properties of both
free dye and unlabeled nanocarrier, as well as their stability and behavior, can be a↵ected by the
experimental conditions, namely medium, temperature, time, dye localization and concentration.
Therefore, deeper characterization of the dye-containing nanocarriers can assure the interpretation
accuracy of the fluorescence-based assays. This can be considered the key to success in optimizing new
drug delivery systems.
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Abbreviations

C
1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-(Cyanine 5) (18:0 Cy5-PE),
surface lipid dye

CCK-8 Cell Counting Kit-8 (Sigma-Aldrich Chemie)
MW Molecular weight
NO Nitric oxide
PdI Polydispersity index
PI Propidium iodide
RT Room temperature, 25 �C
SPC Soy phosphatidylcholine (Lipoid S100)

T
1-palmitoyl-2-(dipyrrometheneborondifluoride)undecanoyl-sn-glycero-3-phosphocholine
(TopFluor®-PC), lipid dye

WST-8

Water-soluble tetrazolium salt, main
reagents of the Cell Counting Kit-8 (Sigma-Aldrich Chemie, Patent No. WO97/38985);
[2-(2-methoxy-4-nitrophenyl)-3-(4-nitrophenyl)-5-(2,4-disulfophenyl)-2H-tetrazolium,
monosodium salt]
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Abstract 

Fluorescence fluctuations-based super-resolution microscopy (FF-SRM) is an emerging field 

promising low-cost and live-cell compatible imaging beyond the resolution of conventional 

optical microscopy. A comprehensive overview on how the nature of fluctuations, label 

density, out-of-focus light, subcellular dynamics, and the sample itself influence the 

reconstruction in FF-SRM is crucial to design appropriate biological experiments. We have 

experimentally compared several of the recently developed FF-SRM techniques (namely ESI, 

bSOFI, SRRF, SACD, MUSICAL and HAWK) on widefield fluorescence image sequences of a 

diverse set of samples (namely liposomes, tissues, fixed and living cells), and on three-

dimensional simulated data where the ground truth is available. The simulated microscopy 

data showed that the different techniques have different requirements for signal fluctuation 

to achieve their optimal performance. While different levels of signal fluctuations had little 

effect on the SRRF, ESI and SACD images, image reconstructions from both bSOFI and MUSICAL 

displayed a substantial improvement in their noise rejection, z-sectioning, and overall super-

resolution capabilities. 

Teaser 

We compare the performance of novel super-resolution imaging methods on challenging but 

realistic microscopy data. 
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Abbreviations 

(b)SOFI: (balanced) super-resolution optical fluorescence imaging 

ESI: entropy-based super-resolution imaging 

FF-SRM: fluorescence fluctuations-based super-resolution microscopy 

HAWK: Haar wavelet kernel 

MUSICAL: multiple signal classification algorithm 

TIRFM: total internal reflection fluorescence microscopy 

SACD: super-resolution imaging with autocorrelation two-step deconvolution 

SBR: signal-to-background ratio 

SIM: structured illumination microscopy 

SNR: signal-to-noise ratio 

SMLM: single molecule localization microscopy 

SRM: super-resolution microscopy 

SRRF: super-resolution radial fluctuations 

SRM: Super-resolution microscopy 

STED: stimulated emission depletion microscopy 

2D/3D: two/three-dimensional 

Introduction 

Super-resolution microscopy (SRM) has revolutionized the field of microscopy, allowing 

visualization of nanoscale sub-cellular details smaller than the diffraction limit of optical 

microscopy. The spectrum of techniques in SRM is spanned by single molecule localization 

microscopy (SMLM), stimulated emission depletion microscopy (STED) and structured 

illumination microscopy (SIM). All SRM techniques require an expensive high-end acquisition 

system, expert sample preparation and system operation. Live-cell imaging is demonstrated 

for all of these SRM techniques [1] but remains quite challenging especially because of two 

reasons. Firstly, the fast dynamics of many cellular processes, in combination with relatively 

weak fluorescent signal, render the acquisition of sufficient signal-to-noise ratio (SNR) 

challenging for most analytical tasks. We make the distinction between image noise resulting 

from the camera electronics and photon arrival statistics, and image background resulting 

from e.g., out-of-focus sample features and unbounded dye molecules. Both image noise and 
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background signal cause reduced image contrast and often similar analytical challenges but 

are inherently distinct phenomena.  

Secondly, the cellular functions and morphology are sensitive to small changes in the cellular 

biochemical environment that can be significantly altered by introducing fluorescent probes, 

imaging buffers and excitation light exposure. As a consequence, SIM is arguably the best SRM 

technique for living samples currently available due to its comparatively fast widefield and 

volumetric acquisition together with lesser requirements on fluorophore photophysical 

properties and illumination intensities. However, under sub-optimal acquisition conditions 

such as fast-moving samples, low signal-to-background ratio (SBR) and/or significant 

photobleaching, SIM reconstruction is often unreliable and prone to artifacts. Furthermore, 

the SIM imaging systems are not commonly available, likely due to their cost and complexity, 

and the requirement for trained personnel for system maintenance and operation. Recent 

development of SIM encompasses both algorithmic improvements enabling successful 

reconstruction under less favorable signal and noise conditions [2,3] and efforts towards 

reducing the system overall cost and complexity [4,5]. 

There is a new set of techniques, namely fluorescence fluctuations-based super-resolution 

microscopy (FF-SRM) techniques that, like SMLM, use the photokinetics of fluorescence 

emission, but do not rely on the external introduction of spatiotemporal sparsity via the 

chemical environment and high-power laser modulation. This is an interesting avenue for bio-

image analysis, possibly with the potential of democratizing SRM by greatly reduced system 

cost, and overall live-cell capabilities of high-resolution microscopy. The core phenomenon 

utilized in FF-SRM is the stochasticity of the number of photons emitted by fluorescent labels 

over time. These techniques use statistical analysis as the core mechanism to super-resolve 

the fluorescent molecule distribution, where each molecule independently contributes to 

fluctuations in the measured fluorescence intensity. FF-SRM in the context of super-resolution 

fluorescence microscopy techniques is presented in Figure 1.  
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Figure 1. Summary and overview. Comparison to other super-resolution microscopy 
techniques and summary of our observations and recommendations for FF-SRM. 

Although the development of FF-SRM techniques is fairly recent, several techniques have 

been proposed in the short duration of a few years. Each of these techniques differs in the 

treatment of the raw data and statistical approach used. Some of them are super-resolution 

optical fluorescence imaging (SOFI) [6] and balanced SOFI (bSOFI) [7], entropy-based super-

resolution imaging (ESI) [8], super-resolution radial fluctuations (SRRF) [9], multiple signal 

classification algorithm (MUSICAL) [10], super-resolution imaging with autocorrelation two-

step deconvolution (SACD) [11], Bayesian analysis of blinking and bleaching (3B) [12], and 

sparsity based super-resolution correlation optical microscopy (SPARCOM) [13]. Additionally, 

the data pre-processing technique Haar wavelet kernel (HAWK) analysis has been developed 

as a tool to enable SRM of higher-density emitter data for both SMLM and FF-SRM, thus 

‘enabling high-speed, artifact-free super-resolution imaging of live cells’ [14]. As evaluated 

and benchmarked in the original papers (by using reference examples from single molecule 

localization microscopy dataset and simulation examples), they provide a resolution in the 

range of 50-120 nm. Notably, all of the above-mentioned FF-SRM techniques use two-

dimensional (2D) PSF considerations only (not 3D), and the simulated emitters lie perfectly in 

the focal plane, except for the noteworthy exception shown by Solomon et al. [13], where also 

emitters at 1 µm distance from the focal plane were considered. Development for 3D SOFI has 

been demonstrated by Yeh and Waller in combination with speckle illumination [15], and by 
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Purohit et al. in combination with a specialized phase plate for the encoding of emitter axial 

position [16]. Furthermore, a detailed analysis of the artifacts of high order SOFI and 

discussions on how it can affect bSOFI reconstructions together with some proposed solution 

have been provided by Yi et al. [17,18].  The FF-SRM methods applied in this review ((b)SOFI, 

ESI, SRRF, MUSICAL, SACD and HAWK) together with their reconstruction parameters are 

further described in the Methods section under Nanoscopy algorithms and their parameters. 

When imaging real three-dimensional samples for biological or biomedical applications, the 

reliability of the reconstruction is of more significance than any of the quantitative merits such 

as the image resolution or contrast. This is especially because common resolution assessment 

methods applied in microscopy can confuse reconstruction artifacts as high-resolution image 

content. We are not aware of any comprehensive study of how these methods perform on 

real biological samples in comparison to each other and under various conditions of intensity 

fluctuation.  

Each of the methods has been demonstrated on experimental data of samples that have been 

arguably designed to illustrate the best characteristics of their own method or on SMLM 

benchmark data in which case all the methods benefit from the spatio-temporal sparsity in 

the fluorescence. A comparative study of these techniques on a wide variety of data is 

important to understand the opportunities and potential pitfalls of the different methods. The 

aim is not to identify a winner technique or criticize another, but to create an understanding 

and appreciation of the realistic aspects that will help application scientists in designing their 

studies better and deriving reliable interpretations using any of these approaches. Moreover, 

such a comparative study will contribute to setting the right expectations and assigning 

suitable confidence in the biological interpretations derived from these methods.  

In order to do so, an in-depth analysis is needed on the sample and imaging conditions and 

how they affect the performances of the different FF-SRM methods. For example, how the 

sample and label density, out-of-focus signal, nature of fluctuations, and sub-cellular dynamics 

affect the reconstructions would be insightful for the experimental design and choice of 

technique. To this end, we have undertaken a first large-scale experimental study of FF-SRM 

techniques covering the following aspects: 
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1. We present an extensive study encompassing nanoparticles (liposomes), actin and 

membrane in fixed cells and tissues, and mitochondria and the endoplasmic reticulum 

(ER) in living cells. 

2. We tested all the methods on exactly the same data, thereby performing the first 

unbiased comparative analysis of the performances of the techniques. In most 

situations, factors such as fluctuation density, number of frames, and a variety of 

relevant conditions for imaging or processing the data are considered. The control 

parameters of each method are tuned within reasonable limits to identify the best 

performance of the method and the related algorithmic settings. 

3. We elucidate the performances of the techniques through three-dimensional (3D) 

simulation examples that closely emulate the sample conditions. We explain how and 

why the actual samples challenge the fluctuations-based techniques beyond the scope 

of design. We consider effects such as out-of-focus light, density of labeling, temporal 

density of photon emission, practical noise models and the number of frames used for 

reconstruction.  

4. We elucidate the favorable conditions for methods and highlight the challenges that 

must be addressed in the algorithmic development of these FF-SRM techniques 

towards making them reliable tools in biomedical research. 

Results 

Optimal Data 

For the right type of data, all the tested FF-SRM techniques perform well. This is illustrated in 

Figure 2 with a comparison to both the conventional image (sum of frames) and the SMLM 

algorithm STORM. This is a type of data where SRM methods are most often benchmarked 

and evaluated: 2D distribution of cytoskeletal strands. The emission is sparse but of good 

quality (i.e. high SBR). During the acquisition time of 1 frame, most of the emitters are in the 

dark state, but during the course of the acquisition of the entire data sequence used for 

analysis, most fluorescent molecules have emitted signal at least once. This characterizes what 

in this manuscript is often called a high fluctuation level. The signal variance during an image 

sequence is high. On the contrary, if all emitters were emitting the same across all time points, 

the variance would be zero and no resolution improvement would be obtainable from the 

image sequence. 
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Fig. 2. Results on optimal data. The panels display reconstruction results on experimental 
2D data for SMLM. The data set consisted of 15000 images of a sparsely emitting sample 
of microtubules. All images were used in the reconstructions, except for MUSICAL and 
SACD, where only 1500 images were used (due to their higher requirements on memory 
and processing time). The scale bars are 1µm. 

For the rest of this manuscript, we will consider realistic data which may be sub-optimal in the 

above-mentioned terms due to various inevitable characteristics of biological samples and 

studies: The samples extend in three dimensions and have signal fluctuations as obtained by 

using conventional fluorescence microscopy and common labels for microscopy. In some 

cases, the labeled structures may be dynamic, for example in living cell or suspended sample. 

We consider these samples to much more realistically represent the challenges and conditions 

encountered in actual biological studies, and unfortunately, also far away from the conditions 

usually used for technological benchmarking. 

Simulated Data 

To obtain fair and definitive answers about the different methods’ performance, simulated 

samples with known ground truth were generated. Two different 3D test samples with varying 

levels of intensity fluctuations were generated and processed using ESI, SRRF, SACD, SOFI and 

MUSCIAL. The ground truth emitter locations with axial color coding as a distance from the 

focal plane are displayed in the upper panels of Figure 3, while their corresponding microscopy 

images are displayed in the panels below (simulating 510 nm emission wavelength and 1.42 

NA microscope objective). 
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Fig. 3. Synthetic image data. The top row displays the simulated data’s ground truth with 
color coded z-position compared to the focal plane (Z=0). The bottom row shows the 
corresponding microscopy images (single frames) after noise addition and the simulated 
PSF (orthogonal view) using 1.42NA and emission wavelength 510 nm.  The Abbe 
resolution limits under these conditions are laterally 180 nm and axially 506 nm. The scale 
bars are 1 µm.  

The biological relevance and structural details of the two samples are as follows: 

1. Actin strands. There are four non-intersecting actin strands. Three strands are parallel 

with the coverglass in different z-planes, one in the focal plane and two of them above 

and below the focal plane by 0.4 µm respectively. The fourth actin strand is inclined 

and positioned across several z-planes, having one end 0.2 µm below and the other 

0.2 µm above the focal plane. None of the strands are physically touching, but their 

(projected) microscopy image has overlapping signal in the regions where their lateral 

positioning is the same. These overlapping regions are where the algorithms’ 

performance is of particular interest.  

2. Tori (hollow doughnuts). The upper row of tori corresponds to tubes of 200 nm 

diameter, while the lower row has tubes of 400 nm diameter. Both rows have tori 

centered at three different z-positions. The tori in the lower row are resolvable using 

conventional microscopy, while the tori in the upper row are not. These structures 

were chosen to emulate significant cellular organelles like mitochondria and the 

endoplasmic reticulum (ER) which are outlined by 3D tubular membranes. To resolve 
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both the inner and outer peripheries, the FF-SRM methods must exhibit a good z-

sectioning, recognition of small intensity differences but only minor lateral resolution 

improvement compared to the diffraction limit of optical microscopy. 

A higher number of frames for the reconstructions (5000 frames) were used for ESI and SOFI 

compared to the other techniques (16 to 100 frames). This was due to negative results of 

initial testing, their capability of fast computations for larger stack sizes, together with the 

much higher frame number indicated by the methods’ original publications. 

We will especially consider three aspects of the reconstructions: i) background signal and 

effect of noise, ii) reconstruction quality and artifacts, iii) the effect of out-of-focus objects and 

z-sectioning abilities. 

Actin Strand Simulations 

The best results achieved from a variation of tested parameters by the five FF-SRM methods 

are displayed in Figure 4 in the case of simulated 3D actin strands for different levels of 

intensity fluctuations. A higher level of intensity fluctuations was achieved via sparser 

fluorescence emission from individual molecules on a densely labelled sample. Measured in 

terms of image frames, the emitter on time was for all samples kept at 1, while the different 

fluctuation levels were generated by varying the emitter off time between 3, 9 and 19, the 

longer the off time, the higher the fluctuation level (and image stack standard deviation). The 

simulations are further described in the supplementary information.  

 

Fig. 4. Results on simulated actin strands. FF-SRM reconstructions of simulated actin 
strands for three different levels of fluctuations for all five tested methods. Note that only 
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one of the strands lies completely in the focal plane. The bSOFI and MUSCIAL images are 
clearly improved for higher fluctuation levels, while the ESI, SRRF and SACD images display 
no improvement for higher levels of fluctuations. The headers indicate method and some 
details about the reconstruction parameters: fs: number of frames; or: order; TRA r0.5: 
temporal radiality average with SRRF ring radius 0.5. The ESI images are intensity adjusted 
using γ = 0.5 intensity adjusted, while all other panels have linearly adjusted intensities. 
The scale bars are 1 µm 

The noise present in the simulated microscopy images (Figure 3) appears not to pose a 

challenge to ESI, SRRF or SACD. The structural representations are accurate except at the 

intersections of the actin strands (or their projected images). Specifically, in the case of ESI the 

joints are excessively large and bright (the images are non-linearly intensity adjusted to also 

allow for visualization of the dimmer structures), and in the case of SRRF and SACD, the strands 

are completely missing close to the intersections. The performance of ESI, SRRF and SACD 

appears also largely unaffected by the varying level of fluorescence fluctuations, except for an 

additional out-of-focus strand appearing in the ESI images at higher levels of fluorescence 

fluctuations. SRRF does not exclude out-of-focus signal, while SACD does, both independently 

of the level of intensity fluctuations. This is very different from the results of SOFI and 

MUSICAL; whose performance was highly dependent on signal fluctuation level. As opposed 

to ESI, MUSICAL rejects more out-of-focus structures the higher the level of intensity 

fluctuations, and the reconstruction of the in-focus sample area are notably better. SOFI and 

MUSCIAL do not appear to have the same issues close to the intersection points as ESI, SRRF 

and SACD, but SOFI is badly affected by the noise, which results in a dominating background 

signal that could be difficult to distinguish from the image objects. HAWK preprocessing 

alleviated the background issue of SOFI, especially for the highest level of fluorescence 

fluctuations. No improvement was found using HAWK for the other techniques. Further 

results using additional reconstruction parameters and other image stack sizes are found in 

Suppl. Figure S1 together with a more elaborate discussion on the performance of the 

different techniques and their artifacts under varying conditions. 

Mitochondria/tori simulations 

Although useful insights can be derived from simple examples like crossing actin strands, they 

are too simplistic to reveal how the techniques might perform on more complex biological 

structures such as 3D tubes.  
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The results for the simulated tori are summarized in Figure 5 for two different fluctuation 

levels and for each case one torus centered at perfect focus and one 200 nm above the focal 

plane. These tori correspond to the upper right and middle torus of Figure 3. Results for the 

complete sample are available in the SI together with results using additional reconstruction 

parameters (Suppl. Figures S2-S4). 

 

Fig. 5. Results on simulated mitochondria/tori. Reconstructions of tori (tubes of diameter 
200 nm) for high (top row) and low signal fluctuation (bottom row), for a torus centered 
at the focal plane and 200 nm above focus. The tube shape emulates cellular structures 
like mitochondria and the ER. The scale bar in the ground truth image is 1 µm, and the 
color bar describes the emitters’ axial positions in µm. Only MUSICAL manages to resolve 
the outer rings for 100 frames (in-focus torus at high fluctuation level), while SOFI 
provided good reconstruction using 5000 frames, but only for the high fluctuation level 
and still with significant background artifacts, likely cause by the simulated noise addition. 
Using 1000 frames, MUSICAL could resolve parts of the inner and outer circles also for the 
low fluctuation level. Although a dip in intensity is visible between the inner and outer 
tori boundaries, the structures are also characterized by seemingly aleatory sharp 
intensity patters, likely arising from the stochastic behavior and fairly low density (~24 nm 
surface density) of emitters. The ESI (γ = 0.5 intensity adjusted), SRRF and SACD results 
show only a single circle for each torus (for any number of frames or parameters tested), 
but also with complete noise removal. The circles are in the case of SRRF and SACD 
significantly slimmer than the ground truth ‘double circle’, which illustrates a typical 
reconstruction artifact with these techniques that can be difficult to spot when the ground 
truth is not available. 

As also noted for the actin strand example, ESI, SRRF and SACD eliminate noise and appear 

insensitive to fluctuation level as well as the 200 nm shift from the focal plane. Compared to 

the ground truth structures, which no longer are single lines, none of these techniques can 

make out the double rings (or 3D tubes). SRRF and SACD reconstruct rings way too slim 
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compared to the actual structures. This reconstruction artifact would not be noticeable using 

the actin strand example alone. 

SOFI, as for the simulated actin strands, is sensitive to noise which gives some artifacts in the 

background but is able to reconstruct the tubes for the case of 5000 frames and a high 

fluctuation level (but does not work for 100 frames or low level of fluctuations). For a high 

level of signal fluctuations, MUSICAL is able to discern the double ring of the in-focus torus for 

only 100 frames, but better for 1000 frames and then also for the low fluctuation level. 

MUSICAL does not show any background artifacts from the noise for these cases, but the tori 

themselves are characterized by seemingly aleatory sharp intensity patters, likely arising from 

the stochastic behavior and fairly low density (~24 nm surface density) of emitters. Such sharp 

and random patterns unrelated to the underlying biological structure, could be misleading and 

cause false conclusions when considering unknown biological samples.  

These simulation examples have revealed some strengths and weaknesses with all five FF-

SRM techniques under scrutiny. We will in the following consider their performance on actual 

experimental data and see how the results compare to the ones from the simulated data. 

As also noted for the actin strand example, ESI, SRRF and SACD eliminate noise and appear 

insensitive to fluctuation level as well as the 200 nm shift from the focal plane. Compared to 

the ground truth structures, which no longer are single lines, none of these techniques can 

make out the double rings (or 3D tubes). SRRF and SACD reconstruct rings way too slim 

compared to the actual structures. This reconstruction artifact would not be noticeable using 

the actin strand example alone. 

SOFI, as for the simulated actin strands, is sensitive to noise which gives some artifacts in the 

background but is able to reconstruct the tubes for the case of 5000 frames and a high 

fluctuation level (but fails for 100 frames or low level of fluctuations). For a high level of signal 

fluctuations, MUSICAL is able to discern the double ring of the in-focus torus for only 100 

frames, but better for 1000 frames and then also for the low fluctuation level. MUSICAL does 

not show any background artifacts from the noise for these cases. 

These simulation examples have revealed some strengths and weaknesses with all five FF-

SRM techniques under scrutiny. We will in the following consider their performance on actual 

experimental data and see how the results compare to the ones from the simulated data. 
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Liposomes 

Nanoparticles (NPs), including lipid-based nanoparticles, are widely studied as a mean to 

overcome the limitations of free drugs and active molecules when faced with biological 

barriers. Due to their versatility, biocompatibility, and ability to tailor their physicochemical 

features, lipid-based NPs are the most common class of FDA-approved nanomedicines [19]. 

Liposomes in particular are spherical structures comprising at least one lipid bilayer 

surrounding a core aqueous compartment. The small size, agile and delicate nature of 

liposomes make their characterization by microscopy challenging and a non-standard 

procedure. We tested three different sample preparations for liposomes with integrated 

fluorescence (NBD with excitation and emission maxima 476 nm and 537) directly on 

microscopy cover glasses: free-floating in suspension, dried-on, and small droplets 

immobilized under a patch of solid agarose gel.  

The samples were imaged in fast time-lapse mode using standard epi-fluorescence 

microscopy. The free-floating liposomes were, as expected, moving too fast in especially axial 

direction for acquisition of multiple time point videos of the particles. The dried liposome 

suspensions appeared to be destroyed, while the suspensions of liposomes covered by solid 

agarose appeared intact and stationary over the course of 200-300 time points. Hence, only 

the samples with liposomes immobilized via agarose were considered for further analysis. 

We tested the five FF-SRM methods’ ability to accurately reveal liposome size from two 

different known size distributions: 100 nm and 250 nm, respectively. To this end, we first 

assessed the optimal number of frames to be used for the analysis (Suppl. Figure S5-S6). When 

not clear which number of frames were best, 100 frames were used, which in most cases was 

found to provide the optimal tradeoff between fluctuation data (i.e., number of frames) and 

(rapid) photobleaching together with potential instability of the supporting agarose. The 

autofluorescence of the agarose patch was also found to photobleach faster than the 

fluorophores for the first 100-200 frames, possibly beneficial to some of the FF-SRM methods.   

Figure 6 shows the results evaluated as best for both the 100 and 250 nm liposomes for the 

five FF-SRM methods (additional results are available in Suppl. Figures S5-S7). From these 

images, five FWHM measurements for each case were measured, with the resulting mean and 

standard deviation displayed under the panels of the respective reconstructions. Notably, the 

estimated size depends on the FF-SRM method used, and seemingly not on the underlying 
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liposome size distribution. Each technique gives a different result, but the same technique 

gives a similar result (< 35 nm difference on the mean value) for the two significantly different 

size distributions (about 100 nm and 250 nm). When the same number of frames were used 

for the two size distributions for SOFI and SACD (different #fs was found best for the two 

different size distribution for these cases), the difference was even smaller (1 nm for SACD 

and 2 nm for bSOFI), see captions of Figure 6 and Suppl. Figure S5. The measured sizes were 

suspectly similar for the two different size distributions also for the three other techniques: 

ESI 196 nm and 183 nm, MUSICAL 41 nm and 54 nm, and SRRF 58 nm and 47 nm. The individual 

measurements and chosen liposomes are shown in Suppl. Figure S8.  

 

Fig. 6. Results on liposome nanoparticles. Reconstruction results for liposomes of about 
100 nm (upper row) and 250 nm (bottom row) size distributions for the five different 
methods: ESI order 4 (100 fs), MUSCAL (100 fs) threshold -0.21 (100 nm) and -0.57 (250 
nm), SRRF TRAC ring radius 0.5 (100 fs), bSOFI (100 fs for 100 nm and 200 fs for 250 nm), 
and SACD order 2 (100 fs for 100 nm and 25 fs for 250 nm). The mean value and standard 
deviation from measuring liposome FWHMs (Gaussian fit) are stated below the panels. 
Notably, the measured sizes depend on FF-SRM method (and their parameters) and 
seemingly not on the liposome size distribution. When 100 fs were used for both size 
distributions for SACD and SOFI, the mean values were 145 nm and 146 nm for SACD, and 
201 nm and 203 nm for bSOFI. Equally problematic are the ESI, MUSICAL and SRRF results, 
giving similar particle sizes for the two very different size distributions. Note: Images are 
shown with autocorrection in brightness and contrast and for ESI and additional gamma 
0.5 correction was applied; however, all quantitative measurements were performed on 
the raw (reconstructed) images. 

This small ensemble study illustrates some of the challenges with these FF-SRM methods. 

Although we cannot completely exclude the possibility that one of these techniques provides 

the right answer for all measured lipid particles (as the ground truth is not available), the size 

measurements seem completely off and unlikely to be correct for either technique. Changing 
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any reconstruction parameters of the individual techniques also changed the measurements. 

For example, on the ~250 nm sample, using 25 frames for SACD gave 111 nm mean value for 

the FWHM, while using 100 fs resulted in mean of 146 nm. Similarly, SOFI with 100 fs gave 203 

nm, while using 200 fs gave 184 nm mean value for the FWHM measurements. Better signal 

of the larger liposomes also appears to improve the localization, resulting in smaller size 

estimates (for all methods except MUSICAL, which still shows smaller estimates). 

The agarose patch appears to have caused notably background artifacts in the reconstruction 

for SRRF, SOFI and SACD, but not as significantly for ESI or MUSICAL for these particular 

samples. This problem would likely be alleviated if a more stable fluorophore were available. 

This was however not the case for this sample, as fluorescent molecules in general are 

challenging to stably incorporate into liposomes [20].   

The achieved image resolutions were estimated via line profiles over a sample area with an 

elongated spot, indicating the presence of at least two closely separated liposomes (Suppl. 

Figure S9). The MUSICAL, SRRF and SACD images show clear dips between two (or more) 

peaks, but the high prevalence of reconstruction artifacts in especially the SRRF and SACD 

images (likely caused by the agarose autofluorescence) render these measurements 

unreliable.   

For future experiments, it might be of interest to ensure that the liposomes are arranged as a 

flat, monolayer sample that remains stably in perfect focus during image acquisition. Even 

small deviations from focus could alter the liposome size measurements. The use of total 

internal reflection fluorescence microscopy (TIRFM) would also likely help reducing the effects 

of agarose unevenness, autofluorescence and out-of-focus signal. These points could also be 

used as a general consideration for size profiling applications that use FF-SRM for particles of 

dimensions close to or smaller than the resolution limit.  

Although quantitative analysis does not seem promising from this initial approach, it might be 

possible via calibration of the individual techniques’ parameters on known size distributions 

to obtain more reliable size estimates. Especially the integration of more photostable 

fluorophores into the liposomes would be a game changer. As we saw from the simulation 

examples for the SOFI images, reliable reconstruction was not achieved for ~100 frames, but 

for 5000 frames with a high level of intensity fluctuations. 
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We will now proceed to samples where often the qualitative information is of considerable 

interest, namely biological tissues and cells. 

Fixed Cells and Tissues 

The five different FF-SRM methods were tested on fixed cell cultures (macrophages) and 

tissues (placenta and heart cryo-sections) using the commonly applied fluorescent probes 

CellMask Orange (membrane marker) and Phalloidin-ATTO647N (labeling filamentous actin), 

as before, illuminated using incoherent wide-field illumination for standard epi-fluorescence 

microscopy. The results were evaluated from a broad range of different reconstruction 

parameters for the different methods and the results considered best for each method are 

displayed in Figure 7 and Suppl. Figure S10 for the case of placenta tissue, and Suppl. Fig S12 

for fixed cells. Results using additional reconstruction parameters/options and a data 

overview are available in Suppl. Figures S11-S15. 

 

Figure 7. Results on placenta tissue section. FF-SRM reconstructions of 1 µm-thick cryo-
preserved placental tissue section fluorescently labelled with Phalloidin-ATTO647N for 
identification of F-actin. The regions indicated in the upper panels are shown magnified 
below revealing the microvilli brush-border of a chorionic villus. (a) The summed image of 
500 frames; (b) a single z-plane 3D SIM image; (c) SACD using 50 frames and order 2; (d) 
SRRF using 500 frames along with TRA option and radius 0.5; (e) MUSICAL using 200 
frames and threshold -0.33267; (f) ESI order 4 using 500 frames (log intensity adjusted); 
(g) bSOFI using 500 frames. The scale bars are 2 µm on the upper-row panels and 1 µm in 
the lower-row panels. 

The results for the different FF-SRM methods applied to the same sample are strikingly 

different. Comparing with the sum and the ‘reference’ SIM image (providing resolution 

doubling compared to the diffraction limit) of Figure 7, only SACD and MUSICAL give a minor 

improvement in detail visibility over conventional microscopy. The ESI image appears similar 

to the sum image, the SRRF image generates thin lines partly corresponding to the SIM image, 

while the SOFI image is a complete mesh of artifacts. 
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Results on ultrathin tissue sections (100 nm thickness) and TIRFM data gave similar 

discouraging results (Suppl. Figures S16-S18). This clearly indicates that out-of-focus signal 

need not be the main reason for the methods’ lack of reliable reconstruction. 

Comparing with the simulation results presented earlier, the results indicate that the high 

background intensities and in general poor performance of both MUSICAL and SOFI could be 

explained by the photo-physical properties of the fluorescent labels used, and that these 

problems could be countered by experimentally introducing a higher level of fluorescence 

intensity fluctuation (e.g., using different fluorophores or imaging conditions). Also using 

longer sequences (>400 frames) might have improved the results, this data is however not 

available. 

Living Cells and Dynamics 

One major motivation for performing FF-SRM instead of other nanoscopy techniques is the 

opportunity for data acquisition under live-cell friendly environment. In this section, we 

consider epi-fluorescence time-lapse data of living cells. Because of the dynamic and delicate 

nature of living cells, fewer frames and lower illumination intensities were used for these data 

sequences.   

The different FF-SRM methods were applied to three different test samples: mitochondrial 

outer membrane and ER where little to no dynamics were visible in the conventional image 

stack (64 frames), and a 100 frames image sequence of mitochondria undergoing fast 

dynamics. The results on mitochondria for stationary and fast dynamics are displayed in Figure 

8, while the results for ER and additional HAWK results for mitochondria are displayed in 

Suppl. Figure S19. 

 

Fig. 8. Results on mitochondria in living cells. Reconstructions on live-cell data of 
mitochondrial outer membrane (OMP25- mCherry). Top row: stationary organelles (scale 
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bars: 2 µm); bottom row: fast moving mitochondria (scale bars: 1 µm). The mitochondrial 
dynamics introduce a new type of signal fluctuation that is not accounted for by any of 
the FF-SRM algorithms and introduces different artifacts compared to those of stationary 
objects. The object dynamics has a clearly different effect on all the five different 
methods. Interestingly, the mitochondrial outer membrane appears much better 
reconstructed by MUSICAL in the case of dynamic mitochondria (fine structure seemingly 
characterized by the actually labelled outer mitochondrial membrane) compared to the 
stationary mitochondria (fine structure characterized by mesh artifacts). 

As seen for the fixed samples, all the different methods gave vastly different pictures when 

applied to the same image sequence. For the stationary sample, the reconstructions show 

similar patterns as seen for the fixed cells and tissues: ESI provides noise removal and structure 

slimming, but no real resolution improvement. MUSICAL provides a dominating artefact 

network over the entire object area. SRRF fits thin single lines to the wider tubular structure. 

SACD impresses with sturdily recognizing and reconstructing the outer mitochondrial 

membrane. The great improvement over the simulation results on the tori seen in Figure 5, 

can be explained by the real mitochondria (in this particular sample) are wider (~250-500nm) 

than the 200 nm tubes of the tori, and not beyond the resolution limit of SACD. This can be 

also seen from Suppl. Figure S3, where SACD results on the entire tori simulation sample is 

shown. Here, the SACD images of the larger tori (400 nm tubes) show two concentric circles, 

while the smaller tubes (200 nm) are represented as thin mono-circles. Notably, the 

mitochondrial outer membrane is discernible in some places in the raw data, and especially 

for the summed image.  

HAWK preprocessing resulted in an overall noisy and degraded image, but also a more 

discernible outer membrane in the case of ESI, MUSICAL and SRRF. The ER sample displayed 

similar patterns of reconstruction artifacts as for the mitochondria but is also a significantly 

difficult sample to evaluate as this tubular membrane network could take on almost any shape 

(shown in Suppl. Figure S19).  

For the highly dynamic sample, ESI appears similar to the sum image, SACD similar to a strongly 

deconvolved sum image, while SOFI has deleted parts of the moving structure, presumably 

because dynamics give less pixel-wise signal correlation. SRRF appears to fit a different thin 

line for every time-point, resulting in a fine grid of multiple lines. The MUSICAL image of 

mitochondria looks strikingly different from the one in the previous figure, with sharp 

contours of the outer membrane instead of the dominating artefact network seen in the 
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previous figure and for the results on fixed cells. Although the sample motion introduces a 

new type of artifact as compared to the stationary sample, the signal fluctuations introduced 

by the mitochondrial dynamics also appear to be exploited by the MUSICAL algorithm as 

shown in the article by Sekh et al. [21] for the investigation of nanoscale dynamics.  

Discussion 

We have processed datasets from a broad range of samples and applied to them the 

fluctuation nanoscopy techniques (b)SOFI, ESI, MUSICAL SRRF and SACD, trying out many 

different reconstruction parameters along the way. Figure 1 presented a summary of our 

observations, which are discussed in detail below. We reiterate that the discussion below is 

meant to facilitate an application scientist in designing better studies, acquiring better data, 

and setting the right expectations from the different methods for the data at their hand. While 

each method has its significant strengths, the gap between their technical development and 

practical application may be bridged through the following insights. 

Observations regarding SOFI and MUSICAL: The simulations revealed that only two of the 

techniques, namely SOFI and MUSICAL, required a high level of intensity fluctuations to 

achieve their optimal results. Also, only these techniques were able to resolve the more 

challenging 3D tube-like structures of 200 nm diameter, simulating membrane-bound cellular 

organelles like mitochondria and the ER. The SOFI images displayed dominating artifacts in 

presence of noise, but for data of high level of fluorescence signal fluctuations and thousands 

of time-point image sequences displayed reliable reconstruction even for the 3D samples.  

HAWK lowered SOFI’s sensitivity to noise and greatly improved the SOFI reconstructions for 

few raw images (~100), but only for a high level of fluorescence intensity fluctuations.  In the 

case of short image sequences with a high level of intensity fluctuations, MUSICAL performed 

the best. MUSICAL also showed an additional ability to exploit signal fluctuations arising from 

sample dynamics. For fixed cells and tissues, the disappointing performance of SOFI and 

MUSICAL was shown to be due to a too low level of signal fluctuations in our experimental 

data. This was especially inferred from the results on simulated data, where SOFI and MUSICAL 

displayed poor performance for low fluctuation levels, but good performance for higher 

fluctuation levels. Additionally, SOFI and MUSICAL performed poorly in the case of slow-

moving (or stationary) structures in living cells, both producing a dominating circular mesh. 

This can be explained by a low level of intensity fluctuations, but importantly, also the use of 
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short image sequences (to assure sample stationarity). However, in the case of the fast-

moving sample, MUSICAL was able to exploit the fluctuations induced by the sample 

dynamics, producing a significantly better results than seen for the slow-moving structures.  

Observations regarding ESI, SRRF and SACD: Although ESI displayed faithful noise removal 

and was possibly the technique the least prone to artifacts, it did not present super-resolution 

capabilities for our data. SRRF had also significant noise-reduction capabilities for all 

fluctuation levels but did not reveal the true underlying structures where the ground truth 

(beyond the diffraction limit) was available. Both SRRF and SACD were shown to produce 

‘over-slimming’ of structures, rather than revealing the true nanoscopic details in the case of 

the 3D simulations of doughnuts. In the case of low signal fluctuations and ‘ultra-short’ image 

sequences (16 frames), SACD had the decidedly best performance of 3D structures close to 

the resolution limit (like the mitochondrial outer membrane), although its tendency towards 

producing over-slimming artifacts must be kept in mind while analyzing SACD imaging results. 

We noted that for fixed cells and tissues, the performance of ESI, SRRF and SACD are generally 

better than for SOFI and MUSICAL in the sense that the images overall look closer to the actual 

samples with less obvious artifacts, even though they did not display super-resolving abilities. 

This is in agreement with our simulated 3D examples in the case of low fluctuations, where 

we did notice better robustness of these techniques irrespective of the super-resolution 

ability. Nonetheless, these techniques might generate subtle artefacts that are difficult to 

spot. The possible influence of these subtle artifacts in the analysis of bio-images needs further 

investigation. SACD showed a good ability in producing reliable reconstructions for structural 

details close to the diffraction limit, as evident from the live-cell data of slow-moving 

mitochondria. None of them however could withstand the challenge of fast-moving 

mitochondria.  

General observations that apply to all the FF-SRM techniques tested: The simulated 3D 

examples do provide some important insights into the performance of these methods. A 

significant one is that FF-SRM methods can perform well for actin or other fiber-like structures, 

and these might be good examples for studying resolution. However, these results may not 

be suitable for setting the expectations regarding the performance of these methods for more 

complex 3D samples such as mitochondria and the ER. Two more important insights from 
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simulations are regarding (a) the effect of out-of-focus structures and level of fluctuations on 

the reconstructions and (b) the artefacts arising from noise and overlapping structures.  

Our results showed an overall poor performance of all FF-SRM methods for the tested 

conditions for liposomes, fixed cells, and tissues. We noted that even if the samples are 

ultrathin or optical sectioning is not a challenge, FF-SRM often underperform in the case of 

low fluctuation levels, high background signal and/or insufficient data (number of frames). 

The measured sizes of liposomes from different known size distributions, revealed that the 

measured FWHM depend more on chosen FF-SRM technique than on nanoparticle size. 

Further experimental optimization and calibration of the individual methods reconstruction 

parameters would be needed before trustworthy nanoparticle size measurements can be 

carried out using FF-SRM. Or potentially, instead of using the techniques for size estimation, 

they can be used for localizing these particles as an initial guess for other size optimization 

approaches. They may also be used for count-based analytics with better accuracy than size-

based analytics, if relevant. 

The use of dense labelling and photo-stable fluorophores that are optimal for other nanoscopy 

techniques led to unreliable reconstructions and image artifacts in the case of fixed cells and 

tissues. Nonetheless, acquiring a large number of frames, using better-suited dyes, and 

introducing a higher level of fluctuations through use of imaging buffers, might assist these 

techniques in performing better. Depending on the resolution requirements and system 

availability, it might be preferable to use SRM techniques like SIM, STED or localization 

microscopy for fixed cells and tissues, as the considerations related to live-cell imaging do not 

apply for these samples.  

The many different parameters offered by some of the techniques could be a potential 

strength allowing for super-resolution imaging for a broader range of samples and imaging 

conditions. It is however problematic that, to our knowledge, there are no clear guidelines for 

when the different parameters should be used, leaving the user with difficult and subjective 

choices about what might be ‘the best’ reconstruction. Usually, the ground truth is not 

available for bio-image data, which only complicates the path to derive good guidelines for 

parameter selection. 

Live-cell compatibility is advertised by all evaluated FF-SRM methods. Still, and somewhat 

unfortunately, stationarity of the imaged objects (during the course of the analyzed image 
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sequence) is also assumed by the FF-SRM algorithms (all apart from MUSICAL). Our 

computational experiments on highly dynamic samples displayed very different effects of the 

sample dynamics on the reconstructed images depending on the FF-SRM method used. 

Notably, the MUSICAL algorithm appeared to exploit the signal fluctuations introduced via the 

sample dynamics, offering a greatly improved reconstruction of the mitochondrial outer 

membrane as compared to the stationary samples. On the other hand, less dynamic samples 

resulted in unreliable reconstructions using MUSICAL since they contribute mesh like artifacts 

arising from noise and localized motion-induced fluctuation. 

A considerable challenge for real samples, and especially for living samples, is the complete 

lack of ground truth. We can use what is known about the samples (e.g., the mitochondrial 

outer membrane is labelled) and our knowledge and experience with the different methods 

to aid our evaluation (e.g., circular mesh is a sign of improper MUSICAL reconstruction), the 

results will still be somewhat subjective and only useful until a certain point. If, for example, 

all the different methods showed different patterns of membrane domain proteins (only) in a 

plausible outer mitochondrial membrane area, we would have great difficulty in determining 

which one, if any of them, provided the correct picture of the membrane protein distribution. 

Therefore, simulations will be extremely important in the future development and evaluation 

of FF-SRM methods. They must, however, encompass sufficient complexity to be 

representative of real image data of dynamic and 3D biological systems [21]. This is not an 

easy task, but neither an impossible task in the current era of open science, global 

collaboration, and ever-expanding computational resources. 

Summary and Outlook 

We have seen that reliable reconstruction can be achieved for certain imaging conditions 

revealed via simulations of microscopy experiments. There are however still some challenges 

ahead for the young field of FF-SRM on the way towards reliable super-resolution image 

reconstructions from image sequences of densely fluctuating fluorophores for deriving useful 

biological inferences.  

SOFI and MUSICAL were shown to have a different and superior ability to work with intensity 

fluctuations compared to other techniques. Both exhibited greatly improved reconstructions 

with longer image sequences and with higher rate of signal fluctuations. Lamentably, they also 

displayed the highest level of image degradation compared to the raw image data when the 
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necessary requirements of the image data (like signal fluctuations) were not present. ESI, SRRF 

and SACD on the other hand, showed little to no improvement with the length of the image 

sequences and level of intensity fluctuation, but for all conditions gave less obvious artifacts 

and image structures that were usually more robustly in accordance with the conventional 

image data. As shown by simulations, the artifacts are still present and severe when 

considering details beyond the diffraction limit. 

Choosing the right reconstruction parameters poses an additional challenge and introduces 

unwanted user subjectivity to the super-resolution images. The future development of these 

techniques should therefore encompass ‘parameter-free reconstruction’, intelligent pre-

analysis of the data allowing for automatic selection of the optimal reconstruction parameters 

and feedback to the users about reconstruction quality and potential deficiencies of the image 

data. Examples of feedback include poor signal fluctuations, low SBR, sample is moving, 

sample appears out-of-focus, more frames needed, etc. The general lack of ground truth for 

living, dynamic samples is a substantial analytical challenge. Therefore, realistic 3D simulations 

of living cells (with known ground truth) will be important in the future development of these 

techniques. 

We hope that this first comparative study of FF-SRM techniques highlighting the strengths and 

weaknesses of the different techniques will accelerate the arrival of a reliable and democratic 

nanoscopy technique suitable for a broad range of samples, likely combining strengths from 

the already suggested approaches. The potential rewards of true and reliable optical 

nanoscopy via conventional image sequences of ‘any sample’ together with the promising 

glints of reconstruction successes suggest that the many challenges along the way will be 

worth the effort. 

Materials and Methods 

Experimental design 

The objective of the study was to evaluate the performance of FF-SRM methods for a diverse 

set of samples where resolution beyond the optical diffraction limit would be of significant 

interest: liposomes, live and fixed cells, and tissues. The samples were chosen from 

availability, local expertise, and research interest. The synthetic/simulated samples were 

created in accordance with relevant biological structures (mitochondria and actin strands) as 
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a means to accurately control experimental conditions and to better understand the effect on 

image reconstruction of different sample conditions by changing one parameter at the time 

(e.g. fluctuation level, focal plane, or sample geometry). Simulations also provided a powerful 

way of obtaining absolute ground truth for the evaluation of the results. 

Nanoscopy Algorithms and their Parameters 

ESI, Entropy-Based Super-Resolution Imaging, estimates the likelihood of emitter molecule 

presence by calculating the local and cross-pixel (information-theory) entropy throughout the 

image sequence. The entropy can be thought of as the expectation value of the information 

content. The ImageJ-plugin used for analysis was retrieved from the software link available 

from the original publication [8].  

Parameters: number of images in the output, number of bins for entropy, the order of the 

centralized moments. In addition, the plugin automatically uses maximum and minimum 

intensity in the image. The number of images can be useful when having long data sequences 

(thousands of frames) available for repeated ESI application on sub-stacks. The 0th  order is 

not applicable (vanishes), the 2nd order is the variance, the 3rd and 4th order  is related to the 

distribution shape and symmetry, and above 4th order does ‘not have an obvious correlation 

the distribution itself’ [8]. The order n, has a similar effect of raising the microscope PSF to the 

nth order, leading to a √n-fold narrowing of the approximated Gaussian signal. The default 

order value is 4, and that is what is used in this work unless otherwise stated. The bins were 

set to 100, and, unless otherwise stated, 1 image in output (as fairly short data sequences 

were used).  

bSOFI, balanced super-resolution optical fluctuation imaging [7], is an improved SOFI 

implementation that achieves ‘balanced’ image contrast based on the emitters actually 

present, in contrast to the nonlinear response to brightness and blinking seen by the original 

SOFI auto- and cross-cumulant analysis [6]. The theoretical resolution improvement is √n, 

where n cumulant order. Mainly results using bSOFI has been addressed in this work. The 

analysis was performed in MATLAB using software copyright © 2012 Marcel Leutenegger et 

al, École Polytechnique Fédérale de Lausanne, under the GNU General Public License. No 

parameters are user defined.  



 

25 

SRRF, super-resolution radial fluctuations [9] is similar to SOFI but in addition assumes radiality 

of emitters. There is also a long range of additional options available in the SRRF plugin, that 

can be seen as different algorithms. The theoretical or expected resolution improvement 

depends on the reconstruction options, with the highest possible resolution improvement 

being by the temporal radiality auto-cumulant (TRAC) order 4 option, which is similar to SOFI 

order 4, so a possible √n = 2 -fold resolution improvement. Other possible options include the 

temporal radiality average (TRA) and temporal radiality pairwise product mean (TRPPM).   

For the analysis presented in this work, multiple options were tried, primarily the ‘default 

parameters’ implying ring radius 0.5 with 6 axes, TRAC 2, with intensity weighing and 

‘minimize SRRF pattering’. When something different than default is indicated in the results, 

like TRAC 2, 3, or 4, it means the ‘Advanced Settings’ are activated with additional ‘Gradient 

Smoothing’ and ‘Gradient weighting’, together with the option indicated and the other default 

settings (like ring radius). 

The images presented in the results, were the options yielding the best results out of the 

options tried. It should be noted, however, that it could be better options that were not tried 

out. Trying all possible combinations of parameter for SRRF analysis is beyond the scope of 

this work. The ImageJ-plugin used for the analysis was retrieved from link in the original 

publication [9].   

SACD, super-resolution method based on autocorrelation two-step deconvolution [11], is (also) 

inspired by SOFI, but in addition to signal autocorrelation performs a (Lucy-Richardson) 

deconvolution step before and after the autocorrelation analysis. The autocorrelation analysis 

is based on an algorithm they call multi-plane autocorrelation (MPAC), to counter a typical 

lack of image frames for autocorrelation analysis by also correlating combination of frames in 

multiple steps (or planes). It is especially developed for live-cell imaging under the conditions 

of low signal and few input frames (e.g., they use 16 frames in their article).  

The reconstructions made using SACD was performed in MATLAB environment using the 

source code following link in the original publication. The tiff files were converted to mat-

format in MATLAB prior to the SACD computation. After reconstruction, the data was 

converted to tiff files using the MATLAB save function.  
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Parameters: number of deconvolution iteration steps. 10 steps were used for the results 

presented. 20 steps were tried for some computations, but no significant improvement was 

found. Magnification: image upscaling by Fourier interpolation. 8 were used for the results 

presented. Power of PSF for the second deconvolution step: PSF powers were tried in the 

range 2-6. Orders of MPAC used: 2,3,4,5 and 6. The PSF order was the same as for the MPAC 

for the presented results. The order used for particular results is indicated in the figures. 

Optical parameters for PSF calculation: wavelength, numerical aperture and pixel size. These 

were in accordance with the particular sample dataset being processed. 

MUSICAL, Multiple Signal Classification Algorithm [10], calculates higher resolution through 

singular value decomposition and the resulting eigenimages. Each eigenimage represents a 

particular pattern found in the image stack, and the associated singular value describes how 

significant or likely the pattern is. The larger the singular value of an eigenimage, the more 

likely this is to be an underlying image feature rather than resulting from noise or background 

signal. This way, by selecting a threshold for what are signal and what are noise (or unlikely) 

image features, the MUSICAL image is computed by taking the ratio of an independent 

estimate for both the signal and the noise. This ratio is for the final image intensity value taken 

to the power of the parameter alpha (usually 4). The computations are done on sub-images 

whose size depends on the imaging system’s PSF taken into account.  

The MUSICAL image and singular value computations were done in ImageJ using a plugin and 

macro for multicolor time-lapse processing. Both the plugin and macro are available from 

https://github.com /sebsacuna/MusiJ. The required input parameters are pixel size, subpixels 

(image magnification factor), (microscope system) magnification, numerical aperture, alpha, 

and batch size (number of images used for the MUSCAL image computation). For each color 

channel one must also specify emission wavelength and threshold. The threshold is a 

parameter particular to MUSICAL and determines the cutoff for what fluctuation eigenvectors 

goes into signal or noise space. This parameter was selected experimentally by trying values 

in the range of the second singular values (middle, lower and high end of the spectrum).   

Unless stated otherwise in the results, the following parameters were used: emission 

wavelength 510 nm, pixel size 80 nm, subpixels 10, magnification 1 (already calculated for in 

the pixel size), alpha 4, numerical aperture, 1.420. The batch size was in the range 50 to 400 

(stated for individual results). 
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Different threshold values were used (stated in the Results section) but were in general chosen 

from the range of the second singular values (as described in [22]), where the middle of this 

range was usually found the best.  

HAWK, Haar wavelet kernel [23] is not a super-resolution method in itself, but a data pre-

processing technique that can be used to increase data sparsity by distributing the data over 

more frames. The motivation behind this technique is that high-density data is difficult to 

analyse and leads to mislocalizations and image artefacts using e.g., traditional super-

resolution techniques like single molecule localization microscopy. In the manuscript, they 

show improved image reconstruction also for SOFI and SRRF, relevant to the current work.  

Different options available for this ImageJ plugin (retrieved from link in [23]) are: Settings: 

number of levels (3,4 or 5), negative values: separate or absolute value, Output order: group 

by level or group by time. Unless stated otherwise in the results, the following parameters 

were used: Settings: number of levels: 5, negative values: separate, Output order: group by 

level. These parameters were chosen from initial experimentation and based on results in the 

HAWK publication. 

HAWK pre-processing is presented for ESI, SRRF, bSOFI and for MUSICAL, but not for SACD 

because of MPAC large memory requirements for the extended datasets and poor 

performance under initial testing (degradation of results compared to SACD alone).  

Data Acquisition and Sample Preparation 

SMLM data: The experimental 2D data for SMLM was retrieved from 

http://bigwww.epfl.ch/smlm/datasets/index.html?p=../challenge2013/datasets/Real_Long_

Sequence; data courtesy of Nicolas Olivier and Debora Keller. Emission wavelength: 690 nm, 

NA: 1.3, number of frames: 15000. The STORM reconstruction was performed using the 

ThunderSTORM ImageJ plugin [24] with default parameters. The ESI images were generated 

as described above, but the summed ESI image was generated from 15000 image by applying 

ESI sequentially with 1500 and 100 output images. The MUSICAL image was generated using 

1500 frames and 0.1 as threshold. The SRRF image was reconstructed from 15000 frames 

using the TRAC4 advanced option, with the other parameters remaining at default. The SACD 

image was generated as described above but using 1500 frames and order 4. 
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Imaging system: The data was acquired using a commercial OMX V4 optical microscope with 

3 cameras and up to four-channel imaging. The objective lens was a 60X 1.42NA oil immersion 

lens, except for the TIRFM data, where the objective was 60X 1.49NA TIRF lens. Widefield, 

epifluorescence single-plane time-lapse data was acquired in sequential imaging mode of the 

different color channels to avoid blead-through between the channels. 

Liposomes: Liposomes were prepared according to the film hydration method [25]. Soy 

phosphatidylcholine (SPC; generously provided by Lipoid GmbH, Ludwigshafen, Germany) was 

used as main lipid ingredient in concentration of 10 mg/mL. 1-myristoyl-2-{6-[(7-nitro-2-1,3-

benzoxadiazol-4-yl)amino]hexanoyl}-sn-glycero-3-phosphocholine (N; Avanti Polar Lipids, AL, 

USA) was chosen as fluorescent marker in 0.03 mg/mL. Excitation and emission wavelength of 

the incorporated fluorophore are 476 nm and 537 nm respectively. 

Both lipid ingredients were dissolved in methanol and dried to a thin film through low-

pressure rotary evaporation (Büchi Rotavapor R-124, Büchi Labortechnik, Flawil, Switzerland). 

Distilled water was used to hydrate the lipid film and form large multi-lamellar vesicles. After 

overnight stabilization, the vesicle size was reduced combining sonication and sequential hand 

extrusion through polycarbonate membranes of 400, 200 (and 100) nm sieving sizes 

(Whatman NucleoporeTM) to the target size of A) 250 nm and B) 100 nm. The size distribution 

was derived from a Gaussian-like fitting of dynamic light scattering signal (Malvern Zetasizer 

Nano – ZS, Malvern, Oxford, UK) and resulted in A) 240±77 nm and B) 117±30 nm. The 

respective polydispersity indexes (PdI) of 0.410 and 0.217 described A as a polydispersed 

system (PdI>0.25) and B as a monodispersed one (PdI<0.25). ζ-potential measurements 

obtained through laser doppler electrophoresis (Malvern Zetasizer Nano – ZS, Malvern, 

Oxford, UK) are included for completion, Table 1.  

Table 1. Standard processing and characterization of liposomal formulation. 

N-Lip FORMULATIONS 

N-Lip 
Composition Processing Characterization 

SPC conc N conc Sonication Extrusion Size ζ-pot. 
[mg/mL] [mg/mL] sec [passes]x[nm] [nm] PdI [mV] 

A 10 0.03 120 4x400 + 4x200 240±80 0.410 -8.0±3.7 

B 10 0.03 120 4x400 + 4x200 + 4x100 117±30 0.217 -6.4±2.7 
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Both liposomal suspensions were diluted 1:1000 in distilled water to the final lipid 

concentration of 10 µg/mL (and fluorophore concentration to 0.03 µg/mL). 3 µL droplets were 

then placed on ethanol-cleaned coverslips and covered with thin (2 mm) patches of solid 

agarose (2 % in water) for immobilization. 

Fixed-cells: Murine macrophages RAW 264.7 (ATCC® TIB-71TM, ATCC, Manassas, USA) were 

cultured in RPMI-1640 medium, supplemented with 1% penicillin-streptomycin and 10% fetal 

bovine serum. The cell culture in a 25-cm2 flask was incubated at 37 °C and 5% CO2 until 100% 

confluence. Cells were then scraped, counted in a Neubauer chamber and diluted to 50,000 

cells/mL, prior to the final plating into 35-mm petri dishes – No. 1.5 coverglass (MatTek 

Corporation, Ashland, USA). The cells were fixed at a confluence of about 50% at room 

temperature (RT) using 4% PFA in Cytoskeletal buffer [26]. The samples were subsequently 

washed in PBS and labelled with Phalloidin-ATTO647N (Merck) using 3µL/100µL PBS for 1h at 

RT, and CellMask™ Orange Plasma Membrane Stain (ThermoFisher Scientific) using a 

concentration of 1 to 2000 in PBS for 5min. The samples were washed repeatedly in PBS and 

finally immersed in PBS for imaging. 

Tissues: The samples were collected and preserved following the Tokuyasu method for cryo-

sections [27]. Human chorionic tissue from full-term placenta was dissected immediately after 

delivery into 1 mm3 blocks, rinsed in 9 mg/mL NaCl and transferred to 1X PHEM-buffer. The 

blocks were incubated in 8% formaldehyde in PHEM-buffer at 4 °C overnight and immersed 

for 1 h in 0.12% glycine at 37 °C. Thereafter, the samples were infiltrated with 2.3M sucrose 

at 4 °C overnight and mounted on specimen pins before storage in liquid nitrogen. 

Analogously, myocardial samples were collected from anesthetized pigs using a biopsy needle. 

The cardiac samples were dissected, washed and further prepared in identical manner as with 

the placental sample. 

The samples were prepared for microscopy as previously described [28]. In summary, the 

tissues were cryo-sectioned with an EMUC6 ultramicrotome (Leica Microsystems, Vienna, 

Austria), collected with a wire loop filled with a 1:1 pick-up solution of 2.3 M sucrose and 2% 

methylcellulose, and placed onto poly-L-lysine coated #1.5 high-precision coverslips. 

Subsequently, the cryo-sections were washed 3 × 7 min with PBS at 4°C and fluorescently 

labelled according to the experimental plan at RT. The placental tissue was incubated for 15 

min in a 1:100 solution of phalloidin-ATTO647N in PBS, washed 2 × 5 min with PBS, incubated 



 

30 

in a 1:2000 mixture of CellMask Orange in PBS for 10 min, and washed 2 × 5 min with PBS 

before mounting. Analogously, the cardiac tissue was labelled with CellMask Orange for 10 

min, followed by 2 washing steps of 5 min in PBS. Thereafter, the labelled sections were 

mounted onto standard microscope glass slides (placenta) or a reflective silicon chip (heart) 

using Prolong Gold and sealed with nail varnish. The samples were stored at 4°C and protected 

from the light before imaging.  

Live-cell data: Rat cardiomyoblast cells (H9c2) were cultivated in glass bottom petri dishes 

(MatTek Corporation, Ashland, USA) and transiently transfected with organelle (mitochondria 

and endoplasmic reticulum KDEL) targeted fluorescent fusion proteins (OMP25-mCherry and 

KDEL-EGFP). Imaging was done in cell-culture medium (DMEM with 10% fetal bovine serum), 

using heating and an environmental chamber set at 37°C and 5% CO2. 

Simulated data: The first step of the synthetic sample generation was creating the 3D emitter 

distribution. The actin sample was formed by single tubes of diameter 6 nm, with emitters 

randomly placed on the surface with a linear density of 500 emitters per µm. A linear density 

was used since the size of the strands is an order of magnitude smaller than the pixel size (80 

nm). In the case of mitochondria, the samples were modelled as tori distributed over a grid of 

2 rows and 3 columns. Each row contains tori of the same size while each column represented 

a single axial position referred to as z, which is the distance between the center of mass of the 

tori and the coverslip. The upper row contains tori with minor radius 100 nm and major radius 

300 nm, while the minor and major radii of the bottom row are 200 nm and 500 nm. With 700 

nm axial position (distance from the coverslip) being the plane in focus, the tori are distributed 

over three planes: 500 nm, 700 nm, and 900 nm (going from left to right in the sample). The 

emitters are located on the surface of the tori with a density of 400 emitters per µm2. 

To make sure that our simulated emitter densities were sufficient to support the generation 

of super-resolved images and to avoid potential artifacts resulting from too low emitter 

densities, we measured the mean Euclidean distance of the emitters to their nearest emitter 

neighbors and compared to the Nyquist criterion [29]. This was done using both the actual 

three-dimensional emitter distance and the distance of the two-dimensional image 

projections (the measured fluorescence signal). For the actin, the distances were 3.44 nm in 

3D and 2.32 nm in 2D. For the mitochondria sample, the distances were 24.59 nm in 3D and 

13.89 nm in 2D. Since none of the methods’ maximum obtainable resolution is expected to 
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exceed 50 nm, we evaluated the sample emitter densities as sufficient for our testing 

purposes. 

The simulations of the actin and mitochondria (tori) samples were generated using the same 

optical parameters: 510 nm emission wavelength, 1.42 NA, and 80 nm pixel size of the 

projected optical images. The photokinetic model of fluorescence was modeled using two 

states: emitting (on) and non-emitting (off). The time spent in each state was modeled using 

an exponential distribution with mean on and off times 𝜏𝑜𝑛  and 𝜏𝑜𝑓𝑓,  with blinking rates 

1/(𝜏𝑜𝑛+𝜏𝑜𝑓𝑓) [30]. In the implementation considered here, the blinking rates are in units of 

frames of the simulated image sequences, with 𝜏𝑜𝑛  fixed at 1, and 𝜏𝑜𝑓𝑓  either 3, 9 or 19, 

depending on the ‘fluctuation level’. The larger the off time, the higher the image sequence 

standard deviation image and the perceived fluctuation level. Hence, our naming convention 

with low, medium, and high fluctuation, correspond to 𝜏𝑜𝑛 = 1,  and 𝜏𝑜𝑓𝑓 =  3, 9 and 19, 

respectively. In terms of duty cycle blinking rates, these correspond to 25%, 10% and 5%. 

Photobleaching was not considered for these samples. 

While emitting, the emission rate was kept constant for each emitter, with the intensity at 

every frame computed by scaling the PSF by the emission on time. The Gibson-Lanni model 

[31] was used to model the PSF for the noise-free microscopy image sequences. To these 

images, the noise was added by normalizing the noise-free images to the range  𝑖 = [0,1], and 

then for the final image  𝑖𝑓 applying the linear transformation 𝑖𝑓 = 𝑃𝑜𝑖𝑠𝑠𝑜𝑛((𝑎 − 𝑏)𝑖 + 𝑏), 

with  𝑎 = 200 and 𝑏 = 50. The value of (𝑎 − 𝑏) corresponds to the maximum signal, while b 

is an offset representing the camera dark current [32].  

Evaluation of image data absent of ground truth: Evaluation of super-resolution images in 

lack of ground truth is a challenging task prone to both error and subjectivity. Resolution is 

not merely the width of slim line profiles or visible separation between two closely spaced 

bright spots in the image. These structures must also represent the actual underlying sample, 

and not noise or reconstruction artifacts. For the simulated data, evaluation can be done 

relatively easily as the ground truth is known. For the live-cell data on the other hand, the 

ground truth is not available. The evaluation was done via visual inspection following these 

criteria (-/+ indicate bad or good): 
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(-) In image areas where clearly nothing but noise or background was present, reconstructed 

structures are artifacts. 

(-) Occurrence of suspect pattern of unlikely biological origin. Especially if these shapes change 

for different reconstruction parameters. 

(+) Images reveals null or close to none signal in ‘no object areas’, but significant signal in 

‘object of interest’ area.  

(+) Image structures are consistent for different parameters (if available).  

(+) Images reveal sub-resolution limit structures on object of interest areas and nowhere else. 

It is good if these structures are in accordance with what is already known about these 

structures/organelles, although this cannot be strictly required as most nanoscale cellular 

structures in living cells cannot be strictly assumed to have the same nanostructure as seen 

by electron microscopy (EM) of fixed, starkly treated cells.  

(+) Excludes out-of-focus structures, rather than producing artefacts.  

Other relevant aspects are ease of use and reconstruction time.  

The signal to background ratio (SBR) was measured from the mean of small regions where 

samples were present or not. This is a difficult measure to make, as it varies throughout the 

image, and it is not always obvious from the images where the object of interest is or not 

(especially in the case of the dense mesh of the ER). Measuring the background where no 

objects are visible is neither fair, as for example objects in a different imaging z-plane will 

contribute substantially to the background and heavily challenge the reconstruction of the in-

focus objects. 

The intensity line profiles were measured in Fiji/ImageJ using a line width of 1. All other image 

processing tasks (like gamma intensity adjustment, image summation or standard deviation, 

insertion of scale bar etc.) were also performed in Fiji/ImageJ (version 1.52p). 
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Supplementary Material 

 

Figure S1. Simulated 3D actin strand. bSOFI for two different fluctuation levels, 
HAWK and different number of frames (fs). The bSOFI images improve drastically 
by using both HAWK and a higher number of frames, but only for the higher 
fluctuation level. The scale bars are 1 µm; SRRF for different reconstruction 
options and fluctuation levels. The temporal radiality average (TRA) includes most 
of the out of focus strands and also gives higher background signal for higher 
fluctuation level. The temporal radiality pairwise product mean (TRPPM) and 
temporal radiality auto-cumulant order 4 (TRAC 4) option, appears for this data 
similar and largely unaffected by the fluctuation level for this data. The actin 
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strand reconstructions from TRAC 4 are slimmer than for the other options, which 
can be explained by TRAC 4 being the SRRF options with the highest theoretical 
resolution improvement, namely a factor of 2 (√order = 2 in the same manner as 
for the SOFI orders); ESI: the results for different number of frames and different 
fluctuation levels are very similar for ESI, except more out-of-focus structures 
being visible for higher fluctuation levels. To better visualize the finer image details 
alongside the bright spots, the ESI images are γ=0.5 intensity adjusted; SACD: The 
images for different number of frames and fluctuation level are for SACD nearly 
indistinguishable, but for the highest number of frames and highest fluctuation 
level, the inclusion of out-of-focus strands is slightly higher than for the remaining 
images. The scale bars are 1 µm. 

 

Figure S2. Simulated 3D tori (doughnuts/mitochondria). Data overview of the 
three different fluctuation data sets, each containing a single frame, a sum image 
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of 100 frames, and the standard deviation image of 100 frames (STD); ESI: effect 
of fluctuation level, HAWK and number of frames. While HAWK significantly 
degrades the ESI image, changing the fluctuation level or the number of frames 
does not significantly alter the ESI results; SRRF: effect of using different options 
for SRRF reconstruction. The effect on the SRRF images from of changing 
reconstruction parameters (or options) is much larger than the effect of 
fluctuation level. Although the double ring from the larger torus is visible for any 
fluctuation level, the width of the doughnuts is more accurately represented with 
higher fluctuation level. The inability to resolve the inner and outer rings of the 
smaller doughnuts might be at least partly due to the poorer z-sectioning than 
MUSICAL or ESI (See Figure 2 in the main manuscript). The scale bars are 1 µm. 

 

 

Figure S3. Cont. 
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Figure S3. Simulated 3D tori. SACD: effect of fluctuation level and the MPAC 
(multiplane autocorrelation) order. The SACD images become worse and appear 
more affected by noise for higher fluctuation levels. The higher the MPAC order, 
the better the noise rejection and the higher rejection of out of focus structures 
(possibly also in-focus structures, see Suppl. Figure S 13 EPI SACD); MUSICAL: 
effect of different fluctuation levels and threshold parameters. The resolving 
power of MUSICAL becomes clearly better with higher fluctuation levels. Low, mid 
and high threshold are referring to the range of 2nd singular values according to 
the MusiJ plugin [S1]. The lower the threshold, the higher portion of the signal 
fluctuations are included as ‘signal’ and less as ‘noise’. This increases the 
information available for calculating a nanoscopy image, but also increases the 
contribution of potential noise and out-of-focus signal which can lead to image 
artifacts. HAWK preprocessing lead to similar results for MUSICAL as without 
HAWK. 
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Figure S4. Simulated 3D tori: effect of fluctuation level, HAWK, and number of 
frames for different SOFI orders and bSOFI. The first two SOFI order, SOFI 1 and 
SOFI 2, are equivalent to the mean and variance images, respectively, and do not 
offer theoretical resolution improvement beyond the diffraction limit. SOFI 3 
(third order), on the other hand, does possess theoretical super-resolving 
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capabilities (up to a factor of √3 ≈ 1.73), something which is experimentally 
confirmed from the in-focus tori (middle column) from the highest fluctuation 
level and frame number (bottom row), where the double ring characteristics of 
also the smallest torus can be clearly visualized. SOFI 4 appears here to capture 
primarily sample noise rather than further resolution increase. The bSOFI images 
are for these data nearly identical to SOFI 3. 

 

Figure S5. Liposomes 100 nm: assessment of the number of frames (#fs) 
parameter and an overview of the data, containing a single frame, a sum, and the 
standard deviation image (STD). The scale bars are 2 µm. 100 frames were chosen 
for further analysis, exhibiting reduced background and high visibility of image 
features appearing to be in-focus liposomes in the MUSCAL and bSOFI images, 
although the remaining techniques appear similar for all frame numbers. The ESI 
reconstructions are shown with gamma 0.5 for optimal visualization purpose. 
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Figure S6. Liposomes 250 nm: assessment of the number of frames (#fs) 
parameter and an overview of the data, containing a single frame, a sum, and the 
standard deviation image (STD). The scale bars are 2 µm. The number of frames 
selected in most cases (and ‘default’ in case of doubt) was 100. A different frame 
number was chosen only in the of SACD (25 fs) and bSOFI (200 fs) for the 250 nm 
sample, as these results were evaluated significantly better, yielding less 
background artefacts. Gamma 0.5 is used for better visualization of the ESI 
reconstructions. 
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Figure S7. Liposomes 100 nm and 250 nm: assessment of the threshold parameter 
for MUSICAL and best SOFI method for the assessed 100 nm and 250 nm liposome 
data. For MUSICAL, the thresholds t=-0.21 (100 nm) and -0.57 (250 nm) were 
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found best and chosen for further analysis. For SOFI, bSOFI was found best. HAWK 
increased the effect of the background caused by the agarose autofluorescence 
signal. The scale bars are 2 µm. 

 

 

Figure S8. Table of size measurements for the 100 nm and 250 nm liposomes.  The 
measured particles are indicated in the panels below the respective tables. The 
scale bars are 2 µm. The number of frames were 100, except for the cases of SACD 
(25 fs) and bSOFI (200 fs) for 250 nm liposome. A different number of frames were 
used in these cases based on the number of frames study (Suppl. Figure S6). Raw 
images were used for the size determinations. For optimal visualization the 
corrections applied were Auto brightness and contrast and gamma 0.5 for ESI. 
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Figure S9. Resolution measurements for the 100 nm and 250 nm liposomes via 
line profiles. The regions containing elongated spots (indicating presence of 
multiple liposomes) are indicated by the yellow circles. The double dip seen by 
some plots can be a sign resolution enhancement. However, high prevalence of 
reconstruction artifacts (partly due to agarose autofluorescence), renders the 
measurements unreliable. Raw images were used for the profiling but shown with 
the optimal corrections for visual purposes (Auto brightness and contrast and 
gamma 0.5 for ESI). 
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Figure S10. Placenta tissue: epi-fluorescent images of 1 µm-thick human placenta 
cryo-section labelled with phalloidin-ATTO647N and CellMask Orange for 
identification of F-actin and lipid membranes, respectively. (a) Overlaid sum image 
provides a large FOV of the two analyzed channels. F-actin displayed in red and 
membranes displayed in yellow; (b-s) Magnified view of the outlined area in a; (b-
d) Overview of the sample data for the F-actin channel; (b) first frame of the image 
stack; (c) sum image of the image stack (400 frames); (d) standard deviation image 
of the image stack; (e) SIM reference image of the F-actin channel; (f-i) Results of 
combining HAWK (using 5 levels) along with different fluctuation methods. For this 
dataset, HAWK did not improve the reconstructions compared to the previous 
results (see Figure 6 in the main manuscript). The two bottom rows display an 
overview of the sample data and results for the membrane channel; (j) SIM 
reference image of the membrane channel; (k) first frame of the image stack; (l) 
sum image of the image stack; (m) standard deviation image of the image stack; 
(n-s) For the membrane dataset, the reconstruction algorithms exhibit similar 
performance as with the F-actin dataset, where SACD and MUSICAL performed the 
best among the techniques, revealing structural details of the tissue samples 
beyond what is visible in the sum image and in accordance with the SIM reference 
image; (i, s) Despite its potential of improving bSOFI reconstruction, the 
combination HAWK-bSOFI yielded degraded results for these datasets. 400 frames 
were used for the reconstructions. The scale bars are 2 µm. 
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Figure S11. Overview of the (epi) dataset used for the study of fixed cell. The 
panels show two-channel epi-fluorescence microscopy images of cultured 
macrophages labelled for F-actin (phalloidin-ATTO-647N) and the plasma 
membrane (CellMask Orange). The panels show a single image, the sum and the 
standard deviation image (STD) of 500 frames, together with a larger sample area 
with the smaller region subjected to analysis indicated. The reconstruction results 
are found in Figures S12 to S15. 

 

Figure S12. Cont. 
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Figure S12. Results summary of fixed-cell (epi): Comparison of (the best) results 
for the different methods on fixed macrophages using epifluorescence 
microscopy. (a) Sum of 500 frames of the raw data stack (F-actin with phalloidin-
ATTO-647N). The scale bar is 5 µm and apply to all panels; (b) ESI (order 4) on 500 
frames. The image is γ = 0.5 intensity adjusted; (c) MUSICAL on 50 frames using 
threshold -1.0; (d) SRRF result on 50 frames using option TRM and radius 0.5; (e) 
bSOFI using 500 frames; (f) SACD with MPAC order 2 and 16 frames; (g) HAWK ESI 
on 4886 frames (resulting from 5 level HAWK on 500 raw frames). The image is γ 
= 0.5 intensity adjusted; (h) HAWK MUSICAL on 386 frames (resulting from 5 level 
HAWK on 50 raw frames) using threshold -0.3; (i) HAWK SRRF using 50 frames with 
the TRM option and radius 0.5; (j) HAWK bSOFI on 4886 frames (resulting from 5 
level HAWK on 500 raw frames); (k) Sum of 500 frames of the raw data stack 
(plasma membrane using CellMask Orange). The scale bar is 5 µm; (l) ESI (order 4) 
on 500 frames. The image is γ = 0.5 intensity adjusted; (m) MUSICAL on 50 frames 
using threshold -1.4; (n) SRRF result on 50 frames using option TRM and radius 0.5; 
(o) bSOFI using 500 frames; (p) SACD with MPAC order 2 and 16 frames; (q) HAWK 
ESI on 4886 frames (resulting from 5 level HAWK on 500 raw frames). The image 
is γ = 0.5 intensity adjusted; (r) HAWK MUSICAL using 386 frames (resulting from 
5 level HAWK on 50 raw frames) and threshold -0.5; (s) HAWK SRRF using 50 
frames with the TRM option and radius 0.5; (t) HAWK bSOFI on 4886 frames 
(resulting from 5 level HAWK). 
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Figure S13. Fixed cell results of SACD and ESI using additional options/parameter 
as indicated in the figure. SACD: As also seen for the simulated data, increasing the 
number of frames beyond 16 does not significantly improve or change the SACD 
results. Increasing the MPAC order causes gradual disappearance of cellular 
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structures. ESI: The ESI results do not appear to improve by increasing the number 
of frames beyond 5 frames.  The results look similar whether 5 or 500 frames are 
used. To enhance the visibility of finer details, the ESI images are γ = 0.5 intensity 
adjusted. The scale bars are 2 µm.  

 

Figure S14. Fixed cell (epi):  SRRF results using additional options/parameter as 
indicated in the figure, all with 50 frames used for the image reconstruction. The 
scale bars are 2 µm. The many different options offered by SRRF are problematic 
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as they can generate very different pictures and cellular structures, which leaves 
the users with difficult and subjective choices about which option, if any, 
accurately describes the (unknown) nanostructural details of the sample. In the 
case of SRRF, HAWK only produced image degradation for our samples. 

 

Figure S15. Fixed cell (epi):  SOFI and HAWK SOFI results using additional 
options/parameter as indicated in the figure. The results appear not to accurately 
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describe the nanoscopic details of actin of membrane in macrophages. As 
indicated by simulations, this can be explained by low signal fluctuation of these 
fluorescence labels and also possible 500 frames not being sufficient for reliable 
SOFI reconstruction. The scale bars are 5 µm. 

 

 

Figure S16. Heart tissue: epi-fluorescent images of 100 nm-thick pig heart cryo-
section labelled with CellMask Orange for identification of lipid membranes. (a) 
Large FOV image of the cardiac tissue; (b-j) Magnified view of the outlined area in 
a. The scale bars are 2 µm; (b) first frame of the epi-fluorescent stack. The image 
indicates a poor signal-to-noise ratio; (c) Sum image of the stack used for the 
reconstructions; (d) Standard deviation image of the same stack; (e) The reference 
structured illumination microscopy image, which indicates not just better contrast 
than the sum image but also preserving the low contrast striations throughout the 
selected region; (f) The SACD reconstruction shows the best correspondence with 
the SIM reference image; (g) The SRRF reconstruction displays subtle artifacts 
compared to the SIM reference image (compare e.g. larger bright spots 
(mitochondria) in the SIM image, and the black circles present only in the SRRF 
image); (h) The MUSICAL result here exhibits noticeable artifacts. (i) The ESI 
reconstruction (gamma transformed 0.2) is similar to the sum image in panel c. (j) 
The bSOFI result displays noticeable artifacts. This sample gives no out-of-focus 
signal, but with a high noise level and high labeling density (therefore a low level 
of fluctuations). 
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Figure S17. Overview of the TIRFM datasets (top two rows) and results summary 
for fixed cells. The panels show F-actin (phalloidin-ATTO-647N) and the plasma 
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membrane (CellMask Orange) of fixed macrophages. The panels show a single 
image, the sum and the standard deviation image (STD) of 500 frames, together 
with a larger sample area with the smaller region subjected to analysis indicated. 
The signal from CellMask dye caught by the coverslip surface became dominating 
while using TIRF illumination. Panels a-p: Comparison of (the best) results for the 
different methods on fixed macrophages using TIRFM. (a) Sum of 500 frames of 
the raw data stack (F-actin with phalloidin-ATTO-647N). The scale bar is 2 µm and 
apply to all panels; (b) ESI (order 4) on 500 frames. The image is γ = 0.5 intensity 
adjusted; (c) MUSICAL on 50 frames using threshold -1.3; (d) SRRF result on 50 
frames using option TRM and radius 2.0; (e) SACD using MPAC order 3 and 16 
frames; (f) HAWK ESI (5 level HAWK resulting in 4886 frames). The image is γ = 0.5 
intensity adjusted; (g) bSOFI using 500 frames; (h) HAWK bSOFI on 4886 frames 
(resulting from 5 level HAWK). (i) Sum of 500 frames of the raw data stack (plasma 
membrane using CellMask Orange). (j) ESI (order 4) on 500 frames. The image is γ 
= 0.5 intensity adjusted; (k) MUSICAL on 50 frames using threshold -1.3; (l) SRRF 
result on 50 frames using option TRM and radius 2.0; (m) SACD using MPAC order 
3 and 16 frames; (n) HAWK ESI (5 level HAWK resulting in 4886 frames). The image 
is γ = 0.5 intensity adjusted; (o) bSOFI using 500 frames; (p) HAWK bSOFI on 4886 
frames (resulting from 5 level HAWK). 

 

Figure S18. Cont. 
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Figure S18. TIRFM of fixed macrophages: results using additional 
options/parameter (indicated in the figure) for SACD, SRRF and SOFI.  
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Figure S19. Results summary and data overview for live-cell data: Comparison of 
(the best) results for the different methods on live-cell image data 
(cardiomyoblasts cell-line H9c2) acquired using epifluorescence microscopy. 
Panels (a)-(j) are of mitochondria (outer membrane protein 25, OMP25-mCherry), 
and panels (k)-(t) are of the endoplasmic reticulum (KDEL-EGFP). The two datasets 
are two different color channels from the same cell, region and time-lapse 
sequence.  
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(a) Sum of the 64 frames (of mitochondria) used for the image reconstructions of 
panels (a)-(j); (b) ESI order 4; (c) MUSICAL using threshold -0.8; (d) SRRF using 
option TRAC order 2 and radius 0.5; (f) SACD using MPAC order 4; (g) HAWK ESI (5 
level HAWK resulting in 526 frames). The image is γ = 0.5 intensity adjusted; (h) 
HAWK MUSICAL on 526 frames (resulting from 5 level HAWK) using threshold 0.0; 
(i) HAWK SRRF using option TRAC order 2 and radius 0.5; (j) HAWK bSOFI on 526 
frames (resulting from 5 level HAWK);  

(k) Sum of the 64 frames (of the endoplasmic reticulum) used for the image 
reconstructions of panels (l)-(t); (l) ESI order 4; (m) MUSICAL using threshold -0.5; 
(n) SRRF using option TRAC order 2 and radius 0.5; (p) SACD using MPAC order 4; 
(q) HAWK ESI (5 level HAWK resulting in 526 frames). The image is γ = 0.5 intensity 
adjusted; (r) HAWK MUSICAL on 526 frames (resulting from 5 level HAWK) using 
threshold 0.2; (s) HAWK SRRF using option TRAC order 2 and radius 0.5; (t) HAWK 
bSOFI on 526 frames (resulting from 5 level HAWK). The scale bars are 2 µm.  

Bottom rows, data overview: 1st frame, sum and standard deviation (STD) image 
of the datasets used for panels a-t. 1st and 100th (last) frame of the 100-frame 
image stack used for the reconstructions of panels (g)-(l) of Figure 6 of the main 
manuscript. The scale bars are 1 µm. 
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Abstract: The rapid development of nanomedicine and drug delivery systems calls for new and
effective characterization techniques that can accurately characterize both the properties and the
behavior of nanosystems. Standard methods such as dynamic light scattering (DLS) and fluorescent-
based assays present challenges in terms of system’s instability, machine sensitivity, and loss of
tracking ability, among others. In this study, we explore some of the downsides of batch-mode
analyses and fluorescent labeling, while introducing quantitative phase microscopy (QPM) as a
label-free complimentary characterization technique. Liposomes were used as a model nanocarrier
for their therapeutic relevance and structural versatility. A successful immobilization of liposomes in
a non-dried setup allowed for static imaging conditions in an off-axis phase microscope. Image re-
construction was then performed with a phase-shifting algorithm providing high spatial resolution.
Our results show the potential of QPM to localize subdiffraction-limited liposomes, estimate their
size, and track their integrity over time. Moreover, QPM full-field-of-view images enable the estima-
tion of a single-particle-based size distribution, providing an alternative to the batch mode approach.
QPM thus overcomes some of the drawbacks of the conventional methods, serving as a relevant
complimentary technique in the characterization of nanosystems.

Keywords: liposomes; nanomedicine; characterization; label-free; quantitative phase microscopy

1. Introduction
Nanomedicine emerged as an advanced field expected to change the landscape of

pharmaceutical development, promising improved drug efficacy and safety. Various types
of nanoformulations (nanocarriers) have been proposed to impart biological superiority [1].
However, many promises remain to be fulfilled, and recent years oversaw the trend of
“back-to-basic”, trying to ensure a better understanding of the interplay between drugs,
nanocarriers, and biological environment, especially biological barriers [2].

The characterization of a nanosystem is a crucial initial step in the development of
novel nanomedicine. Changes in physicochemical properties of a nanocarrier can lead to a
change in their behavior, as well as biological fate. Therefore, by tailoring a nanocarrier’s
features, we could augment its desired pharmacological effect. However, failure to ensure
reliable and robust characterization, within in vitro settings, would directly impair the
prediction of biological fate and limit success in in vivo settings [3].

The carrier size, surface charge, and polydispersity (PdI) are the three major well-
established properties known to affect the internalization and potentially the targeting of
drug delivery systems within biological environments [4–6]. The standard widely utilized
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characterization techniques are typically batch-mode analyses, such as dynamic light scat-
tering (DLS). Being fast and easy to use, DLS allows the estimation of size distribution and
polydispersity index (PdI), which reflects the uniformity of a nanosystem. The combination
of DLS and electrophoretic mobility (electrophoretic light scattering) further allows the
estimation of the surface charge based on the zeta-potential distribution. Nonetheless, a rele-
vant downside to these techniques is their bias when characterizing polydispersed systems,
due to their resolution being limited to a factor of 3, potentially failing to separate mul-
timodal particle distributions [7,8]. Alternative characterization techniques are mostly
microscopy-based, namely, transmission electron microscopy (TEM), scanning electron
microscopy (SEM), and atomic force microscopy (AFM). These single-particle-size mea-
surement techniques circumvent DLS disadvantage by resorting to a particle-by-particle
analysis of the images. However, the widespread use of these techniques is limited by the
highly complex sample preparation and their limited accessibility and cost [9].

In addition to physicochemical characterization, it is necessary to assess the behavior of
nanosystem in relevant environments. The most common strategy applied to follow the fate of
nanosystems is the introduction of a fluorescent label [10]. Fluorescence-based techniques can
track nanosystems, potentially both in vitro [11] and in vivo [12]. Additionally, new methods
have been developed to utilize fluorescence in the physicochemical characterization of
the nanosystems. Size has been estimated through fluorescent microscopy [13] as well as
flow cytometry [14]. Thereof, fluorescent-based techniques are powerful tools to directly
establish physicochemical–behavioral relationships. However, the addition of an external
component to nanosystems may affect the individual properties of both the nanosystem and
the fluorophore [15]. For instance, fluorophores are known to alter nanosystems’ surface
properties [16] and to detach from them [11,17]. Furthermore, the fluorescent signal decays
with time and is not suitable for long-term tracking. Moreover, all fluorescent techniques
reliant on strong illumination can induce high phototoxicity in live biological samples.

New label-free techniques are emerging as a mean to overcome the need for a marker,
while attempting to combine physicochemical and behavioral characterizations. Such tech-
niques include surface plasmon resonance (SPR) [18], nanoparticle tracking analysis
(NTA) [19], coherent anti-Stokes Raman scattering (CARS) [20], and the technique we
utilized in the current work, i.e., quantitative phase microscopy (QPM) [21].

Quantitative phase microscopy (QPM) is a label-free technique that is able to detect
nanometer pathlength changes by inducing minimal photo-toxicity to the study sample.
QPM setups can be operated in two modes, namely, on-axis and off-axis, depending on
the intended application. Off-axis quantitative phase microscopes allow imaging of highly
dynamic events. The Fourier transform algorithm is used to reconstruct an image from the
interferogram, providing high temporal resolution at the cost of spatial resolution, due to
the filtering of object information in the Fourier domain. On the contrary, interferograms
from on-axis microscopes can be reconstructed through the phase-shifting algorithm,
preserving high-frequency information and high spatial resolution at the cost of temporal
resolution, due to their requiring of 4–5 frames per phase per image [22]. The latter setup
provides lossless and highly sensitive measurements of the specimens and is thus most
suited for the characterization of sub-diffraction limit-sized nanoparticles [23].

Most of the QPM systems are implemented with either highly temporally and spatially
coherent light source (laser) or low temporally and spatially coherent light source (white
light). These light sources carry certain disadvantages such as speckle noise and coherent
noise—when using lasers or chromatic aberration and dispersion—in the case of white
light [24–28]. To overcome the challenges associated with conventional light sources,
we implemented QPM with spatially low and temporally high coherent light source,
also called pseudothermal light source (PTLS). Details for such type of light source can be
found elsewhere [29,30].

In this study, we assessed the potential of quantitative phase microscopy as a suitable
label-free technique for the characterization of nanocarriers. Liposomes were chosen as
model carriers for their high therapeutic relevance [31] as well as their structural versatility.
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In conventional liposomes, such as those used in our study, phospholipids represent the
structural repeated unit. Figure 1a (top) shows the chemical structure of a typical phos-
pholipid, comprising a polar head (often a zwitterion) and hydrophobic tales (generally
two carbon chains of various length). When hydrating phospholipids, their dual nature
drives their self-assembly into vesicular structures with a hydrophobic bilayer enclosing a
hydrophilic inner core (Figure 1b). Consequently, liposomes are often used both as solubi-
lizers and as carriers, able to entrap and protect hydrophobic or/and hydrophilic active
ingredients in their respective compartments. Their size, surface characteristics, and func-
tionality can be tailored to address the challenges of the route of drug administration they
are to be applied to [32].

From a technological point of view, liposomes are nanosized and almost trans-
parent dynamic vesicles, very complex to image if not in a dried-out condition [33].
Furthermore, in quantitative phase imaging, their very nature causes only a slight de-
lay in the light wavefront. This low signal becomes challenging to detect and interpret in
laser-based QPM systems, thus a PTLS-equipped QPM setup was selected. To ensure that
QPM images are trustworthy, we introduced a fluorescent marker within liposomal bilayers
(Figure 1). The fluorescent signal emitted from the labeled liposomes was used to confirm
the localization of liposomes on the interferogram. A fluorescent phospholipid (N) was
selected as a marker due to its chemical structure similar to the natural lipid components
within the liposomal bilayer (Figure 1a). Given its insolubility in water, the fluorescent
lipid can only accommodate itself within the liposomal bilayer (Figure 1b).
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Figure 1. Liposomal formulation. Panel (a) (below) shows the fluorescently labeled phospholipid, for the visual compar-
ison with the chemical structure of the main lipid ingredient in soy phosphatydilcholine (above). Panel (b) shows the
expected random incorporation of the labeled lipid in the bilayer, according to minimal energy interaction and previous
studies [34]. The molecules were drawn with ACD/ChemSketch (Freeware) 2019 2.1, according to the structures declared
by the manufacturer.

2. Materials and Methods
2.1. Materials

1-myristoyl-2-{6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexanoyl}-sn-glycero-3- phos-
phocholine (14:0–06:0 NBD-PC, N) was purchased from Avanti Polar Lipids, Alabaster,
AL, USA. Methanol, glucose, sucrose, and poly-L-lysine (PLL) were purchased from
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Sigma-Aldrich, Steinheim, Germany. Soy phosphatidylcholine (Lipoid S100, SPC) was
obtained from Lipoid GmbH, Ludwigshafen, Germany.

2.2. Liposome Preparation

Liposomes were prepared following the film hydration method [15]. Low-pressure
rotary evaporation of a methanol solution of SPC and fluorophore N (100:1) was performed
using a Büchi rotary evaporator R-124 with vacuum pump V-700 (Büchi Labortechnik,
Flawil, Switzerland). The thin film in the round-bottomed flask was then re-suspended by
hand shaking in 2 M sucrose solution to the final concentration of SPC 10 mg/mL and N
0.1 mg/mL. Liposomal suspensions were then stored in the fridge at 4 �C. Prior to further
processing, the size distribution was determined by combining the available techniques
and settings.

2.3. Liposome Size Reduction

After overnight stabilization, the liposomes were processed by hand extrusion to tailor
their size distribution [15]. Polycarbonate membranes (Nucleopore®) with sieving sizes
of 800, 400, and 200 nm were used stepwise, as indicated in Table 1. Further overnight
stabilization was ensured before the additional characterization steps.

Table 1. Liposome processing to size reduction.

Formulation Extrusion

N1 1 ⇥ 800 nm 1

N2 4 ⇥ 800 nm
N3 4 ⇥ 800 nm, 4 ⇥ 400 nm
N4 4 ⇥ 800 nm, 4 ⇥ 400 nm, 4 ⇥ 200 nm

1 Single filtration to exclude potential particle contaminants on the manufacturing.

2.4. Liposome Characterization: Size and z-Potential

Dynamic light scattering (DLS) was used to estimate size and zeta-potential distribu-
tion of the liposomal suspensions [35]. All dispersion were diluted 1:100 in 2 M glucose
solution and analyzed with a Malvern Zetasizer Nano—ZS (Malvern, Oxford, UK).

An additional size characterization was performed on the unprocessed/filtered lipo-
somes (N1), as the size distribution of the sample could not be reliably represented within
the sensitivity range of the Malvern Zetasizer Nano—ZS (0.01–1 µm). A Particle Sizing
System, Inc. Model 770 Accusizer (Santa Barbara, CA, USA), was used to estimate the
size distribution in single-particle optical sensing. To optimize the sensitivity range of the
instrument for the unknown particle size of the sample, both voltage thresholds were used,
corresponding to size thresholds of 0.69 and 1.50 µm [36].

2.5. Liposome Immobilization for Imaging Purpose

Several immobilization strategies were attempted to obtain the liposomal suspension
in monolayer without drying out the sample (Figure A1, in Appendix A). A silicon wafer
with a PDMS frame was used as a support. Liposomes were diluted in a 2 M glucose
solution to induce sedimentation, based on the difference in medium density inside and
outside the bilayer [37]. Few microliters of liposomal suspension were applied inside the
PDMS frame directly on the hydrophobic surface of the wafer, on top of a pre-jellified
PLL coating, in a PLL suspension (co-jellification) and after plasma treatment of the wafer
surface to increase its hydrophilicity. All setups were observed under the microscope,
with and without coverslip sealing on top, and a long equilibration time was allowed for
the system to stabilize the drifts on the microscope stage.

The best solution that was chosen for imaging and phase analysis was a combination
of the previously used strategies. PLL was pipetted inside the PDMS frame and allowed to
dry for 30 min. Few microliters of distilled water were used to rehydrate the PLL coating
and then removed. The liposomal suspension pre-diluted in 2 M glucose to the final lipid
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concentration of 2 µg/mL was added on top of the coating. A coverslip was placed on top
of the sample and sealed with nail polish. The wafer was then taped to the microscope
stage and allowed to equilibrate for 30 min.

2.6. Imaging

A schematic diagram of the imaging system used for QPM is shown in Figure 2.
A nearly on-axis geometry of the microscope and a phase-shifting algorithm were chosen
for high-resolution phase reconstruction of the nanosized liposomes. For fluorescence
imaging, the liposomes were illuminated at 488 nm vacuum wavelength. The emitted
fluorescent light alone was recorded by the CMOS camera with a combination of 488 nm
long pass and (520/35) nm band pass filters. The 488 nm filter blocks the excitation light,
and the bandpass filter allows only the emitted fluorescent light to reach the camera.
QPM imaging was performed at 660 nm wavelength to exclude the possibility for the
fluorescence label to affect the recovered phase maps, as previously shown [38].
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With this technique, light from a laser source is passed through a rotating diffuser
before coupling into a multi-mode fiber (MMF). To obtain a wide field of illumination at
the sample plane S, the diverging beam from the MMF is collected using a combination of
the lenses L1 and L2. The output from L2 is split into two halves using a beam splitter (BS).
One half is focused at the back aperture of a microscope objective (MO2) to illuminate S.
The reflected light off the sample plane is imaged onto a CMOS camera using BS and lens
L3. This beam contains information about the sample under study and is referred to as the
object beam. The second half known as reference beam is focused at the back aperture of
the moving objective MO3 and is reflected off a reference mirror M. The reference beam is
also imaged similarly onto the CMOS camera using BS and L3. The reference and object
beams interfere in the CMOS camera to generate an interferogram.

The phase information about the sample under consideration is encoded in this
interferogram and is retrieved using the phase-shifting algorithm method.

In this work, QPM was implemented in reflection mode, using a simple upright
microscope. Therefore, samples were prepared on a reflecting substrate (wafer) and
covered from the top with a cover glass. This configuration can be adapted in either
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inverted reflection mode or inverted transmission mode to accommodate different plates
and dishes or even microfluidics devices (e.g., for cell imaging).

For the photobleaching and QPM experiment, utilizing the 1 µm-sized liposomes (N1),
we acquired 26 fluorescence and phase datasets sequentially. The sample was exposed for
approximately 10 s for each dataset, and photobleaching of liposomes took an average time
of 4–5 min with a laser power of 20 mW on the sample plane. The acquisition time for one
phase-shifted dataset using QPM was 1 s, and the switching time between fluorescence
and phase imaging was around 30 s. Thus, the total time to acquire 26 fluorescence and
phase datasets was approximately 18 min.

2.7. Image Processing and Analysis

2.7.1. Phase Retrieval Algorithm
The interferograms are 2D-modulated intensity (I) patterns. Mathematically, they can

be defined as follows:

Ir(x, y) = Ar(x, y) + Br(x, y)cos[f(x, y) + dr] (1)

where the subscript r illustrates the rth phase-shifted interferogram (r = 1,2,3, . . . , N),
Ar(x, y) is the background, Br(x, y) is the modulation amplitude, f(x, y) is the spatial
phase information of the targeted specimen, and dr is the phase shift between the phase-
shifted interferograms.

Assuming that Ar(x, y) and Br(x, y) do not variate from one frame to the other, a new
set of variables can be defined as:

a(x, y) = Ar(x, y),

b(x, y) = Br(x, y)cosf(x, y),

c(x, y) = �Br(x, y)sinf(x, y).

Equation (1) can thus be expressed as:

Ir(x, y) = a(x, y) + b(x, y)cosdr + c(x, y)sindr. (2)

With dr known, the advanced iterative algorithm (AIA) [39] was used to solve the
unknowns, and the spatial phase map of the specimen was recovered using the relation [39]:

f(x, y) = tan
�1


�c(x, y)
b(x, y)

�
. (3)

The recovered phase map was then further utilized to calculate the thickness/height
map of the sample, using the following expression:

f(x, y) =
2p

l
[n2(x, y)� n1(x, y)]h(x, y), (4)

where l is the wavelength of light used, n2(x, y) is the refractive index of the sample, n1(x, y)
is the refractive index of the surrounding medium, and h(x, y) is the height/thickness of the
sample. This equation implies that the phase retrieved from the interferogram is a product
of the thickness of the sample and the refractive index difference between the sample and
the surrounding medium.

2.7.2. Size Distribution of Liposomes
A conventional bright field/dark field microscope cannot be used for the estimation

of the size of nanosized objects due to their diffraction-limited image formation. The sizes
of nanoobjects (<diffraction barrier) in the recorded images appear large and equal to the
diffraction limit of the microscope. The limitation of a conventional microscope can be
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overcome indirectly by employing the highly sensitive QPM system, which has nanometric
optical path length measurement sensitivity, for the estimation of the size of nanoobjects
below the diffraction limit. Therefore, instead of directly measuring the XY size of the
nanoobjects, one can measure their maximum phase/height values to estimate the size dis-
tribution by assuming their shape to be spherical. In order to estimate the size distribution
of liposomes, the following steps are followed:
1. Recording of the phase-shifted interferograms of liposome samples.
2. High-resolution phase recovery by employing the AIA algorithm.
3. Removal of any background information from the recovered phase images either

physically (through a reference/sample free interferogram) or numerically.
4. Convert the phase map into a height map by using Equation (4). The value of

Dn = (n2 � n1) is assumed to be equal to 0.04.
5. Count the number of liposomes present in the recovered height map.
6. Find the maximum height values of all liposomes using the image-processing toolbox

in MATLAB and utilize these values to draw a histogram plot.

3. Results
We present liposome characterization results using both conventional batch-mode

techniques and QPM. We started with DLS characterization to obtain size distribution,
zeta-potential, and PdI. We then assessed the QPM label-free characterization, consisting of
imaging liposome localization, integrity, and shape, gaging the potential for single-particle-
based size analysis.

3.1. Conventional Characterization of Labeled Liposomes

From the original filtered batch (N1), three sequential size reduction steps were per-
formed to obtain liposomes across the size spectra relevant for therapy (N2, N3, and N4).
The corresponding size distributions are displayed in Figure 3. The upper panel shows
the fitted intensity-weighted distributions to the different samples measured with DLS.
As expected, the quality of the samples increased after longer processing, with sample
N4 showing the best distribution (PdI = 0.11 ± 0.01), followed by N3 (PdI = 0.24 ± 0.02),
while N2 showed a bimodal distribution, with PdI = 0.47 ± 0.04. No statistically acceptable
distributions were obtained for N1 in the range 0.01–1 µm because of the high polydis-
persity of the sample (PdI = 0.85 ± 0.08), the interference of the bigger particles, and their
tendency to sediment during the measurements [40]. For this reason, N1 was measured
with single-particle optical sensing, a complimentary conventional characterization with a
size sensitivity range shifted towards micrometer-sized particles. This is represented in the
lower panel of Figure 3 as a number-weighted distribution, with the two available voltage
thresholds showcasing truncated curves, with mode of 1 µm. Interestingly, after nanosizing
the vesicles, the size results did not match the expected values. Table 2 shows the expected
ranges of size, PdI, and zeta-potential based on the literature [15,35,41] for correspond-
ing extrusions of non-labeled liposomes. In particular, the intermediate processing (N2:
4 ⇥ 800 extrusion) did not result in a stable formulation. Furthermore, the zeta-potential
exhibited strongly negative values compared to the neutral values reported in the literature
for the liposomes extruded in a similar manner. The increased zeta potential values in our
liposomes (N1–N4) might be contributed by the surface-available fluorescent moiety [34].
Table 2 contains an overview of the characterization (size interval, PdI, and ⇣-potential),
together with previously published values for non-labeled liposomes, for comparison.
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Figure 3. Conventional characterization of liposomes. (a) Intensity-weighted size distributions
obtained with DLS (N2—gray, N3—dark green, N4—light green). (b) Number-weighted size dis-
tribution from single-particle optical sensing for N1, overlaying the result with size thresholds of
0.69 µm (gold) and 1.50 µm (brown).

Table 2. Conventional characterization of liposomes (Lip). Measured values (left) refer to the N-labeled formulations ana-
lyzed in this work. Expected values (right) show ranges commonly reported in the literature [15,35,41] for the correspondent
processing of non-labeled liposomes. Values are expressed as mean ± standard deviation, unless otherwise indicated.

Lip Measured Values Expected Values
Size
[nm] PdI ⇣-Potential

[mV]
Size
[nm] PdI ⇣-Potential

[mV]
N1 1040 1 0.85 ± 0.08 �55.7 ± 6.3 >>1000 1 [�5, +5]

N2 499 ± 124 (74.5%) 2

103 ± 16 (25.5%) 0.47 ± 0.04 �59.8 ± 5.1 600–800 <0.250 [�5, +5]

N3 214 ± 57 0.24 ± 0.02 �57.1 ± 6.7 300–500 <0.250 [�5, +5]
N4 114 ± 20 0.11 ± 0.01 �55.4 ± 6.6 150–350 <0.250 [�5, +5]
1 Mode (peak) of the truncated distribution (number-weighted), Figure 3b. 2 Bimodal distribution described with intensity percentage for
each peak in brackets.
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3.2. QPM Label-Free Characterization of Liposomes

To complement the conventional characterization, liposomes were successfully immo-
bilized on PLL-coated silicon wafers and imaged in fluorescence and phase modes for a
direct comparison of the viability of the label-free technique.

The localization of liposomes using QPM is displayed in Figure 4, where phase
imaging is opposed to fluorescence imaging for two different liposome sizes—100 and
200 nm. The interferograms (Figure 4a,d) and retrieved phase maps (Figure 4b,e) show
it is possible to distinguish the different sizes of liposomes below the diffraction limit of
light. The calibration bars for the phase images show a phase max of 60 and 200 mrad
for the samples N4 and N3, respectively. This translates to diameter values of 74 and
212 nm, once fixed to 0.04 the refractive index difference between the liposomes and the
medium (Dn).

 

Figure 4. Single-liposome imaging. Two representative liposomes are shown in both phase and fluorescence imaging.
The upper panels show the 100 nm liposomes (N4), while the lower panels display the 200 nm liposomes (N3). From left
to right: (a,d) show the interferograms recorded in QPM; (b,e) the phase images retrieved from the interferograms (with
calibration bar in milliradians); (c,f) the fluorescence images.

To assess the performance of QPM vs. fluorescence for prolonged imaging, the same
liposome (from N1) was followed with both modes, as shown in Figure 5. The upper
panels show photobleaching over time with complete signal loss and consequent loss of
tracking of the liposome localization by frame 26. The lower panels display the phase maps,
which continue to show the presence of a liposome even after photobleaching. No relevant
structural deformations were detected throughout the process, suggesting that the loss
of fluorescence did not affect the integrity of the liposome. The slight variation in the
maximum phase values of the liposome as a function of time could be due to minute
defocusing while acquiring the sequence of fluorescence and phase data.

When looking at the full field of view in Figure 6, we can better see how phase imaging
allows for a more accurate localization of liposomes, independently of the fluorescent signal.
In fact, the phase signal was present also for those liposomes that carried too little or no
fluorescent label, allowing for a more accurate estimation of size distribution. The details
of image processing for the estimation of size distribution are given in Section 2.7.2.
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4. Discussion
Lipid-based nanoparticles such as liposomes are widely used as nanomedicines be-

cause of their high biosafety. The use of lipids naturally present in cells and the adjustable
size of the final particles make them relevant for both topical and systemic drug delivery.
Furthermore, the presence of both a lipid bilayer and a water-based core solution allows for
the loading of both hydrophobic and/or hydrophilic drugs, with great potential in many
therapeutic challenges [32,42]. However, the very same versatility that contributes to their
therapeutic relevance can hamper the technological characterization necessary for develop-
ment processes, prior to biological testing [7]. In this work, we investigated some of the
challenges related to conventional characterization methods (DLS and fluorescence-based
assays) such as polydispersed samples, out-of-range particles, and labeling-dependent
behavior. Furthermore, we propose QPM as a complementary technique for a deeper
characterization of a nanosystem, based on a label-free single-particle analysis. Since no
literature data are available on the use of QPM for liposomes characterization, at this
stage, we included a fluorescent lipid (Figure 1b) within the liposomal bilayers to assist in
liposomal localization during QPM characterization.

The characterization of unprocessed liposomes (N1) highlights the major challenges
of conventional batch-mode analyses. Size, surface charge, and polydispersity of liposomal
formulations are conventionally determined by harnessing their fast Brownian movement
through intensity detection of backscattered light (DLS) [40]. Common lab-bench instru-
ments for this purpose (e.g., Malvern Zetasizer Nano—ZS, used in this work) have a
sensitivity range in the nanoscale, up to 1 µm, and their built-in Cumulants algorithm
uses Gaussian fitting for the estimation of the size distribution, with resolution limited
by a factor of 3 [7]. Because we used the thin-film hydration method to prepare the lipo-
somal formulations, the re-suspension of the lipid film in the water phase was expected
to form multilamellar/multivesicular macroparticles with great variability in size [43].
Hence, in the N1 sample, (I) the presence of big vesicular bodies (>1 µm) was interpreted
by the software as dust contamination and excluded from the reading. (II) The tendency of
these big particles to sediment during the measurement itself was translated into z-average
trending by 10–30% over technical replicates of the same measurement. (III) The high
polydispersity (estimated as PdI = 0.85 ± 0.08) prevented a statistically acceptable fitting,
resulting in a poor quality of the measurement.

For a better characterization of N1, we resorted to single-particle optical sensing,
using both the available voltage thresholds to increase the accuracy of the size determina-
tion over the whole range of 0.69 to 5 µm (according to previously optimized protocols [36]).
The resulting size distribution (Figure 3b) showed a truncated number-weighted distribu-
tion that still brings challenges for its interpretation. In fact, (I) the truncated distribution
showed clear missing information below the lower sensitivity threshold, and (II) this number-
weighted distribution was hard to compare to the DLS intensity-weighted distributions
obtained for the other samples of the experiment (N2, N3, and N4, Figure 3a) [40].

Combining all available information from conventional characterization (Table 2),
we noticed an unexpected size outcome for each processing (Table 1). The overall measured
values of size were found to be smaller than expected from the unprocessed batch N1,
down to N3 and N4—sizes that are normally very difficult to achieve with hand extrusion
or, at least, require longer processing [44]. Both the smaller sizes and the instability of the
batches with intermediate processing (N2) can be explained by the presence of the fluo-
rophore in the bilayer, as this adds a layer of complexity to nanoparticle characterization.
Although the use of fluorescent probes has great potential to track nanoparticle behavior in
a biological environment, it comes with technological challenges in handling the formu-
lation, such as (I) interference in DLS measurements [40], (II) surface modifications [16],
(III) thermal instability [15], (IV) possible fluorophore detachment [11,17], and ultimately,
(V) loss of fluorescence specificity [45].

For validation purposes, a fluorescent phospholipid (N) was chosen to ensure the least
invasive labeling strategy for the phospholipid bilayer of liposomes. However, although chem-
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ically linked to the hydrophobic chain of the phospholipid (Figure 1a), the NBD fluorescent
moiety was shown to backflip towards the polar heads of the bilayer (Figure 1b) [34]. The in-
creased efficiency of size reduction processing, such as hand extrusion, is therefore due to
the behavior of the fluorescent moiety, which affects fluidity and viscosity of the bilayer [46].
At the same time, the position of the fluorescent moiety has a high chance of interfering with
the position of the zwitterionic charges on the surface of the bilayer (Figure 1b—zoom in),
consequently affecting the electrostatic interactions between the bilayer and the isotonic
complex medium, thus explaining the relevant negativity of the surface [47].

To overcome the fluorophore-related downsides in nanomedicine, such as the above-
mentioned technological challenges, the risk of photobleaching, and the potential photo-
toxicity, we focused on assessing the potential of QPM as a label-free characterization
technique. As we aimed to image small liposomes (close to and below the resolution limit
of light, for N3 and N4 respectively), we chose high spatial resolution over temporal resolu-
tion with on-axis microscope and phase-shifting algorithm for high-resolution and highly
sensitive phase reconstruction from the recorded interferogram [22,48,49]. We achieved
a successful immobilization of liposomes by pre-coating the silicon wafer support with
Poly-L-Lysine. This trick allowed for non-dried-out imaging conditions, which are known
to significantly affect the properties and shapes of liposomes [33]. Based on the effective
immobilization of liposomes and the high spatial resolution of the setup, both diffraction-
limited samples could be localized in the phase map, and their sizes differentiated (between
N3 and N4) (Figure 4). As the fluorescence images in Figure 4 show, smaller liposomes
presented a smaller load of dye, increasing the risk of losing track of them when relying
on the sole fluorescence-based tracing in biological environment. Figure 5 shows that
the rapid photobleaching of the fluorescence dye over time did not cause changes in the
shape and structural integrity of the liposomes. Hence, not only is QPM independent of a
fluorescent label for the detection of liposomes, but also it shows superior tracking abilities
over time, as the loss of fluorescence signal does not translate in the absence/degradation
of the original liposome. Furthermore, Figure 6 shows a full field of view of immobilized
liposomes, both in fluorescence and in phase imaging. The higher number of liposomes
visible in the phase map confirms the higher accuracy of detection that cannot be expected
in label-dependent detection. Indeed, when adding both labeled and non-labeled lipids
in the initial mixture, prior to evaporation and rehydration, a random distribution of the
fluorescent moiety is to be expected within the sample (Figure 1b). However, the processing
by hand extrusion involves “peeling” and rearrangements of the membranes that will
“dilute” the dye over a larger number of smaller liposomes, potentially preventing the
detection of some of them [50].

From the phase image, it is possible to obtain a size estimation of liposomes based on
single-particle analysis. Choosing a 0.4 Dn between medium and liposomes, we obtained a
distribution centered around 100 nm for the N3 sample. The lower size estimation when
comparing to DLS can be explained by different factors. Firstly, we compared a number-
weighted (QPM) with an intensity-weighted (DLS) distribution. In the latter case, as the
intensity is proportional to the power of 6 of the liposome diameter (d6), bigger particles
will contribute much more to the intensity, resulting in an upwards bias, as previously
shown when comparing DLS with TEM results [51]. Secondly, choosing an improper value
for the refractive index of both medium and liposomes can lead to biased size estimates.
This is a challenging aspect for the characterization of liposomes, as they are non-solid
particles made of lipid mixtures. Figure A2 in Appendix A shows the variation of the
diameter with the liposome refractive index, with downward bias as the refractive index
increases. Finally, it has been shown that sub-diffraction structures can be associated
with size underestimation due to the possible loss of high-frequency information during
image detection [52].

Even though some optimization steps may still be required to fully utilize QPM,
we have shown the potential of the method in complementing the conventional char-
acterization of nanocarriers. The non-dried setup here used for the immobilization of
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liposomes can potentially be applied for the characterization of different types of lipo-
somes, as well as other types of lipid-based vesicles. We would expect this methodol-
ogy to provide a deeper insight into the characteristics of the vesicles in their hydrated
stated with rather intact morphology—as opposed to the conventional dried TEM samples.
Furthermore, knowing the size of the nanosystem (thickness h(x, y) in Equation (4)),
QPM interferograms could be used to retrieve variations in the refractive index, thus ex-
panding the possible applications of this technique for the morphological analysis of
nanoparticles. Most interesting examples in lipid-based nanomedicine could be (I) vesi-
cles bearing edge activators, such as deformable liposomes [35], (II) vesicles comprising
glycerol within the bilayers, i.e., glycerosomes [53], (III) polymer-immobilized vesicles,
such as hyalurosomes [54], (IV) surface-modified vesicles, such as liposomes for targeted
immunotherapy [32], and more. However, at this stage, we can only speculate whether
QPM would be easily applicable in the characterization of lipid-based vesicles where the
lipid bilayers are more complex than in our case.

Future perspectives include addressing the size underestimation for sub-diffraction
particles and optimizing the trade-off between spatial and temporal resolution to follow the
behavior of moving nanoparticles in biological environments. This would not only allow
improvement in the pre-biological characterization of nanomedicine but also provide the
missing link between the technological characterization we reported here and the analysis
of cellular morphology after nanoparticles treatment, recently reported to be feasible
utilizing QPM [21,55,56]. Thus, QPM shows a great potential for all-in-one label-free
characterization of properties and behavior of drug delivery systems.

5. Conclusions
The versatility of liposomal formulations makes their characterization challenging at

times. Robust and easy-to-perform conventional techniques can fail to provide accurate
results in case of high polydispersity or out-of-range nanoparticles. The characterization
of nanomedicines’ behavior in a biological environment—often based on the fluorescent
marker incorporated within the nanocarrier—bears the risks of losing tracing specificity,
causing photobleaching, and imparting photo-toxicity to the sample. QPM is hereby
introduced as a complementary characterization technique with the potential of localizing,
tracking over time, and allowing further image processing to obtain size distributions
based on single-particle analyses.
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Figure A1. Non-dried immobilization setup for liposomes. In all cases, a silicon wafer was steri-
lized by heat and ethanol (1), and a PDMS frame was adjusted on top (2). The support was then 
used as such (a), after plasma treatment (b) or after coating with Poly-L-Lysine (c) (3). Few micro-
liters of liposomal suspension were applied on top (4), and the system was allowed to equilibrate 
on the microscope stage. All setups were observed with and without coverslip sealing (5), but the 
presence of a coverslip in all cases allowed the suspension not to dry out. 
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Abstract 

While the field of nanomedicine has proven to be very promising for drug delivery, a high 

degree of failures in clinical trials has been linked to a lack of optimized methods for the 

characterization and efficient in vitro predictions in preclinical evaluations. By combining the 

strengths from fluorescence and electron microscopy, correlative approaches have untapped 

potential to provide relevant information on the localization of fluorescently labeled 

nanocarriers, while assessing the overall ultrastructural morphology of the specimen. The 

confocal and electron microscopy were expanded to gain complemented information. First, 

liposomes were localized in a secondary vehicle (here, nanofibers), allowing for the 

complementary assessment of their integrity in the dry scaffold. Second, to follow 

internalization and intracellular dispatch of liposomal formulations, uncoated and PEGylated 

liposomes were applied on murine cell lines of macrophages and glioblastoma, considering 

treatment endpoints of 4 and 24 hours. The same samples were imaged on different 

microscopes, locating the same areas, when possible, to achieve direct correlation in image 

overlay. Our results reveal important sample-specific insights on nanocarrier localization, 

intracellular trafficking, and accumulation, which would not be possible to obtain using either 

technique separately.  
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Introduction 

The field of nanomedicine has shown great potential for the stabilization and delivery of 

pharmaceutical active ingredients [1], culminating with the lipid-based mRNA vaccines, 

recently developed for COVID-19 [2]. Within the field, liposomes and lipid-based nanocarriers 

were the first nanosystems studied and can arguably be considered the most successful to 

date [3]. The formulation of liposomes in aqueous media is appropriate for intravenous 

administration, as their size and sphericity do not disrupt the blood flow [4]. For topical 

administration (e.g., skin or mucosal delivery), liposomes need to be incorporated into 

secondary vehicles, such as hydrogels and fiber scaffolds [5]. Despite their potential and wide 

applicability, methods for the characterization of nanocarriers and for the prediction of their 

behavior in vivo are yet to be fully optimized, with a consequent high degree of failure in late 

stages of nanomedicine development [6]. The small size of liposomes, their fast Brownian 

movement and transparency makes them difficult to reliably image and track. Furthermore, 

their integrity in secondary formulations is difficult to assess but still a critical feature, as it 

directly affects the release of the liposomal cargo [7-8].  

To follow the fate of nanomedicine treatments in vitro, fluorescence-based methods are often 

required. This implies the inclusion of a fluorophore in the nanocarriers; the fluorescent signal 

is then followed using batch-mode approaches (e.g., flow cytometry and high-content 

screening) and/or single-cell imaging (e.g., confocal imaging) [9]. A main advantage of these 

methods is their specificity to detect a signal of interest, while filtering out the unspecific light 

scattering. However, this feature is a double-edged sword, as by purposely excluding all the 

unspecific signal deriving from the environment, we may be removing relevant context 

information. For example, when studying nanomedicine treatments in cell cultures, 

information on cellular morphology can be a good indicator of the cellular response/stress to 

the treatment making electron microscopy (EM) the reference methodology to obtain such 

information [10]. Because of the high resolution achievable in EM, several techniques have 

been historically used and optimized for cell biology, starting from the now standard 

transmission electron microscopy (TEM) and scanning electron microscopy (SEM), which can 

image internal and superficial morphology, respectively [11].  
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The combination of the fluorescence-based and EM-based approaches provides synergetic 

insights regarding both the localization of nanocarriers and the overall morphology of the 

sample, being it a secondary formulation (e.g., liposomes-in-nanofibers) or a treated cell. This 

framework is referred to as correlative microscopy. To design effective experiments for 

correlative microscopy, there are three aspects to consider, namely a system of coordinates, 

an optimized protocol for sample preparation, and knowledge of technique-specific artifacts. 

To be able to image the same area of the sample with different microscopes, first the 

specimen should be prepared on a finder grid with visible coordinates [12]. Second, combining 

different techniques requires having to adapt the sample preparation for the selected 

methods. Although fluorescence imaging generally entails little sample preparation (often just 

the staining of structures of interest), EM requires either the complete dehydration (for SEM) 

or resin embedding (for TEM) of the samples for imaging in high vacuum. This rather laborious 

preparation of the specimen can induce distortion or shrinkage (especially in biological 

samples) and potentially compromise the integrity of the specimen [13]. For this reason, the 

identification of imaging artifacts deriving from the sample preparation becomes the third 

aspect to consider in a correlative microscopy experiment, as this will be fundamental 

knowledge to optimize both sample preparation and validate the final results. 

In this study, we combined the strengths of fluorescence and electron microscopy to assess 

the localization of fluorescently labeled liposomes, while obtaining relevant information on 

their environment. The fluorescent molecule of choice for labeling liposomes was a rhodamine 

head-labeled phospholipid (R). Correlative microscopy was then performed both on a 

secondary formulation and treated cells. In the first case, a liposomes-in-nanofibers 

formulation was imaged in confocal laser scanning microscopy (CLSM) and SEM, to assess the 

integrity of liposomes in the dry scaffold. For the treated cells, naked (RL) and PEGylated (PRL) 

liposomes were compared in terms of intracellular fate (i.e., trafficking, accumulation, and 

dispatch), on murine cell lines of glioblastoma and macrophages, at different treatment 

timepoints. CLSM was again the selected fluorescence-based method, which was used for 

direct correlation on volume EM datasets (specifically, focused ion beam FIB-SEM) where the 

same cell was imaged in both microscopes. Additionally, CLSM and TEM images from the same 

specimen were compared to provide indirect correlative information on the internalization of 

liposomes and overall cell stress, respectively.  
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Materials and Methods 

Materials 

Soy phosphatidylcholine (SPC) was a generous gift for research purposes from Lipoid GmbH 

(Ludwigshafen, Germany). Polyethylene oxide (PEO, 900000 g/mol) was purchased from Dow 

Chemical Company (Midland, MI, USA). 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-

N-(lissamine rhodamine B sulfonyl) (ammonium salt) (R-DPPE) and 1,2-distearoyl-sn-glycero-

3-phosphoethanolamine-N-[amino(polyethylene glycol)-2000] (ammonium salt) (PEG2000-

DSPE) were procured from Avanti Polar Lipids (Alabaster, USA). Sodium cacodylate trihydrate, 

methanol, Dulbecco’s phosphate buffer (DPBS), RPMI-1640 medium, Dulbecco's Modified 

Eagle Medium (DMEM), 0.25% trypsin-EDTA, NucBlueTM (Hoechst 33342), wheat germ 

agglutinin (CF®640R WGA), paraformaldehyde (PFA), glutaraldehyde (GA), tannic acid, 

osmium tetroxide, and uranyl acetate were obtained from Sigma-Aldrich (Steinheim, 

Germany).  

Preparation of Liposomes 

Fluorescently labeled liposomes were prepared, with and without PEG coating, according to 

the film hydration method [14-15]. SPC was used as main unit of the bilayer, a rhodamine-

labeled phospholipid (R) was chosen for tracking purpose, while a PEGylated phospholipid 

(PEG2000, P) was utilized to obtain the PEG coating. Since all ingredients were lipid-based, all 

molecules of choice were dissolved in methanol, prior to solvent evaporation in a Büchi 

Rotavapor R124 (Büchi Labortechnik, Flawil, Switzerland). The thin film of lipids was then 

resuspended in DPBS to the final concentrations shown in Table 1. 

Table 1. Formulation composition of R-labeled liposomes. 

Formulation 
SPC conc. 
[mg/ml] 

R-DPPE conc. 
[mg/ml] 

PEG2000-DSPE conc. 
[mg/ml] 

RL 20 0.02 - 

PRL 19 0.02 3.5* 

 *Corresponding to a 5 mol% of the total lipid concentration, as previously 
reported in literature [14]. Abbreviations: conc.: concentrations, DPPE: dipalmitoyl 
phosphatidylethanolamine, DSPE: distearoyl phosphatidylethanolamine, PRL: 
PEGylated liposomes, RL: naked liposomes, SPC: soy phosphatidylcholine. 
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After overnight stabilization, the suspensions were extruded through polycarbonate 

membranes with sequential reduction of the pore size (800, 400, 200, and 100 nm) and stored 

at refrigerator temperature of 4 °C. Dynamic light scattering measurements to estimate the 

size and ζ-potential distributions of the vesicles in suspension were performed utilizing a 

Zetasizer Nano – ZS (Malvern, Oxford, UK).  

Preparation of Liposomes-in-Nanofibers 

For the preparation of electrospinning solutions, RL were blended with distilled water (lipid 

concentration 4 mg/ml) before polyethylene oxide (PEO, 4.6% w/w) was added and dispersed 

under constant stirring overnight. The solutions were electrospun using the needle-free wire 

electrospinning machine NanospiderTM NS Lab (Elmarco, Liberec, Czech Republic) at a collector 

distance of 24 cm and a spinning voltage of 80 kV. The solutions were manually applied in a 

thin film on the stationary electrode and spun for 10 seconds on 35 mm glass bottom dishes 

(MatTek Corporation, Ashland, USA), which were fastened to the substrate. The temperature 

and humidity were monitored to be within 21 ± 1 °C and 26 ± 2% relative humidity [16].  

Cell Culture 

Murine macrophages RAW264.7 – ATCC® TIB-71TM (ATCC, Manassas, USA) were cultured in 

supplemented RPMI-1640 (10%v/v of fetal bovine serum and a combination of antibiotics). 

For passaging and plating, cells were gently scraped, counted, and diluted in pre-warmed 

supplemented medium [15]. The murine glioblastoma cell line GL261 (ACC-802, DSMZ) was 

cultured in DMEM medium (supplemented with 10%v/v of fetal bovine serum). The splitting 

was performed with 2 min trypsin treatment, followed by inactivation with supplemented 

DMEM [16]. For both cell lines, plating for imaging was performed on gridded MatTek dishes 

(105 cells per dish) and overnight stabilization was allowed prior to applying treatments (100 

µg/mL of lipid concentration). 

Sample Preparation and Confocal Imaging 

At the respective endpoint after treatment, cells were fixed with 1.5% paraformaldehyde 

(PFA) and 0.5% glutaraldehyde (GA) for 30 min and washed three times with DPBS. NucBlue™ 

(Hoechst 33342) was applied for nuclear staining and WGA640 was used for membrane 

staining (both at the concentration of 2 µg/mL). After 30 min of staining, cells were washed 

three times with DPBS and mounted on the microscope stage for imaging [18]. 



 

6 

 

Fluorescence imaging was performed on a confocal laser scanning microscope Zeiss LSM800 

(Carl Zeiss AG, Oberkochen, Germany). The selected objective was a Plan-Apochromat 63x/1.4 

M27 for oil immersion. The transmitted light (TL) channel was activated on the ESID detector 

to visualize the grid and mark the position of interest. Airyscan detection was used for the 

fluorescence channel of interest (to obtain pseudo-super resolution [19]). The 405 laser was 

activated for the excitation of the nuclear staining (𝜆𝑒𝑚 = 460 nm), the 561 laser was used for 

the excitation of the rhodamine label on liposomes staining (𝜆𝑒𝑚 = 583 nm), and the 640 laser 

was selected to excite the membrane staining (𝜆𝑒𝑚 = 662 nm). Laser intensities, pinhole sizes, 

gains, speed scans and pixel sizes were kept constant throughout the experiments. 

EM Sample Preparation and Image Acquisition 

The cell samples seeded on MatTek dishes were incubated in 4% osmium tetroxide in 0.1 M 

cacodylate buffer for 45 minutes and washed afterwards twice with 0.1 M cacodylate buffer. 

Samples were next postfixed with 1% tannic acid on ice, washed with cacodylate buffer twice 

and stained with 0.5% uranyl acetate in H2O for 1h at room temperature and subsequently 

washed with H2O twice. Sample dehydration was performed by an increasing ethanol series 

of 25, 50, 75, 95 and twice 100% for 15 mins each. Epon embedding (SERVA Electrophoresis, 

Germany) was performed using a microwave processor (PELCO BioWave Pro, Sweden) with 

increasing epon concentration in ethanol using 25, 50, 75 and 2x 100% epon for each 2 min 

with 100 watts and the vacuum pump on at 23 °C. A glass coverslip was placed on the sample, 

pressed down, and polymerized at 60 °C overnight. The samples were sawed after 

polymerization and the desired region of interest observed [20]. 

For TEM imaging, 70 nm ultrathin sections were acquired using the ultramicrotome EM UC 7 

(Leica, Solms, Germany), and imaged using a JEOL JEM 2100Plus transmission electron 

microscope (JEOL Ltd, Tokyo, Japan), operating at 120 kV. Image stitching was performed on 

the software IMOD 4.11.  

For FIB-SEM imaging, after cutting out confocal imaged regions of interest and fixing them on 

SEM stubs using silver conductive epoxy resin (Ted Pella), the stubs were polymerized at 60 °C 

and gold sputtered using a Quorum Q150R S coater. FIB-SEM acquisition was performed using 

a Crossbeam 550 (Carl Zeiss AG, Oberkochen, Germany) with an isometric voxel size of 10 nm. 
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Image Correlation 

For direct correlations, the same area of the sample was localized using the coordinate system 

of the gridded MatTek dishes as reference. The fluorescence image was manually overlayed 

to the EM image, while applying a 50% transparency. Only linear modifications were used on 

the images, namely rotations and size reductions with locked aspect ratio. Hence, no 

distortions were applied on any of the images. 

Results 

Characterization of liposomes in a secondary vehicle 

The liposomal formulations prepared with the combination of the film-hydration and hand-

extrusion methods were found to be well homogenous, with polydispersity index PDI << 0.25, 

as displayed in Table 2. The presence of a head-labeled phospholipid in the formulation (R) 

was detected as an increased negative charge of the vesicle surface, when compared to the 

neutral ζ-potential expected for plain SPC liposomes [15]. Furthermore, the presence of a 

PEGylation layer (PRL) showed, as expected, an increase in both average size and surface 

charge of the liposomes in suspension [14]. 

Table 2. Properties of liposomes determined through conventional 
characterization, based on dynamic light scattering.  

Formulation 
Size 

[nm] 
PDI 

ζ-potential 

[mV] 

RL 152 ± 22 0.08 -26 ± 6 

PRL 172 ± 27 0.09 -54 ± 9 

 

Abbreviation: PDI: polydispersity index. 

Figure 1 exemplifies a liposomes-in-nanofibers formulation, where RL was incorporated into 

a PEO scaffold. The fluorescence signal, corresponding to the labeling of liposomes, was found 

to be non-uniformly distributed throughout the fibers. However, the integrity of liposomes 

was determined to be partial, as shown by the intensity map in the figure (fire look up table, 

available in ImageJ). A clear intensity decrease gradient was visible in the proximity of high-

intensity regions, especially in the thin fiber mesh (Figure 1A). Additionally, bigger fibers 

(approx. 5 µm) were found throughout the imaged area, displaying a higher degree of 
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liposomal integrity, possibly concentrated towards the surface of the fiber where the 

unevenness visible in SEM was directly correlated to higher fluorescence intensity (Figure 1B). 

Overall, this direct correlation successfully localized the specific fluorescence signal from the 

liposomal labeling, while confirming the integrity of the nanofibers mesh in SEM, which is the 

standard characterization technique for this nanoformulation [21]. Furthermore, it was 

possible to perform this direct correlation very efficiently, with a simple overlay in 

transparency, without applying non-linear deformations.  

 

Figure 1. Direct correlation CLSM-SEM for a liposomes-in-nanofibers formulation, on two 
regions of interest of the same sample, specifically the mesh of thin fibers (A) and thick 
fiber (B). In both cases, the first image is the fluorescence image displayed through the 
fire lookup table available in ImageJ, the second is the corresponding SEM image, while 
the third is the overlay with 50% transparency, performed without any non-linear 
distortions. 

Fate of Liposomes in Cell Culture 

Fluorescence Imaging 

The fluorescence dataset is illustrated in Figure 2, comparing untreated cells with both RL and 

PRL treatments (100 µg/mL lipid concentration), at both incubation timepoints of 4 and 24 h. 

For macrophages treated with uncoated liposomes, a high degree of internalization was found 

already after 4 h, with an overall apparent decrease in fluorescence by 24 h. The bigger vesicles 

with diffuse signal at the 24 h timepoint, recognized throughout the sample, are evidence of 

ongoing degradation processes [22]. In comparison, the PEGylated liposomes were 

internalized to a lower (although still relevant) degree, confirming a certain level of shielding 

effect known for this coating [23]. Interestingly, the glioblastoma cells revealed an opposite 

trend, with a higher internalization of PRL when compared to RL. Moreover, signs of 
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degradation after 24 h of PRL treatment showed faint and wide areas of background 

fluorescence (never visible on the control), possibly indicating full lysosomal degradation and 

dispatch of the liposomes to the endoplasmic reticulum [22]. On the contrary, the RL 

treatment was associated with low internalization and no obvious signs of degradation. 

Additionally, after 24 h of RL treatment, there appeared to be membrane-enclosed liposomal 

signal in areas surrounding the cells, suggesting exocytosis as a possible dispatch pathway 

[24]. The full dataset is appended in the Supplementary Material (Figures S1 and S2).  

 
Figure 2. Image projections of confocal stacks for the direct comparison of internalization. 
The magenta color refers to the WGA640 staining of the cell membrane. The yellow signal 
refers to the R fluorophore used to label the liposomal formulations. The cyan displays 
the nuclear staining NucBlueTM (Hoechst 33342). For each full fields of view (Top rows, 
scalebar 20 µm) a zoom-in is shown as magnified image (Bottom row, scalebar 5 µm)  
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EM Imaging and Correlation 

Two different EM techniques were used for the imaging of glioblastoma cells and 

macrophages. The former, being stretched and thin (approx. 10-15 µm), were eligible for FIB-

SEM imaging, which is an advanced volume EM method that can provide a detailed scan of 

whole cells with high resolution, without the need for physically sectioning the specimen [11]. 

Although FIB-SEM is applicable also for macrophages, this type of acquisition would require 

several days of continuous imaging for each individual cell, as macrophages are intrinsically 

much thicker (approx. 30-40 µm). Consequently, the macrophage specimens analyzed in 

fluorescence imaging were resin-embedded, sectioned, and imaged in conventional TEM. This 

allowed the imaging of a higher number of cells, for indirect correlation with CLSM, providing 

additional information on the organelles’ morphology and distribution [25]. 

The xz-correlation performed on the glioblastoma sample is shown in Figure 3, comparing 

untreated and 24 h PRL-treated cells. Using the nucleus as a reference, shrinkage and 

deformation were noted when linearly overlaying the fluorescent and the EM images, taken 

before and after dehydration, respectively. In the treated cell, this xz-section correlation 

allowed locating the fluorescent signal of the liposomes in a macrovesicle (likely of lysosomal 

nature). This correlation is displayed in the zoom-ins of Figure 3B, where the low z-resolution 

achievable in confocal imaging is also visible, as the liposomes signal (yellow) spreads more 

widely than the macrovesicle shown in EM. However, on volumetric scale, relevant 

fluorescence intensity was also found in correspondence to no visible feature in EM imaging, 

possibly due to both sample preparation and image acquisition angle. 

 
Figure 3. Cont. 
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Figure 3. Correlative microscopy of glioblastoma cells. (A) Control untreated cells. (B) 24 
h PRL treatment. In both cases, the top row corresponds to the confocal image, the middle 
to the FIB-SEM acquisition, and the last shows the linear overlay. In (A) both z-slice and 
lateral projection are shown, while in (B) the focus is put on the z-slice (left) and a blow-
up region of interest (right). The magenta color corresponds to the membrane staining 
WGA640, the cyan to the nuclear staining NucBlueTM, and the yellow is the rhodamine 
signal from the liposomal labeling. 

Figure 4 shows the complementary EM data for the macrophages after 24 h of treatments. 

Despite the small scale of the experiment, several indications can be gained from the images.  

Overall cell stress can be inferred, especially in the case of RL, when compared to the controls, 

evidenced by the presence of macrovesicular bodies and the mitochondrial morphology. In 

fact, the negativity of the surface potential of these formulations, and the absence of stealth 

coating, causes mass internalization in phagocytic cells such as macrophages, as seen in the 

confocal data and in literature [27], with a possible cytotoxic effect at later endpoints [25]. 

The irregular-shaped bodies (orange arrows in Figure 4) are a likely consequence of the fusion 

of different vesicles, while the darker color is typically associated with the presence of lipids 

(efficiently stained in the contrasting step with osmium treatment). Hence, this could refer to 

liposomal degradation already hinted by the correspondent fluorescence imaging and found 

in literature [22]. Round-shaped bodies (blue arrows) with dark filling may indicate a different 

stage of intracellular liposomal trafficking, with highly organized lipid packaging for storage, 

within vesicular bodies such as lipolysosome [28]. Moreover, when comparing the 

mitochondrial morphology of the control and treated cells, the latter reveal a higher degree 
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of membrane disruption which is often an indication of cell stress [29]. Interestingly, 

nanovesicles with similar sizes of the liposomal treatments could be found within the 

mitochondria (pink arrow). However, to confirm these postulations, experiments of direct 

correlation, such as on-section correlative CLSM-TEM (known as CLEM), would be needed. 

 
Figure 4. TEM imaging of a representative macrophage for the untreated control 
(top) and the 24 h treatments with RL (middle) and PRL (bottom). On the left 
(scalebar 5 µm), whole-cell imaging was performed with the stitching technique. 
On the right (scalebar 1 µm), the corresponding regions of interest are magnified 
to better recognize some structures of interest. 
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Discussion  

The power of correlative microscopy lies in the combination of the strengths of different 

microscopy techniques, while compensating for some of their weaknesses. This approach has 

been used in cell biology to describe events on submicron scales [13]. However, in the field of 

nanomedicine, it has received very little attention despite its potential to help both the 

characterization of nanocarriers and tracking of their biological fate. Wider use of correlative 

microscopy may help overcome the translational issue that nanomedicine faces, regarding 

poor in vitro predictability of nanocarrier behavior in biological environment [6]. In this work, 

we showcase correlative microscopy for different nanomedicine applications, localizing 

fluorescently labeled liposomes both in a secondary vehicle (nanofibers) and within 

intracellular compartments after in vitro treatment of two representative cell types. 

Fluorescently labeled liposomes were prepared utilizing a rhodamine head-labeled 

phospholipid as a lipid ingredient of the initial formulation. Naked (PEG-free) liposomes were 

compared with PEGylated ones, achieving the PEG coating through the use of PEG2000, 

covalently bond to a phospholipid. The smallest vesicle sizes achievable with the hand-

extrusion method were between 100 and 200 nm. This size range is particularly relevant as 

the fate of particles of this size can follow several pathways, often rather difficult to accurately 

predict [4,23]. As a head-labeled lipid, the fluorescent moiety is expected to be exposed on 

the surface and interact with the ions in the medium. The ζ-potential, measured to estimate 

the surface charge, exhibited a clear negative charge (-26 ± 6 mV), which is expected 

considering that the charges and dipoles found throughout the fluorescent moiety are only 

partially balanced by the lipid head [30]. Furthermore, the addition of a 5 mol% PEGylation in 

the formulation was linked to an additional increase in negativity of the ζ-potential (-54 ± 9 

mV), consequence of the coating itself, as often reported in literature [14]. This overall 

negative charge of the vesicles was considered useful to model the effect of negative surface 

charge on strongly phagocytic and non-phagocytic cells, since different degrees of 

internalization and cytotoxicity are expected [27]. 

The challenging characterization of nanocarriers has long been tackled by resorting to electron 

microscopy [10]. However, when the formulations are designed with a fluorophore for 

tracking purposes, the fluorescence can also be used for characterization of the nanocarrier 
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itself [31-33]. Recently, super resolution fluorescent microscopy and TEM were successfully 

applied as a correlative approach to describe ligand heterogeneity on targeting PLGA 

nanoparticles [34]. In our study, we extended correlative microscopy for therapeutically highly 

relevant nanoformulations, liposomes. In this context, we performed correlative CLSM-SEM 

to obtain information on liposomal integrity once the liposomal suspension is incorporated in 

a dry nanofiber scaffold (liposomes-in-nanofibers), which is a final formulation that can be 

directly applied for topical administration [5]. Not only did this characterization combine the 

gold standard characterization for nanofibers SEM [21] with the specific-signal localization 

from CLSM, but it was also extremely efficient and easy to perform. In fact, no additional 

sample processing was required for CLSM, the acquisition time was very short and the 

correlation itself could be easily obtained by linear overlay. As CLSM is a widespread technique 

in most laboratories, we believe this approach could be particularly beneficial for these types 

of formulations, when seeking to optimize production steps, e.g., polymer choice, 

concentrations, and environmental conditions. 

To investigate the fate of nanocarriers, fluorescence-based techniques are the conventional 

approaches. However, blindly relying on these methods can be troublesome, as the 

fluorophore stability has been shown to depend on its environment [15], and possible leakage 

of the fluorescent molecule from the nanocarrier may occur [35-37]. Therefore, the use of 

electron microscopy can complement the findings derived from fluorescence-based 

experiments, while providing an overview of cellular morphology and stress conditions, 

important for efficient in vitro-in vivo predictions of nanocarrier behavior [25]. The potential 

of correlative microscopy to track the fate of nanocarriers, while providing deeper insight on 

the potential toxicity and nanocarrier-cell interactions, has remained vastly unexplored [38]. 

For this reason, we performed a direct and indirect correlative study on liposomal treatment 

of glioblastoma and macrophages, respectively. The study provided insights into both 

different nanocarrier internalization pathways as well indication on cell response 

mechanisms. Phagocytic cells exhibited higher internalization than the non-phagocytic cells, 

suggesting that phagocytosis and micropinocytosis may be the preferred internalization 

mechanisms for these liposomal formulations [39]. The PEG coating provided some degree of 

shielding from macrophage internalization, which was still quite relevant, possibly due to the 

high concentration used and the high negativity of the surface [27]. Interestingly, PEGylated 
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liposomes showed a higher degree of internalization within glioblastoma cells than the 

corresponding naked liposomes. This finding needs to be further evaluated utilizing different 

concentrations of PEG and can be considered preliminary. However, at time when the need 

for PEGylation of nanocarriers is the topic of extensive debates [40], it is important to gain 

understanding of benefits and limitations of introducing PEG moiety already in preclinical 

optimization stage. Finally, evidence of degradation could be inferred from images obtained 

for the 24 h treatments. It is worth noting that for the naked liposomes possible exocytosis in 

glioblastoma was found. 

The application of correlative offers an opportunity to cross-validate the qualitative analysis 

of the images obtained by both imaging techniques. Nonetheless, an important challenge to 

address to attain reliable results is the fine optimization of the sample preparation [41]. When 

EM techniques are involved, a lengthy process of fixation, dehydration, and contrasting is 

required for optimal imaging, possibly leading to a certain degree of shrinkage and distortion, 

especially in biological samples [13]. In this work, we chose to perform fluorescence imaging 

prior to the harsh sample preparation for EM, as this processing could potentially affect the 

intracellular localization of liposomes. Hence, the quality of the correlation in linear overlay 

showed a suboptimal matching of the structures of interest (e.g., after centering the nucleus 

on both images, the membrane staining could not be perfectly juxtaposed without introducing 

manual image distortions), preventing a perfectly matched full-cell volume rendering of the 

correlation. To tackle this issue, the use of reference fluorescence nanocrystals could help 

obtaining the same pattern of dots in both imaging techniques, for the specific registration of 

the correlation [42] (e.g., in image processing programs which can account for non-linear 

distortions). Alternatively, a higher quality of correlation could be achieved with methods of 

on-section correlative CLSM-TEM, where the confocal imaging is performed after the EM 

sample preparation. In that case, a full assessment on how the fluorescent signal and 

localization of liposomes are affected by the sample preparation would be required to confirm 

the findings. 

Conclusions 

Our results highlight the potential of correlative microscopy as a tool to improve in vitro 

characterization and testing of nanomedicine formulations. In the case of liposomes-in-
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nanofibers, combining CLSM with the standard SEM proved to be highly synergetic, efficient 

and easy-to-perform, providing direct knowledge of the primary carrier integrity in the 

secondary vehicle. For the cells treated with liposomal formulations, sample-specific 

information on nanocarrier localization, intracellular trafficking, and accumulation, was only 

possible to obtain through the combination of EM and fluorescence techniques. 
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Supplementary Material 

 

Figure S1. Confocal dataset on Glioblastoma cells. Cell membranes are shown in magenta, 
the nuclei in cyan, and the rhodamine signal from the liposomal labeling in yellow. 
Scalebar 20 µm. 
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Figure S2. Confocal dataset on Macrophages. Cell membranes are shown in magenta, the 
nuclei in cyan, and the rhodamine signal from the liposomal labeling in yellow. Scalebar 
20 µm. 
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Oh well. 
 

E xe robe… 
Che cossa vutto. 
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